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A Three-Stage Symbiosis Forms the
Foundation of Seagrass Ecosystems
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Seagrasses evolved from terrestrial plants into marine foundation species around 100 million years
ago. Their ecological success, however, remains a mystery because natural organic matter
accumulation within the beds should result in toxic sediment sulfide levels. Using a meta-analysis,
a field study, and a laboratory experiment, we reveal how an ancient three-stage symbiosis
between seagrass, lucinid bivalves, and their sulfide-oxidizing gill bacteria reduces sulfide stress for
seagrasses. We found that the bivalve—sulfide-oxidizer symbiosis reduced sulfide levels and
enhanced seagrass production as measured in biomass. In turn, the bivalves and their
endosymbionts profit from organic matter accumulation and radial oxygen release from the
seagrass roots. These findings elucidate the long-term success of seagrasses in warm waters and
offer new prospects for seagrass ecosystem conservation.

and thus economic components of coastal

zones worldwide (1, 2). In many areas, coral
reefs and seagrass meadows are tightly linked
habitats that form the basis for marine biodiversity
(3). Seagrasses serve as a keystone habitat for mi-
grating coral reef species as well as thousands of
other animals, including waterbirds, fish, dugongs,
manatees, and turtles; are important carbon and
nutrient sinks; and are important to fisheries and
coastline protection (/—3). Dense seagrass meadows
attenuate currents and waves and trap pelagic and
benthic organic matter in the sediment (2, 4, 5).
Owing to a lack of oxygen in many coastal marine
sediments, an important fraction of organic matter
is decomposed by bacteria that use the abundant
sulfate in seawater as an electron acceptor instead
of oxygen and produce toxic sulfide as a meta-
bolic end product (6). Although seagrasses trans-
port oxygen into their roots and the surrounding

S cagrass meadows are important ecological

Fig. 1. Presence (green;
dark points are quanti-
tative, light points are
qualitative) and absence
(red) of lucinids in sea-
grass ecosystems based
on our meta-analysis. The
bivalves were present in
97% (93% of the quan-
titative sites) of all trop-
ical seagrass beds, 90%

rhizosphere (radial oxygen release) (2, 7), sulfide
production outpaces oxygen release under warmer
conditions, resulting in sulfide accumulation and
seagrass mortality (2, 7, 8). Seagrass beds tend to
accumulate organic matter, and so it is expected
that seagrass beds would build up toxic sulfides
and hence have a limited productivity and diver-
sity (2). But this is not the observed case, and the
underlying reason for the long-term persistence of
seagrass ecosystems is an enigma (fig. S1A).

We tested the hypothesis that a three-stage
symbiosis between seagrasses, associated burrowing
lucinid bivalves, and their symbiotic gill bacteria
contribute to reducing the cyclic build-up of
sulfide (fig. S1, B to D). Paleo records suggest
that the Lucinidae and their endosymbiotic re-
lation date back to the Silurian (9—17), but that
they increasingly diversified since the evolution-
ary emergence of seagrasses in the late Creta-
ceous (2, 12, 13). Seagrass communities later

became widespread in the Eocene, and lucinid
remains frequently occur in association with their
deposits since (13, 14). Lucinids and their gill-
inhabiting bacteria have a symbiosis in which the
bivalves transport sulfide and oxygen to their
gills (fig. S1D), where the bacteria oxidize sulfide
for synthesizing sugars that fuel growth of both
organisms (/5-19). We hypothesized that sea-
grass meadows may provide an optimal hab-
itat for these bivalves and their symbionts by
indirectly stimulating sulfide production through
high organic matter input and by providing oxy-
gen through radial oxygen release from the roots.
In turn, lucinids remove sulfide, which could
relieve any stress caused to seagrass growth by
sulfide accumulation as organic matter is de-
graded (fig. S1, A and B).

Indirect support for our hypothesis was pro-
vided by a worldwide meta-analysis of 84 studies
describing the fauna of seagrass beds in 83 sites
covering the entire climatic distribution of sea-
grasses, combined with a 110-point field survey
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(83% of the quantitative
sites) of the subtropical
beds, and 56% (50% of
the quantitative sites) of
the temperate seagrass
meadows. The seagrass-
lucinid association spans
six out of seven conti-
nents, at least 18 genera
of lucinids, and 11 out
of 12 seagrass genera
(and Ruppia spp.). Only

meadows of Phyllospadix spp., a seagrass genus that grows on bare rock, did not contain Lucinidae. The analyzed ecosystems generally contained high (~100
individuals per square meter) to extremely high densities (>1000 individuals per square meter) of lucinids (table S1).
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that we conducted at Banc d’Arguin, Mauritania
(20). The meta-analysis reveals a relationship that
covers 11 out of 12 seagrass genera (and Ruppia
spp.) and at least 18 genera of Lucinidae (Fig. 1 and
table S1). Only meadows of Phyllospadix spp., a
seagrass genus that grows on bare rock, do not
associate with Lucinidae. The association spans
six out of seven continents, with bivalve densities
ranging from 10 to over 1000 individuals per
square meter. The bivalves were present in 97%
of the tropical seagrass sites, 90% of the sub-
tropical meadows, and 56% of the temperate
seagrass beds surveyed, indicating that the asso-
ciation may be dependent on temperature-related
sulfide production (8). Furthermore, results from
our field study showed a positive correlation be-
tween seagrasses and lucinids that explained 42%
of their respective variation [Pearson’s correla-
tion coefficient () = 0.65] (fig. S2).

To experimentally test our hypothesis (fig.
S1B), we investigated the effects of sulfide oxi-
dation by the lucinid bivalve Loripes lacteus on
the production of the seagrass species Zostera
noltii and the potential reciprocal benefits for
Loripes in a full factorial experiment under con-
trolled conditions (20). We set up Zostera, Loripes,
Zostera-Loripes, and bare sediment treatments in
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Fig. 2. (A) Pore water sulfide concentrations and
(B) oxygen detection depth after 5 weeks; error bars
represent SEM (n = 5 replicates). Oxygen detection
depth decreased as sulfide was added [analysis of
variance (ANOVA) Fyi3, = 8.9, P < 0.006]. The
presence of Loripes reduced sulfide levels (repeated
measures ANOVA: F, 3, = 268.8, P < 0.001) and
increased oxygen detection depth (F; 3, =125.0, P <
0.001). Reduction of the sulfide concentration by
Zostera alone was less, but still significant (F; 3, = 6.8,
P =0.014). That interactions occurred between Zostera
and Loripes was apparent in the oxygen measurements
(Fy,32 = 48.3, P < 0.001) but was also significant in the
sulfide data (F; 3, = 7.8, P = 0.009). The interaction
between Loripes and sulfide was significant for the
sulfide measurements (F; 5, = 102.7, P < 0.001) but
not for the oxygen data (F; 3, = 0.3, P = 0.578).
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the top sections of 40 two-compartment columns
(fig. S3), which were placed in a large seawater
basin. The lower compartment of each column
contained anaerobic seawater and an injection tube
through which sulfide was added twice a week in
half of the columns. The injected sulfide was al-
lowed to diffuse into the top section through a
porous membrane.

The presence of Loripes, and to a lesser extent
of Zostera, decreased sediment sulfide levels.
After 5 weeks, pore water sulfide concentrations
in the top sections of the sediment controls reached
about 400 uM, whereas the semiweekly addition of
sulfide caused levels to increase to nearly 2700 pM
(Fig. 2A). The presence of Zostera decreased
sulfide levels to ~200 uM in the controls and
2200 uM in the sulfide addition treatments. In
contrast, sulfide levels remained low when Loripes
was present (~15 uM), even in the sulfide addi-
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Fig. 3. (A) Zostera shoot and (B) root dry weight
biomass per column and (C) Loripes condition expressed
as the dry weight flesh/shell ratio after 5 weeks; error
bars represent SEM (n = 5 replicates). Zostera biomass
was reduced by means of sulfide addition (ANOVA:
shoots Fy 14 = 72.6, P < 0.001; roots F; 1 = 12.0, P=
0.003), whereas the presence of Loripes had a positive
effect on both shoot (F1 ;6 = 61.3, P < 0.001) and
root biomass (F; 16 = 50.2, P < 0.001). We found no
significant effects on rhizome biomass. Loripes
condition was positively affected by both sulfide
addition (ANOVA: Fy,4 = 37.3, P < 0.001) and
Zostera presence (F114 = 9.0, P = 0.008). We also
found a significant positive combined effect of the
presence of Zostera and sulfide on Loripes condition
(F1,16 = 54, P= 0034)
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tion treatments. As expected, the oxygen detec-
tion depth was reduced when sulfide was added
but increased when only Loripes, but not Zostera,
was present because of sulfide-oxidation and in-
take of surface water (Fig. 2B). Zostera alone did
not significantly affect sediment oxygen condi-
tions. The joint presence of Zostera and Loripes
enhanced oxygen detection depth beyond that of
their separate effects.

Our experiment showed that Zostera produc-
tion is facilitated by Loripes, both in the control
and in the sulfide-addition treatments. In the treat-
ments without Loripes, sulfide addition reduced
Zostera shoot biomass to 50% of the controls
(Fig. 3A). Reduced shoot biomass was accom-
panied by decreased root biomass (Fig. 3B) and
impaired phosphate uptake (20). In contrast, the
addition of Loripes increased Zostera shoot bio-
mass 1.9-fold and root weight 1.5-fold, as seen in
the sulfide-addition treatments. In the treatments
without additional sulfide, the presence of Loripes
increased both shoot and root weight by 1.4-fold
and 1.3-fold, respectively.

Loripes condition, expressed as the flesh/shell
dry weight ratio, was positively affected by sul-
fide addition (Fig. 3C). Furthermore, the addition
of Zostera did not affect Loripes in the units to
which no sulfide was added but improved the
bivalve’s condition in the sulfide treatments. As
hypothesized, the positive effect of Zostera on
Loripes seems to result from radial oxygen re-
lease from the seagrass roots (fig. S1B). Although
sulfide was almost completely removed in all
Loripes treatments (Fig. 2A), the bivalve was less
able to profit from the addition of sulfide in the
absence of Zostera (Fig. 3C). This indicates that
at least in the Loripes units without seagrass, sul-
fide was not completely oxidized by the symbi-
otic bacteria because of oxygen limitation.

Overall, our results confirm our hypothesis
that a three-stage symbiosis between seagrass,
lucinids, and sulfide-oxidizing bacteria reduces
sulfide stress in seagrass meadows. Even though
radial oxygen release by Zostera noltii and of
seagrasses in general is limited (217, 22), Loripes
in our experiment clearly benefitted from the in-
creased oxygen input in the sediment. In the field,
the positive effects of seagrasses on lucinids are
not confined to sediment oxygenation alone but
also by indirectly stimulating sulfide production
and releasing dissolved organic molecules (2, 18).
The positive effects of Loripes on Zostera in
our experiment could not be explained by dif-
ferences in nutrient availability (20). Plants were
not nutrient-limited, but both Zostera and Loripes
significantly lowered dissolved ammonium and
phosphorus in the sediment pore water, whereas
sulfide addition increased nutrient availability
(fig. S4). We found that in our experiment, the
negative effects of sulfide addition on Zostera
biomass could not fully be prevented by Loripes
addition (Fig. 3A), despite the removal of almost
all sulfide by Loripes after 3 days. As the ob-
served experimental effects could not be attri-
buted to differences in nutrient availability, this is
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most likely caused by the pulsed nature of our
sulfide supply. This may have led to short periods
of exposure of Zostera to toxic sulfide levels.

Coastal ecosystems, and seagrass meadows
in particular, are currently declining at an alarm-
ing and increasing rate worldwide, leading to loss
of biodiversity (/). Extensive restoration efforts
have had little success so far (<30%), despite
their extremely high costs (£$100,000 per hect-
are) (23). Similar to the function of mycorrhizae,
pollinators, or seed dispersers in terrestrial systems
(24-206), our findings indicate that restoration ef-
forts should not only focus on environmental
stressors such as eutrophication, sediment run-
off, or high salinity as a cause of decline but
should also consider internal ecological interac-
tions, such as the presence and vigor of symbiotic
or mutualistic relations. Breakdown of symbiotic
interactions can affect ecosystem functioning,
with bleaching events in coral reefs as a clear
example (27). Similar to the well-known symbi-
osis between corals and their unicellular algal
endosymbionts (28), we conclude that symbio-
ses, rather than one defining species, forms the
foundation of seagrass ecosystems.
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Fear of Predation Slows
Plant-Litter Decomposition

Dror Hawlena,* Michael S. Strickland,™> Mark A. Bradford,* Oswald ]J. Schmitz*

Aboveground consumers are believed to affect ecosystem functioning by regulating the quantity
and quality of plant litter entering the soil. We uncovered a pathway whereby terrestrial predators
regulate ecosystem processes via indirect control over soil community function. Grasshopper
herbivores stressed by spider predators have a higher body carbon-to-nitrogen ratio than do
grasshoppers raised without spiders. This change in elemental content does not slow grasshopper
decomposition but perturbs belowground community function, decelerating the subsequent
decomposition of plant litter. This legacy effect of predation on soil community function appears
to be regulated by the amount of herbivore protein entering the soil.

to soil regulate the rate at which microbial
communities perform ecosystem processes
such as decomposition, nitrogen (N) mineraliza-
tion, and carbon (C) sequestration (/, 2). Because
uneaten plant litter makes up the majority of de-
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tritus (3), it is assumed that these belowground
ecosystem processes are only marginally influ-
enced by biomass inputs from higher trophic lev-
els in aboveground food webs, such as herbivores
themselves (4). We provide evidence here, how-
ever, that predators may influence the decompo-
sition of plant litter via a legacy effect of predation
risk. Specifically, a physiological stress response
to the risk of predation changes the elemental con-
tent of herbivore biomass. In turn, the decomposi-
tion of these stressed herbivores alters the function
of belowground communities, leading to an over-
all decrease in the decomposition of plant litter.
Our work addresses whether food web struc-
ture (especially the existence of predators) influ-

ences ecosystem functioning via changes in the
nutritional contents of prey (5, 6). The prevailing
view is that food web structure does not influence
prey body C-to-N (C:N) contents, because to sur-
vive and reproduce, prey must maintian relative-
ly constant body C:N ratios (7). However, this
view assumes that predator effects on prey are
entirely consumptive (3). Instead the presence of
predators generates fear, leading to physiological
stress responses in prey, such as elevated metab-
olism and the synthesis of heat shock proteins ().
Together, these stress responses increase basal
energy demands (9-12) that, in nutrient-limited
systems, reduce the energy available for the com-
peting demands of production (that is, reproduc-
tion and growth) (/3). Thus, to meet heightened
maintenance-energy demands, stressed herbi-
vores divert energy from production, as well as
increase their consumption of energy-rich carbo-
hydrates (/2). Given that the amount of energy
used for production correlates positively with N
demand, and that herbivores have limited ability
to store excess nutrients, stressed herbivores should
also excrete more N (8, 74). N excretion is further
enhanced because chronically heightened stress
hormone levels increase the breakdown of body
proteins to produce glucose (/5). Ultimately, prey
stressed by predation risk should increase their
body C:N ratio (8), and this is observed in field
and laboratory experiments (12, 16).

In this study we asked whether predators
can regulate plant-litter decomposition through
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Materials and Methods.

Meta-analysis.
To test the seagrass-lucinid association, we performed an extensive, worldwide meta-

analysis that covered the entire climatic distribution of seagrasses. Criteria for including a
study were: (1) seagrasses were present at the site, and (2) when Lucinidae were present,
they were found inside the seagrass bed. In total, we analyzed 84 studies that sampled the
fauna of seagrass beds in a total of 83 areas (temperature range = 1 to 33 °C, mean = 22
°C). Overall, 36 sites were from tropical areas, 31 from subtropical and 16 from
temperate areas; quantitative data were available for 46 out of 83 sites. Apart from the
geographical location of each site, and the seagrass and lucinid families found, we also
report the annual seawater temperature range. These were obtained from freely available
satellite imagery of the long-term monthly means (1971 — 2000) of the sea surface
temperature (29).

Field study.
We conducted a field survey at Banc d’Arguin (Mauritania) to test the strength of the

relation between seagrass biomass and lucinid density. Banc d’Arguin consists of about
500 km® of intertidal flat dominated by mixed meadows of Zostera noltii, Halodule
wrightii and Cymodocea nodosa that are inhabited by the lucinid bivalve Loripes lacteus
(30). In total, we sampled 110 stations across seven intertidal flats. Loripes was sampled
up to a depth of 20 cm using a cylindrical 15-cm diameter PVC core sampler and
seagrass was sampled with a 7-cm diameter corer. Each sample was sieved over a 1-mm
mesh sieve. Next, Loripes was counted and seagrass biomass was determined after drying
for 24-h at 70 °C. Prior to linear regression analysis, Loripes counts and seagrass dry
weight from the cores were transformed with the Box-Cox procedure to achieve
normality and homoscedasticity (37).

Laboratory experiment.

Organisms and sediment for the experiment were collected in Arcachon Bay (southwest
France) and transported at 15 °C to the laboratory, where both species were separately
acclimatized for three weeks in 100-L polyethylene tanks. Zostera units contained 15 cm
of sediment and 20 cm of surface water; Loripes tanks contained 30 cm of sediment and 5
cm of surface water. We used artificial seawater (33-35 PSU Tropic Marin at 20 °C)
throughout the acclimatization period and during the experiment; pH was kept at 8.1 to
8.3 by CO, acration. Light period was 16 h day’'; intensity at the leaf surface was 300
umol m? s, similar to growing season conditions in the field (32). During this three-
week period, we did not observe any bivalve mortality, and seagrasses exhibited healthy
vegetative growth.

Experimental setup. The lower 6-cm tall sections of 40 two-compartment PVC
columns (diameter 8.4 cm) were filled with anaerobic seawater (Fig. S3). These 330-ml
sections contained an injection tube and were separated from their upper compartments
through a porous 0.1-mm membrane. Sediment was passed through a 1-mm sieve and
transferred to the upper 12-cm tall sections (surface area: 0.0055 m?). Depending on the
treatment, each unit then received either 1) Loripes, 2) Zostera, 3) both Zostera and
Loripes, or 4) no further treatment. Nine Loripes specimens were added to each Loripes




treatment (~1600 ind. m™; mean shell length ~9 mm) and 5 seagrass ramets with 2 or 3
shoots (12 shoots in total) were planted in each unit containing Zostera (~2200 sh. m?;
~0.12 g shoot, ~0.06 g rhizome and ~0.03 g DW root biomass per column). Each ramet
contained one apical shoot to allow vegetative growth. Pilot experiments showed that this
approach ensured consistent colonization of the units within the two-week adjustment
period, with no detectable mortality of the plants. Densities of both species were well
within reported ranges of densities in the field (up to 23000 sh. m™ for Zostera and 3700
ind. m™ for Loripes) (33-35).

A full factorial experiment was designed with eight treatments and five replicates
per treatment. The columns were randomly placed in a 40-cm high 250-L polyethylene
basin where water flow and oxygen saturation (measured with a 556 Multi Parameter
Sampler, Yellow Springs Instruments) were maintained by two aquarium water pumps,
and pH was kept constant (8.1-8.3) by CO, aeration. After setup, the units were allowed
to adjust for two weeks. During this period, sulfide levels in the treatments containing
Loripes stabilized at ~7 uM, while sulfide in treatments without Loripes increased to
~233 uM. Following the adjustment period, the experiment was performed for five
weeks. Sulfide levels in the lower compartments of the sulfide addition treatments were
increased twice a week by 3.3-ml injections of 100 mM Na,S solution with pH adjusted
to sediment conditions (pH 7.5) with HCI, while control treatments were injected with
anaerobic water. Before each injection, we used 5 cm Rhizon samplers to extract 3 ml of
pore water from the main root zone (top 6 cm) of each upper compartment into
vacuumized 30 ml flasks containing 3 ml Sulfide Anti-Oxidation Buffer (SAOB). After
each sampling, columns were re-randomized in the basin to minimize possible
differences in light levels and water flow velocities between units. Sulfide concentrations
were determined immediately with an ion selective silver/sulfide electrode (Thermo
Scientific (USA), Orion 9416 BN; reference electrode: Orion 900200). Oxygen detection
depth was measured after five weeks with an oxygen-sensitive microelectrode
(Microscale Measurements, 1-mm tip). Ammonium, nitrate and total dissolved
phosphorus in the sediment pore water were also measured after five weeks. We used 5
cm Rhizon samplers to extract 10 ml of pore water from the main root zone (top 6 cm) of
each upper compartment into vacuumized 30 ml flasks. Ammonium and nitrate
concentrations were determined colorimetrically. Ammonium was measured with
salicylate (36) and nitrate was determined by sulfanilamide after reduction of nitrate to
nitrite in a cadmium column (37). Dissolved phosphorus was measured on an Inductively
Coupled Plasma emission spectrophotometer (ICP; Spectroflame, Spectro). Total
nitrogen concentration in Zostera leaves was measured in freeze-dried tissues by a CNS
analyzer (type NA1500; Carlo Erba Instruments, Milan, Italy) (36). Total phosphorus was
measured by ICP after digestion with nitric acid (36). Zostera shoot, root and rhizome
biomass and Loripes flesh were measured as dry weight after 24 h of freeze-drying.
Loripes shell weight was measured after drying for 24 h at 70 °C. Loripes condition was
expressed as flesh/shell dry weight ratio, which is a commonly used size-and-age
independent measure of fitness in bivalves (38). Sulfur contents in the Loripes tissues
were measured on ICP, following nitric acid digestion.

Statistical analyses. Data were tested for normality prior to analysis. Sulfide data
were analyzed with Repeated-Measures three-factor ANOVA. All other variables were
analyzed by two- or three-factor ANOVA. All relevant and/or significant effects and



interactions are mentioned in the figure legends or supporting text. A complete overview
of the statistical output for Figures 2, 3 and S4 is provided in Table S2.

Supplementary Text

Both Zostera and Loripes significantly lowered dissolved ammonium and phosphorus in
the sediment pore water, while sulfide addition increased their availability (Fig. S4).
Nitrate concentrations were 0.8 0.9 uM (mean +SD) on average with no significant
differences between treatments. Mean leaf nitrogen and phosphorus content were 1.78
+(0.26 and 0.15 =0.02 % dry weight respectively, which is around reported median values
from the field for both (1.8 and 0.2 % DW respectively) (39). None of the treatments had
any significant effect on leaf nitrogen. Leaf phosphorus content was unaffected by
Loripes, but decreased significantly in the sulfide addition and sulfide addition with
Loripes treatments (from 0.17 +0.01 to 0.13 +0.01 % DW; ANOVA: F,;6,=29.0,
p<0.001). Apparently, high sulfide levels impaired phosphorus uptake by Zostera in the
sulfide addition treatment, leading to decreased leaf phosphorus content, despite high
dissolved phosphorus availability in the pore water (Fig. S4). Our pulsed sulfide addition
also seemed to impair phosphorus uptake in the sulfide addition with Loripes treatment,
which, by interacting with the reduced dissolved phosphorus pool may have limited
growth of Zostera under our conditions (Fig. 3).

Sulfide addition resulted in a significant increase in the relative (ANOVA:
F1.16=13.8, p=0.002) and absolute sulfur content (ANOVA: F; ;,=24.1, p<0.001) in the
flesh of the bivalves. Relative sulfur content was 2.0 +0.2 % (g:g) in the control
treatments and 3.0 +0.9 % in the sulfide addition treatments. The total amount of sulfur
stored in Loripes tissues per unit was 1.3 +0.2 mg in the control treatments and 3.0 =1.1
mg in the sulfide addition treatments. These results suggest that the increased sulfide
availability led to increased storage of sulfur in the tissues of the bivalves, for instance as
sulfur granules in the gills (/9). We found no significant effects of Zostera on Loripes
sulfur content.



A . B
7
//
Sulfide :
ia Radial
// detoxification yideh
wesssssnnnssnssnsuslansannsuncnnns, loss
II : Lucinid bivalves
I 3 Sulfide/Ox: :
. H ygeny: ;
Organic :{ Sugars P + Organic
|| Sulfide magtter : transport Rater
\ : Sulfide-oxidizing
\ : gill bacteria
Y
\\ Sulfide
N\

\\ Sulfate-reQucing —— Promotes == Inhibits Sulfate—requcing
bacteria bacteria

Waste products

Rhizome

Figure S1. (A) Seagrasses generally create a negative feedback on their own growth
through organic matter accumulation, which stimulates production of toxic sulfide by
heterotrophic sulfate-reducing bacteria. (B) We propose in this study that the presence of
lucinid bivalves and their sulfide-oxidizing gill-symbionts breaks the negative feedback,
resulting in a network of positive interactions. (C) The bivalves are found in high
abundances in the root zones of seagrass meadows in warmer, mild temperate to tropical
regions where sulfide production rates are high. (D) They occur in the anoxic zone of the
sediment and use their highly extensile foot to create tubes for sulfide mining, export of
waste products and import of oxygen and CO, from the sediment pore water and surface
water (I8, 19). Both sulfide and oxygen are transported to the gills where
chemoautotrophic bacteria oxidize sulfide for synthesizing sugars that fuel growth of
both the bacteria and the bivalve (16-19).
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transformed using the Box-Cox procedure prior to plotting and the regression analysis
(see Materials and Methods).
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Fig. S3. Schematic drawing of the setup of an experimental unit. The dimensions of the
top section were chosen to fit the organisms and to resemble field conditions. The lower
section was kept large enough to allow rapid mixing and upward diffusion. Sulfide was
injected twice a week in the sulfide addition treatments and allowed to diffuse from the
lower compartment into the upper section through a 0.1-mm porous membrane.
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Table S1. Lucinid bivalve densities found in seagrass beds. These data provide a basic
indication of the association between seagrasses and lucinids worldwide.

Area (source) Temp. Clim. Seagrass genus Lucinid genus Density
North America
Alaska (40, 41) 5-13 Temp. Zostera Lucinidae p
Boston Harbor (42) 3 -18  Temp. Zostera 0
Chesapeake Bay 1-23 Temp. Zostera 0
(43)
Apalachee Bay, 18 =29 Subtr.  Syringodium, Thalassia Codakia +
Florida (44)
Biscayne Bay, 24 -30 Subtr.  Halodule, Syringodium, Anodontia, Codakia, +H/+++
Florida (45) Thalassia Lucina
Florida Bay, Florida 24 —30 Subtr. Halodule, Syringodium,  Anodontia, Codakia, ++/+++
(18) Thalassia Lucinesca
Indian River lag., 23 -29 Subtr. Thalassia Lucina p
Florida (46)
St. Joseph’s Bay, 18 =29  Subtr. Thalassia Lucina +H/+++
Florida (47)
Pensacola Bay, 18 —29 Subtr.  Halodule 0
Florida (48)
Redfish Bay, Texas 19—-29 Subtr.  Halodule, Thalassia Anodontia, Lucina, p
(49) Phacoides
Gulf of California, 19-30 Subtr.  Zostera, Halodule, Codakia, Divalinga p
Mexico (50) Ruppia
Bahia de Chetumal, 27 -29 Trop. Syringodium, Thalassia  Codakia, Lucina p
Mexico (517)
Turneffe Islands, 27-29 Trop. Thalassia Codakia, Parvilucina p
Belize, Mexico (52)
Bocas del Toro, 27-29 Trop. Halodule, Syringodium, Codakia, Diplodonta p
Panama (53) Thalassia Lucina, Phacoides
Bahama’s (54) 24-29 Trop. Thalassia Codakia p
Jamaica (55, 56) 27-29 Trop. Thalassia Anodontia, Codakia, +H+/+++
Ctena, Divaricella,
Lucina, Parvilucina
St Croix, Virgin 26 —29 Trop. Halodule, Syringodium, Codakia, Divalinga, p
Islands (57) Thalassia Lucina, Parvilucina
Guadeloupe (58) 26 —29 Trop. Thalassia Anodontia, Codakia p
Martinique (54) 26 —29 Trop. Thalassia Lucina p
Bermuda (59, 60) 19— 28 Subtr. Thalassia Codakia, Ctena ++/+++
South America
Bahia de Neguange, 26-29 Trop. Thalassia, Syringodium  Codakia, Lucina, p
Columbia (61) Anodontia
Santiago de Tolu, 27-29 Trop. Thalassia Lucina p
Columbia (62)
Morrocoy, 26 —28 Trop. Thalassia Codakia +
Venezuela (63)
Mochima Bay, 25-28 Trop. Thalassia Codakia +++
Venezuela (64)
Parracho de 26 —28 Trop. Halophila, Halodule Codakia, Divaricella p
Maracajaq,
Brazil (65)
Abrolhos Bank, 25-28 Trop. Halodule, Halophila Codakia, Ctena, p
Bahia Brazil (66) Parvilucina
Ilha do Japonés, 23 -27 Trop. Halodule Codakia, Divaricella ++++

Brazil (67, 68)




Table S1 (continued)

ITha do Mel, 18 —26 Trop. Halodule Lucina p
Paranagua, Brazil
(69)
Europe
Western Atlantic, 6—-13 Temp. Zostera 0
Norway (70)
Skagerrak, Atlantic, 4-17  Temp. Zostera 0
Norway (70)
Baltic, Finland (7/) 1-16  Temp. Zostera 0
Sylt, Wadden Sea 4—-18 Temp. Zostera 0
(72)
South England (73) 8-17 Temp. Zostera Lucinoma +
South Ireland (74) 9-17 Temp. Zostera Lucinoma +++
Brittany, France 10-17 Temp. Zostera Loripes, Lucinoma, +H+/+++
(75, 76) Lucinella
Arcachon, France 12-21 Temp. Zostera Loripes ++
(77)
Eo estuary, Atlantic 13—-19 Temp. Zostera Loripes +H/+++
coast, Spain (78)
Mediterranean, 15-23 Subtr. Zostera Lucinella +++
Spain (79)
Mallorca, Spain 14 —25 Subtr.  Posidonia Ctena, Loripes, p
(80) Lucinella
Corsica, France 13 -24  Subtr. Cymodocea Loripes +H+/+++
(34
Prelo Bay, Ligurian 13 —-23 Subtr.  Posidonia Lucinella +H/+++
Sea (81)
Venice lag., Italy 10 —-26 Subtr. Cymodocea, Zostera Loripes +H+/+++
(82, 83)
Izmir Bay, Turkey 15—-23 Subtr.  Zostera Loripes ++
(84)
Cyprus (85) 17—-28 Subtr.  Posidonia Loripes, Myrtea +
Black Sea, Romania 6-24  Temp. Zostera Loripes, Lucinella p
(86)
Africa
Banc d’Arguin, 18 —26 Subtr. Cymodocea, Halodule,  Loripes +H+/+++
Mauritania (35) Zostera
Baia da Corimba, 22 -29 Trop. Halodule Loripes p
Angola (87)
Kismayo, Somalia 25-29  Trop. Halodule, Thalassia Codakia, Lucina p
(88)
Zanzibar, Tanzania  25-29 Trop. Cymodocea, Thalassia,  Lucinidae +H/++++
(89) Enhalus,

Thalassodendron
Mahé, Seychelles 26 —30 Trop. Thalassia Anodontia, Codakia, ++
(90) Ctena,
Inhaca, 23 -27 Trop. Cymodocea, Halodule,  Anodontia, ++
Mozambique (97) Zostera Cardiolucina, Loripes,

Lucina, Pillucina

Langebaan lag., 15-19 Subtr.  Zostera 0
South-Africa (92)
Swartvlei estuary, 17-22  Subtr.  Zostera Loripes p

South-Africa (93)
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Table S1 (continued)

Asia/Pacific
Jordan, Red Sea 21-28 Subtr.  Halodule, Halophila Rasta p
(94
Egypt, Red Sea (95) 22-29 Subtr. Cymodocea, Halodule,  Cardiolucina, ++++

Halophila Divaricella, Pillucina,

Wallucina

United Arab 21-33 Subtr.  Halodule, Halophila Anodontia, Pillucina ++++
Emirates (96)
Oman (this study) 25-28 Trop. Halodule, Halophila Pillucina ++++
Palk Bay, India (97) 27-30 Trop. Cymodocea, Halodule,  Codakia, Lucina p

Syringodium,

Thalassodendron
Posyet Bay, Seaof 2-21  Temp. Zostera Pillucina +++
Japan (98)
Tokyo, Bay of 16 —26 Subtr.  Zostera Luncinidae p
Japan (99)
Okinawa, Japan 22 -29 Subtr. Cymodocea, Enhalus, Codakia, Epicodakia p
(100) Halodule, Halophila,

Thalassia
Guangxi, China 20—-29 Trop. Halodule, Halophila, 0
(101) Zostera
Guangdong, China 21 -29 Trop. Halodule, Halophila Pillucina p
(101)
Hainan, China 22 -29 Trop. Cymodocea, Enhalus, Pillucina p
(101) Halodule, Thalassia
Tubbataha Reefs, 27-30 Trop. Halodule, Halophila, Epicodakia p
Philipines (/00) Thalassia
Kungkrabaen Bay, 28 —30 Trop. Halodule Anodontia, ++++
Thailand (102) Indoaustriella,

Pillucina

Had Chao Mai, 28 —30 Trop. Cymodocea, Enhalus, Pillucina ++++
Thailand (103) Halodule, Halophila,

Thalassia
Pulau Semakau, 28 —29 Trop. Cymodocea, Enhalus, Anodontia p
Singapore (104) Halodule, Halophila,

Syringodium, Thalassia
Bone Batang, 28 —30 Trop. Cymodocea, Enhalus, Lucinidae +++
Indonesia (105) Halodule, Halophila,

Thalassia,
Banten Bay, 28 —30 Trop. Cymodocea, Enhalus, Anodontia, Codakia p
Indonesia (106) Halodule, Halophila,

Syringodium, Thalassia
Tongapatu, Tonga 23 -27 Trop. Halodule Codakia, Epicodakia p
(100)
Tarawa Atoll (107) 28-29 Trop. Thalassia Codakia, Wallucina ++/+++

11



Table S1 (continued)

Oceania

Roebuck Bay, 25-30 Trop. Halodule, Halophila Anodontia, Ctena, +++
Australia (108, this Divaricella

study)

Lizard Island, 25-29 Trop. Halophila Anodontia, Chaviana, p
Australia (109) Wallucina

Moreton Bay, 21-26 Subtr. Cymodocea, Halodule,  Anodontia, Pillucina p
Australia (109) Halophila, Zostera

Rottnest Island, 19 -23 Subtr. Posidonia Wallucina -/
Australia (110)

South-West 16 —20 Subtr.  Amphibolis, Posidonia, = Anodontia p
Australia (111)

New South-Wales, 19 -24 Subtr.  Halophila Wallucina p
Australia (112)

New South-Wales, 17 -23 Subtr. Halophila, Zostera 0
Australia (113)

Western Port, 13-18 Temp. Halophila, Zostera 0
Victoria, Australia

(114, 115)

Tasmania (116, 12—-16 Temp. Heterozostera. Ruppia,  Wallucina +H/+++
117) Zostera

New Caledonia 24 —28 Subtr. Cymodocea, Halodule,  Anodontia, Codakia, p
(118) Thalassia Ctena

Slipper Island, 15—-21 Subtr.  Zostera Divaricella p
New Zealand (/19)

Temp. depicts the mean annual temperature range based on the sea surface temperature (°C);

Clim. indicates type of climate (tropical, subtropical or temperate);

Lucinid density (spatial average): + = 1-10; ++ = 11-100; +++ = 101-1000; ++++ = >1000 ind/m*
p = present (no abundance data); u = uncertain; 0 = absent.
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Table S2. Overview of the statistical output from the analyses of the data presented in

Figures 2, 3, and S4.

Treatment df F p
Sulfide measurements (Fig. 2A; repeated measures ANOVA)

Zostera 1 6.8 0.014
Loripes 1 268.8 <0.001
Sulfide 1 109.7 <0.001
Zostera * Loripes 1 7.8 0.009
Zostera * Sulfide 1 2.2 0.150
Loripes * Sulfide 1 102.7 <0.001
Zostera * Loripes * Sulfide 1 2.4 0.127
Error 32

Oxygen measurements (Fig. 2B; ANOVA)
Zostera 1 39.3 <0.001
Loripes 1 125.0 <0.001
Sulfide 1 8.9 0.006
Zostera * Loripes 1 48.3 <0.001
Zostera * Sulfide 1 0.0 0.862
Loripes * Sulfide 1 0.3 0.578
Zostera * Loripes * Sulfide 1 0.5 0.505
Error 32

Zostera shoot biomass (Fig. 3A; ANOVA)

Loripes 1 61.3 <0.001
Sulfide 1 72.6 <0.001
Loripes * Sulfide 1 0.9 0.348
Error 16

Zostera root biomass (Fig. 3B; ANOVA)

Loripes 1 50.2 <0.001
Sulfide 1 12.0 0.003
Loripes * Sulfide 1 1.7 0.211
Error 16

Loripes fitness (Fig. 3C; ANOVA)

Sulfide 1 37.3 <0.001
Zostera 1 9.0 0.008
Sulfide * Zostera 1 54 0.034
Error 16

Ammonium (Fig. S4A; ANOVA)

Zostera 1 59.7 <0.001
Loripes 1 505.9 <0.001
Sulfide 1 35.2 <0.001
Zostera * Loripes 1 57.1 <0.001
Zostera * Sulfide 1 73.3 <0.001
Loripes * Sulfide 1 39.3 <0.001
Zostera * Loripes * Sulfide 1 68.5 <0.001
Error 32

Phosphorus (Fig. S4B; ANOVA)

Zostera 1 58.2 <0.001
Loripes 1 562.1 <0.001
Sulfide 1 19.6 <0.001
Zostera * Loripes 1 55.1 <0.001
Zostera * Sulfide 1 0.0 0.888
Loripes * Sulfide 1 28.2 0.000
Zostera * Loripes * Sulfide 1 0.0 0.965
Error 32
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