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Initial bacterial adhesion to surfaces in the human body can result in biofilm 
formation, which plays a critical role in bacterial infections. It is estimated that 
approximately 60% of all bacterial infections are caused by microbial biofilms1. In a biofilm, 
bacteria embed themselves in a matrix of extracellular polymeric substances (EPS), acting 
as ‘the house of the biofilm cells2. EPS consists of water, polysaccharides, proteins, 
extracellular DNA (eDNA) and other molecules and protects the biofilm from the human 
immune system, mechanical forces, penetration of antimicrobials, and desiccation3,4. One 
of the problems with biofilm infections is that they can be up to 1000 times more 
recalcitrant to antimicrobials than planktonic bacteria5.  
 Biofilm recalcitrance to antimicrobials is dependent on the biofilm structure, biofilm 
composition6, and the phenotype (metabolic processes) of the bacteria. Biofilm structure 
and biofilm composition are closely related and affect penetration of antimicrobials and 
therewith the killing of bacteria in the biofilm. Recently, also viscoelastic properties of 
biofilms were related to penetration of antimicrobials in in vitro and in situ oral biofilms7. 
Killing of bacteria in a biofilm is a complex process, since it is amongst others dependent on 
biofilm thickness, antimicrobial concentration, duration of antimicrobial treatment, 
antimicrobial characteristics like charge and size, and components in the EPS which can 
interact with the antimicrobial agent8. Negatively charged components like alginate and 
eDNA in EPS can interact with positively charged antimicrobials9,10 and therewith block the 
penetration of the antimicrobials and protect the bacteria in the deeper layers of the 
biofilm.  

Increasing numbers of drug resistant bacteria have been reported since the 
discovery of antibiotics and a huge increase in multi-drug resistant bacteria the last couple 
of years which is a main problem affecting modern health care11. If no new antimicrobials 
or new strategies to deliver antimicrobials to bacterial infections are developed, an era is 
faced in which there might be no treatment for bacterial infections12 with even the 
possibility that in 2050 microbial infections will become the number one cause of death13. 
Antimicrobial peptides (AMPs) have been mentioned to battle antimicrobial resistance14,15. 
AMPs are available in the innate immune system, and play an essential role in the first 
reaction against microbial infections14. AMPs exist of 5-150 amino acids and are generally 
positively charged amphipathic molecules. AMPs adhere to the bacterial cell membrane by 
electrostatic interactions12, resulting in pore formation and disruption of the membrane, 
causing leakage and finally in bacterial cell death15,16. Other AMPs act on intracellular 
processes15,16 like protein, DNA and RNA syntheses, folding of proteins and cell wall 
synthesis12. It has been hypothesized that bacterial resistance against AMPs is improbable, 
since the bacteria need to alter their cell wall to obtain resistance14. However, several cases 
of AMP resistance have been observed in vitro16. Most of the AMPs have not made it to the 
clinic so far because of their salt sensitivity and sensitivity to proteolysis17,18. Therefore, 
nanocarriers to encapsulate and deliver AMPs to the infection site might protect AMPs from 

11 

 

degradation or chelation and increase their effectivity. Loading of antimicrobials into 
nanocarriers has shown improved efficacy of the antimicrobials compared to the 
administration of antimicrobials alone19,20. Other advantages of using nanocarriers include 
improved antimicrobial solubility21, improved longevity in the circular system, sustained and 
controlled release, and drug targeting22,23.  

The aim of this thesis is to investigate the penetration and killing of AMPs and 
nanocarriers in infectious biofilms in vitro and in vivo. In addition, the relation between 
penetration of antimicrobials and biofilm characteristics has been explored. 
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Abstract  
This protocol describes how to grow biofilms with a well-defined thickness to match 

the thickness of clinically occurring biofilms in a constant depth film fermenter (CDFF). In a 
CDFF, biofilms are grown on the bottom of wells with set depths, while a scraper blade 
removes biofilm growing above the wells. Proper fixing of well-depth and use of smooth 
scraper blades are critical steps for growing biofilms of constant thickness over their entire 
surface area. Biofilm thickness can be measured with confocal laser scanning microscopy 
(CLSM), low load compression testing (LLCT) or optical coherence tomography (OCT). CLSM 
is mostly used, but relies on penetration of fluorophores and laser-light through the 
biofilms. This makes CLSM unsuitable for relatively thick CDFF biofilms, leaving LLCT or OCT 
preferred. Also, the relatively low resolution of optical coherence tomography enables to 
determine thickness over an entire biofilm surface area, constituting a major advantage 
over CLSM. The reproducible thickness of CDFF biofilms facilitates high-throughput studies 
and is important for studying antimicrobial penetration in biofilms. 
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Introduction 
Microorganisms occur in many different habitats, ranging from deep seas, industrial 

equipment, and water pipelines to the human body. Microorganisms have been extensively 
investigated in their planktonic form, but in most environments microorganisms grow in 
sessile communities, called “biofilms”. Biofilms are surface-associated microbial aggregates 
embedded in a layer of extracellular polymeric substances (EPS)1,2. Biofilms are frequently 
associated with undesirable processes, like increased drag on ship hulls, contamination of 
drinking water systems or decreased heat transfer in dairy pasteurization. However, 
biofilms can also be beneficial, such as in microbial soil remediation or microbial enzyme 
production. In the oral cavity, indigenous biofilms protect the host against disease, but 
when pathogens become more prevalent in oral biofilm due to poor hygiene and sugar-rich 
diets, oral biofilms are causative to dental caries and periodontal diseases, the two most 
spread infectious diseases worldwide. In general, in the health arena it is currently 
estimated that 85% of all microbial infections are due to organisms in their biofilm mode of 
growth. Established biofilms are often hard to eradicate and remove, because biofilms show 
more resistance to antimicrobials and the host immune response than planktonic bacteria3. 
The April 2015 update of the WHO on antimicrobial resistance4 warns for the alarming rate 
at which new resistant microbial and parasitic strains are causing diseases, like tuberculosis, 
malaria, urinary tract infection and other hospital-acquired infections.  

Development of new antimicrobial strategies in a first instance requires well-
designed in vitro models to grow biofilms with reproducible properties to facilitate high-
throughput studies. Several biofilm growth models have been described over the past 
decades, such as flow displacement chambers, the spinning disc reactor, the Calgary biofilm 
device, the drip flow reactor and the constant depth film fermenter (CDFF)5–7. Unlike most 
biofilm growth models, the CDFF is a high-throughput biofilm growth model which produces 
biofilms with a specific thickness that can be set by adjusting the depth of a well containing 
a substratum on which the biofilm is grown. When the height of the biofilm grown extends 
above the depth of the well, a scraper blade removes excess bacteria to maintain a constant 
thickness (Figure 1). Maintenance of constant thickness is a unique feature and specifically 
useful aspect of the CDFF, as many clinically occurring biofilms have their own specific 
thickness: for example, biofilms involved in chronic osteomyelitis have a thickness of around 
30 µm, cystic fibrosis biofilms are approximately 100 µm thick, otitis media biofilms are 200 
µm thick8, while dental biofilms have a thickness of around 120 µm9. Adjustment of the 
thickness of laboratory grown biofilms to match the thickness of the clinical biofilm under 
study is of utmost importance in the development of antimicrobial strategies that rely on 
penetration of antimicrobials into the biofilm. Apart from maintaining constant thickness, 
wide variations in environmental growth conditions can be applied in the CDFF by altering 
growth medium, substratum, atmosphere and temperature.  
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This protocol describes how to grow biofilms with a well-defined thickness to match 

the thickness of clinically occurring biofilms in a constant depth film fermenter (CDFF). In a 
CDFF, biofilms are grown on the bottom of wells with set depths, while a scraper blade 
removes biofilm growing above the wells. Proper fixing of well-depth and use of smooth 
scraper blades are critical steps for growing biofilms of constant thickness over their entire 
surface area. Biofilm thickness can be measured with confocal laser scanning microscopy 
(CLSM), low load compression testing (LLCT) or optical coherence tomography (OCT). CLSM 
is mostly used, but relies on penetration of fluorophores and laser-light through the 
biofilms. This makes CLSM unsuitable for relatively thick CDFF biofilms, leaving LLCT or OCT 
preferred. Also, the relatively low resolution of optical coherence tomography enables to 
determine thickness over an entire biofilm surface area, constituting a major advantage 
over CLSM. The reproducible thickness of CDFF biofilms facilitates high-throughput studies 
and is important for studying antimicrobial penetration in biofilms. 
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Introduction 
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µm thick8, while dental biofilms have a thickness of around 120 µm9. Adjustment of the 
thickness of laboratory grown biofilms to match the thickness of the clinical biofilm under 
study is of utmost importance in the development of antimicrobial strategies that rely on 
penetration of antimicrobials into the biofilm. Apart from maintaining constant thickness, 
wide variations in environmental growth conditions can be applied in the CDFF by altering 
growth medium, substratum, atmosphere and temperature.  
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Figure 1. The constant depth film fermenter (CDFF) (CDFF model adapted from Peters et al.10).  
(a) Schematic set-up of the fermenter chamber.  
(b) Close-up view of the scraper blade sliding over the biofilms to maintain constant depth when the 
biofilm thickness exceeds the thickness of the well. 
(c) Close-up view of one pan with six wells, the dumbbell shaped plug used to adjust the well-depth, 
a sample disk, and side screw to fix the stainless steel plug. 
(d) Auxiliary tool to be pressed on the reversed pan in order to set the well-depth. The tool contains 
five elevated round disks of a desired height, which matches with the disks in the pan.  
 
 

Despite the occurrence of the word “constant” in the CDFF, it is wrong to assume 
this to be true a priori as the achievement of “constant” depth (or biofilm thickness) 
depends on many tedious and often unexpected design and experimental details. Here, we 
describe a protocol to grow “real” constant depth biofilms of Pseudomonas aeruginosa in 
the CDFF, although equally applicable to other strains and species. The protocol pays special 
attention to design features of the CDFF that allow accurate setting of the depth of the wells 
and non-destructive monitoring of the biofilm thickness over the entire area of a biofilm 
grown.  
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Materials 
Reagents 
• Tryptic soya broth (TSB) (Oxoid, CM0129) 
• Luria-Bertani broth (LB) (Miller) (Sigma-Aldrich, L3152) 
• Phosphate buffered saline (PBS), pH 7.0, (150 mM NaCl, 5 mM K2HPO4, 5mM KH2PO4) 
• 96% ethanol and 70% ethanol (VWR international) 
• Demineralized water 
• Dipotassium hydrogen phosphate (K2HPO4) (Merck, 105104) 
• Potassium dihydrogen phosphate (KH2PO4) (Merck, 104873) 
• Microbial strains. Pseudomonas aeruginosa SG81, Pseudomonas aeruginosa SG81-R1 

and Pseudomonas aeruginosa ATCC 39324 
• RBS (Chemical Products R. Borghgraef S.A.) 
• Mucin from porcine stomach, type II (Sigma-Aldrich, M2378) 
• DNA (Sigma-Aldrich, 74782) 
• Casamino acids (Amresco, J851) 
• L-Tryptophan (Sigma-Aldrich, T0254) 
• Egg yolk emulsion (Sigma-Aldrich, 17148 FLUKA) 
• Tris(hydroxymethyl)aminomethane (Merck, 108387)  
• Diethylene triamine pentaacetic acid (DTPA) (Sigma-Aldrich, D1133) 
• Potassiumchloride (KCl) (Sigma-Aldrich, P9541) 
• Sodiumchloride (NaCl) (Merck, 106404) 
• Peracetic acid (Merck, 107222) 
• Blood-agar plates (Blood agar Base No.2, Oxoid, CM0271) 
• Bacto agar (Becton Dickinson, 214010)  
 
Equipment 
Constant depth film fermenter (Figure 1) 
• Base: the base contains the rotor in which the axil of the turn table is inserted. Biofilm 

waste drips onto the base, and via an effluent port into the waste container. 
• Double walled glass cylinder: the double walled glass cylinder (16.5 cm inner diameter) 

is placed around the turn table. It maintains sterility, regulates the temperature inside 
the CDFF and allows observation of the samples during operation. The double walled 
glass cylinder is filled with water from a temperature-controlled bath to regulate the 
temperature inside the CDFF. Silicone rings are placed under and on top of the glass 
cylinder to protect it from being damaged by the stainless steel parts of the CDFF and 
keep the system leak proof. The CDFF is tightly closed with wing nuts on the lid to 
prevent leakage. 



2

18 

 

 
  
Figure 1. The constant depth film fermenter (CDFF) (CDFF model adapted from Peters et al.10).  
(a) Schematic set-up of the fermenter chamber.  
(b) Close-up view of the scraper blade sliding over the biofilms to maintain constant depth when the 
biofilm thickness exceeds the thickness of the well. 
(c) Close-up view of one pan with six wells, the dumbbell shaped plug used to adjust the well-depth, 
a sample disk, and side screw to fix the stainless steel plug. 
(d) Auxiliary tool to be pressed on the reversed pan in order to set the well-depth. The tool contains 
five elevated round disks of a desired height, which matches with the disks in the pan.  
 
 

Despite the occurrence of the word “constant” in the CDFF, it is wrong to assume 
this to be true a priori as the achievement of “constant” depth (or biofilm thickness) 
depends on many tedious and often unexpected design and experimental details. Here, we 
describe a protocol to grow “real” constant depth biofilms of Pseudomonas aeruginosa in 
the CDFF, although equally applicable to other strains and species. The protocol pays special 
attention to design features of the CDFF that allow accurate setting of the depth of the wells 
and non-destructive monitoring of the biofilm thickness over the entire area of a biofilm 
grown.  

 
 

19 

 

Materials 
Reagents 
• Tryptic soya broth (TSB) (Oxoid, CM0129) 
• Luria-Bertani broth (LB) (Miller) (Sigma-Aldrich, L3152) 
• Phosphate buffered saline (PBS), pH 7.0, (150 mM NaCl, 5 mM K2HPO4, 5mM KH2PO4) 
• 96% ethanol and 70% ethanol (VWR international) 
• Demineralized water 
• Dipotassium hydrogen phosphate (K2HPO4) (Merck, 105104) 
• Potassium dihydrogen phosphate (KH2PO4) (Merck, 104873) 
• Microbial strains. Pseudomonas aeruginosa SG81, Pseudomonas aeruginosa SG81-R1 

and Pseudomonas aeruginosa ATCC 39324 
• RBS (Chemical Products R. Borghgraef S.A.) 
• Mucin from porcine stomach, type II (Sigma-Aldrich, M2378) 
• DNA (Sigma-Aldrich, 74782) 
• Casamino acids (Amresco, J851) 
• L-Tryptophan (Sigma-Aldrich, T0254) 
• Egg yolk emulsion (Sigma-Aldrich, 17148 FLUKA) 
• Tris(hydroxymethyl)aminomethane (Merck, 108387)  
• Diethylene triamine pentaacetic acid (DTPA) (Sigma-Aldrich, D1133) 
• Potassiumchloride (KCl) (Sigma-Aldrich, P9541) 
• Sodiumchloride (NaCl) (Merck, 106404) 
• Peracetic acid (Merck, 107222) 
• Blood-agar plates (Blood agar Base No.2, Oxoid, CM0271) 
• Bacto agar (Becton Dickinson, 214010)  
 
Equipment 
Constant depth film fermenter (Figure 1) 
• Base: the base contains the rotor in which the axil of the turn table is inserted. Biofilm 

waste drips onto the base, and via an effluent port into the waste container. 
• Double walled glass cylinder: the double walled glass cylinder (16.5 cm inner diameter) 

is placed around the turn table. It maintains sterility, regulates the temperature inside 
the CDFF and allows observation of the samples during operation. The double walled 
glass cylinder is filled with water from a temperature-controlled bath to regulate the 
temperature inside the CDFF. Silicone rings are placed under and on top of the glass 
cylinder to protect it from being damaged by the stainless steel parts of the CDFF and 
keep the system leak proof. The CDFF is tightly closed with wing nuts on the lid to 
prevent leakage. 



20 

 

• Lid: the lid is placed on top of the double walled glass cylinder. The lid is equipped with 
inlets for medium, air and a large sampling port, through which biofilms can be 
aseptically taken out of the glass cylinder. The scraper blade is attached to the lid.  

• Scraper blade: the Teflon scraper blade (40 mm length, 4 mm width, 12 mm height) 
regulates spreading of the medium over the biofilms and prevents biofilm growth 
above the well. Applied force of the scraper blade can be set by compressing the 
springs. In the experiments described in this protocol, only one scraper blade is used, 
but use of multiple scraper blades is also possible. The edge radius of the scraper blade 
used in this protocol is 1 mm. 
CRITICAL STEP The Teflon scraper blade experiences wear; the higher the applied 
force, the higher the wear. The scraper blade must be smoothened between 
experiments, in order to avoid irregularities on the surface of the scraper blade which 
compromise the biofilm (Box 1). 

• Springs: the springs regulate the pressure at which the scraper blade moves over the 
biofilms. In this study we use a force of 6 N, corresponding with a pressure of 40 kPa.  

• Turn table: the stainless steel turn table (15 cm diameter) holds 15 pans. Its rotation 
causes compression and shearing of the biofilms once every revolution. Here we rotate 
the turn table at 3 revolutions per min (RPM).  

• Pans: each pan (21 mm diameter) holds 5 plugs and 5 sample disks. The middle hole is 
for sampling the pans out of the CDFF. 

• Plugs: sample disks are placed in the pans on stainless steel plugs (diameter 4.97 mm, 
length 13.4 mm). The plugs have a dumbbell shape with a narrow middle region (4.3 
mm diameter) for fixing their position and locking the well-depth using side screws. 

• Disks: stainless steel sample disks (4.97 mm diameter; surface roughness 1.2 ± 0.1 µm) 
are placed in the pans on top of the plugs to grow the biofilms on. Stainless steel disks 
can be replaced by any other material relevant for the study purpose at hand. 

• Side screws: stainless steel screws fix the plugs. 
CRITICAL STEP It is of significant importance to fix the plugs tightly so that the set well-
depth is maintained during sterilization (Box 2).  

• Auxiliary tool (100 µm): auxiliary tools with a well-defined thickness are used to set 
the desired depth of the disks in the pans. To this end, the pans are placed upside 
down on the auxiliary tool, after which the desired well-depth is set with help of the 
plugs and fixed with the side screws. 
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Box 1: Scraper damage 
The scraper blade is subject to wear and when used at a pressure of 40 kPa has to be 

smoothened after about 3000 rotations (e.g. 1 experiment of 18 h at 3 RPM). Figures 2a, 
2b, 2c, and 2d compare height differences in profilometer scans of a smoothened and a 
used scraper blade, respectively. The smoothened scraper blade presents negligible 
differences in height (Figure 2a and 2b), but the used scraper blade possesses clear height 
irregularities (Figure 2c and 2d).  

An irregular scraper blade has a detrimental effect on the constant depth of biofilms 
grown under assumed constant depth conditions. Figure 2e shows an OCT image of a P. 
aeruginosa biofilm grown in the CDFF with a used scraper blade. Grooves resulting from the 
scraper blade on the biofilm surface are clearly visible, that can be seen more clearly at the 
surface of the biofilm (Figure 2f). 
  
 

 
 



2

20 

 

• Lid: the lid is placed on top of the double walled glass cylinder. The lid is equipped with 
inlets for medium, air and a large sampling port, through which biofilms can be 
aseptically taken out of the glass cylinder. The scraper blade is attached to the lid.  

• Scraper blade: the Teflon scraper blade (40 mm length, 4 mm width, 12 mm height) 
regulates spreading of the medium over the biofilms and prevents biofilm growth 
above the well. Applied force of the scraper blade can be set by compressing the 
springs. In the experiments described in this protocol, only one scraper blade is used, 
but use of multiple scraper blades is also possible. The edge radius of the scraper blade 
used in this protocol is 1 mm. 
CRITICAL STEP The Teflon scraper blade experiences wear; the higher the applied 
force, the higher the wear. The scraper blade must be smoothened between 
experiments, in order to avoid irregularities on the surface of the scraper blade which 
compromise the biofilm (Box 1). 

• Springs: the springs regulate the pressure at which the scraper blade moves over the 
biofilms. In this study we use a force of 6 N, corresponding with a pressure of 40 kPa.  

• Turn table: the stainless steel turn table (15 cm diameter) holds 15 pans. Its rotation 
causes compression and shearing of the biofilms once every revolution. Here we rotate 
the turn table at 3 revolutions per min (RPM).  

• Pans: each pan (21 mm diameter) holds 5 plugs and 5 sample disks. The middle hole is 
for sampling the pans out of the CDFF. 

• Plugs: sample disks are placed in the pans on stainless steel plugs (diameter 4.97 mm, 
length 13.4 mm). The plugs have a dumbbell shape with a narrow middle region (4.3 
mm diameter) for fixing their position and locking the well-depth using side screws. 

• Disks: stainless steel sample disks (4.97 mm diameter; surface roughness 1.2 ± 0.1 µm) 
are placed in the pans on top of the plugs to grow the biofilms on. Stainless steel disks 
can be replaced by any other material relevant for the study purpose at hand. 

• Side screws: stainless steel screws fix the plugs. 
CRITICAL STEP It is of significant importance to fix the plugs tightly so that the set well-
depth is maintained during sterilization (Box 2).  

• Auxiliary tool (100 µm): auxiliary tools with a well-defined thickness are used to set 
the desired depth of the disks in the pans. To this end, the pans are placed upside 
down on the auxiliary tool, after which the desired well-depth is set with help of the 
plugs and fixed with the side screws. 

 
 
 
 
 
 

21 

 

Box 1: Scraper damage 
The scraper blade is subject to wear and when used at a pressure of 40 kPa has to be 

smoothened after about 3000 rotations (e.g. 1 experiment of 18 h at 3 RPM). Figures 2a, 
2b, 2c, and 2d compare height differences in profilometer scans of a smoothened and a 
used scraper blade, respectively. The smoothened scraper blade presents negligible 
differences in height (Figure 2a and 2b), but the used scraper blade possesses clear height 
irregularities (Figure 2c and 2d).  

An irregular scraper blade has a detrimental effect on the constant depth of biofilms 
grown under assumed constant depth conditions. Figure 2e shows an OCT image of a P. 
aeruginosa biofilm grown in the CDFF with a used scraper blade. Grooves resulting from the 
scraper blade on the biofilm surface are clearly visible, that can be seen more clearly at the 
surface of the biofilm (Figure 2f). 
  
 

 
 



22 

 

Figure 2. Wear of the scraper blade and influence on the biofilm surface.  
(a) XY-Profilometer scan of a smoothened scraper blade. 
(b) Profilometer (Proscan 2000) scan in the X-direction of a smoothened scraper blade. 
(c) XY-Profilometer scan of a used scraper blade (3240 rotations at 40 kPa) on which irregularities are 
observed. 
(d) Profilometer image in the X-direction of a used scraper blade (3240 rotations at 40 kPa) on which 
irregularities are observed. 
(e) OCT image of a P. aeruginosa biofilm, on which grooves on top of the biofilms are visible, resulting 
of the use of a damaged scraper blade.  
(f) CLSM optical section of the top of a P. aeruginosa biofilm, showing grooves on top of the biofilm, 
resulting of the use of a damaged scraper blade. Bacteria are stained green. Scale bar represents 100 
µm. 
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Box 2: Setting and fixing the well-depth 
The resulting thickness of CDFF grown biofilms heavily depends on how well the 

initially set well-depth can be maintained during sterilization, i.e. autoclaving. Three 
different designs were evaluated for their ability to maintain a set well-depth of 100 µm 
during autoclaving. Press fitted Teflon plugs (Figure 3a), threaded stainless steel plugs 
(Figure 3b) and side screw stainless steel plugs (Figure 3c) are often used to set the well-
depth. Press fitted Teflon plugs were found not to maintain the set well-depth after 
autoclaving (Figure 3d). Threaded stainless steel plugs maintained the set well-depth after 
autoclaving, but yielded a large variability over different wells after autoclaving (Figure 3d). 
The best method to maintain a set well-depth is by using a dumbbell shaped plug with a 
stainless steel side screw (Figure 3d).  
 
 

 
Figure 3. Overview of different methods to set the well-depth and maintain a 100 µm set well-depth 
of the CDFF wells during autoclaving. 
(a) Press fitted Teflon.  
(b) Threaded stainless steel. 
(c) Side screw stainless steel. 
(d) Well-depth maintained by the different designs after autoclaving. Data represent means with 
standard deviations over 15 wells for each design. *represents statistically significant differences from 
the set depth of 100 µm at p ≤ 0.05. Statistical analysis was performed with Graphpad Prism version 
5.00 for Windows (GraphPad Software, La Jolla California USA). After testing the well-depth after 
autoclaving for normality, a Kruskall-Wallis test was performed, followed by a Dunn’s test.  
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CDFF assembly components 
• Peristaltic pump: used to pump inoculum and growth medium into the CDFF at a fixed 

flow rate (Watson Marlow 505S). In the current protocol, 30 ml/h was used 
throughout. 

• Erlenmeyer (1 l) for medium: connected via the pump in to the CDFF with silicone 
rubber tubing.  

• Silicone rubber tubing: used to perfuse inoculum and growth medium into the CDFF. 
Choice of tubing material must be such to withstand sterilization. 

• Erlenmeyer (2 l) flask for waste: receives the waste from the CDFF via the effluent port. 
Placed lower than the effluent port, so the waste does not have to be actively pumped.  

• Water bath: regulates the temperature in the double walled glass cylinder to maintain 
the temperature inside the CDFF at 37°C as used in the current protocol. 

• Sterile air filter 0.45 µm (Millipore, 0.45 µm, SLHV033RS): attached to the air inlet on 
the lid with a silicone rubber tube, to mediate gas exchange and allow for automatic 
sterile pressure equalization. 

• Sampling tool: tool to remove pans aseptically out of the CDFF. 
 
Other equipment 
• Incubator (shaking) set at 37°C with a water reservoir for humidity control (New 

Brunswick Scientific Innova 4200, 150 RPM) 
• Autoclave (Varioklav, HP Medizintechnik GmbH) 
• Microbial safety level 2 (ML-2) safety cabinet 
• Disposable inoculation loop 
• Erlenmeyer (250, 1000 and 2000 ml) 
• Vortex 
• Scale 
• OCT GANYMEDE-II (Thorlabs, Lubeck, Germany)  
• Sample container in which pans or disks can be immersed in PBS (4 cm x 4 cm x 4 cm) 
• Centrifuge (J-lite JLA 16.250 Fixed Angle Rotor, Beckman Coulter, CA, USA) 
• Centrifuge bottle (250 ml) 
• Eppendorf 1.5 ml tubes 
• Sonicator bath (Transsonic TP 690, Elma GmbH & Co Singen, Germany) 
• 10 ml glass tube with lid 
• Bürker-Türk counting chamber 
• Phase contrast microscope 
• pH-meter 
• Custom LabVIEW software  
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Reagent setup  
• Bacterial plating medium (blood agar). Blood agar is prepared according to 

manufacturer’s instructions. Plates can be stored bottom up at 4°C for maximum 2 
months. 

• Pre-culture media (10 ml of TSB, sterilized). TSB is prepared according to 
manufacturer’s instructions. Can be stored at room temperature for maximally 2 
months. 

• Main culture media (200 ml of TSB, sterilized). TSB is prepared according to 
manufacturer’s instructions. Can be stored at room temperature for maximally 2 
months. 

• Continuous flow media (1 l TSB, 1 l LB sterilized). TSB and LB are prepared according 
to manufacturer’s instructions. Can be stored at room temperature for maximally 2 
months. 

• Continuous flow media (1 l artificial sputum medium (ASM), Table 1). Add all 
components mentioned in Table 1 to 1 l of sterile demineralized water. Opposite to 
the other media, ASM is used immediately after preparation.  
CRITICAL STEP To prevent sedimentation of ASM medium components add a sterile 
magnet to the medium and stir during the entire experiment. 

 
Table 1. Artificial sputum medium (ASM)11 ingredients per liter (pH 7.0) 

Material Amount 
Mucin 5 g 
DNA 4 g 
DTPA 5.9 mg 
NaCl 5 g 
KCl 2.2 g 
Tris(hydroxymethyl)aminomethane 1.4 g 
Egg yolk 5 ml 
Casamino acids 4.75 g 
L-Tryptophan 0.25 g 

. 
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Bacterial culture and inoculum preparation (estimated time 42 h of which 3 h active labor) 
1 Obtain bacteria from a stock (in this protocol, bacteria were obtained after thawing of 

a frozen stock -80°C), streak on blood agar and incubate for 24 h at 37°C to obtain 
single colonies. 
CAUTION If using human pathogens; all experiments need to be performed within a 
biosafety level 2 laboratory. Use appropriate protection and decontaminate 
(autoclave) equipment and waste before disposal. 

2 Transfer one single colony with inoculation loop and place into 10 ml of TSB, vortex, 
and incubate the pre-culture at 37°C for 24 h. 

3 Vortex and transfer the 10 ml to 200 ml TSB (main-culture) and place at 37°C under 
shaking (150 RPM) for 16 h.  

4 Harvest the bacteria from the main culture by centrifugation at 5000 g for 5 min at 
10°C. 

5 Wash the bacteria two times by resuspending the pellet into 10 ml of PBS and 
centrifuge two times at 5000 g for 5 min at 10°C. 

6 Resuspend the pellet in 10 ml PBS.  
7 Count the bacterial density using a Bürker-Türk counting chamber; dilute the stock if 

necessary for ease of counting. 
8 Add the desired number of bacteria (5 × 107 bacteria/ml, 200 ml) of TSB and use as 

CDFF inoculum. 
 

Equipment setup 
1 Prepare CDFF components (lid, scraper blade, turn table, pans, plugs, disks and side 

screws) for autoclaving (estimated time 16 h of which 2 h active labor) 
2 Place the turn table components in a 0.2% peracetic acid bath overnight. 
3 Next day take the turn table components out of the peracetic acid and rinse with 

demineralized water. 
4 Sonicate the turn table components in 2% RBS three times 5 min in a sonicator bath, 

and rinse afterwards with demineralized water. 
5 Place the turn table components in methanol for 5 min, and air-dry afterwards. 

CAUTION Methanol is toxic; perform this in a fume hood and wear appropriate 
protection. 

6 Wear gloves from now on to keep all surfaces clean. Place the disks on top of the plugs 
into the pans. 

7 Set the desired well-depth of the disks using the auxiliary tool.  
8 Place the pans into the turn table. 
9 Fill an Erlenmeyer with 1 l of the desired growth medium. If using ASM, aseptically 

combine the ingredients and add to a sterile Erlenmeyer. 
10 Assemble the CDFF, including silicone rubber tubing, and place it in the autoclave.  
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Sterilize CDFF components (estimated time 4 h) 
• Autoclave the assembled CDFF and medium for 20 min at 121°C.   
Settings of the CDFF (estimated time 5 min) 
• Set the pump rate at the desired speed before the experiment. 
• Set the pressure of the scraper. 
• Set the turn table RPM before the experiment. 
• Set the water bath to the desired temperature (37°C) 1 h before inoculation. 
 
Procedure 
Inoculation (estimated time 1.5 h of which 20 min active labor) 
1 Take the CDFF parts aseptically out of the autoclave and set up the CDFF for 

inoculation.  
CAUTION Make sure that sample disks have not moved upwards in the wells during 
autoclaving (Box 2); if so push them back to the right position with a sterile cotton bud 
(for example, this may happen with disks made of porous material e.g. 
hydroxyapatite).  

2 Attach the effluent port with the silicone rubber tube to the 2 l waste Erlenmeyer filled 
and seal with cotton wool. 

3 Set the turn table speed to 3 RPM. 
4 Push the scraper to the desired applied force (40 kPa). The force blade applied was 

determined using a weighting scale and measuring the compression of the spring.  
5 Mount the silicone rubber tubing on the pump, attach one end to the CDFF inoculation 

port and place the other into the inoculation broth (5 × 107 bacteria/ml, 200 ml, see 
reagent setup). 

6 Turn on the pump at a flow rate of 200 ml/h for 1 h. 
7 After 1 h, stop the pump and turn table for 30 min to allow bacterial adhesion. 
 
Biofilm growth (estimated time 10 min plus, in our particular case 24 h for biofilm growth) 
8 Attach the silicone rubber tubing from the growth medium to the CDFF.  
9 Set the turn table speed at 3 RPM. 
10 Switch on the pump at a flow rate of 30 ml/h and let the growth medium drip on the 

turn table. 
11 Operate the CDFF in continuous flow for 24 h. 

CAUTION Place the CDFF in a tub or tray in case of unexpected leakage. 
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Biofilms grown in the CDFF can be visualized using different microscopic techniques, 
amongst which confocal laser scanning microscopy (CLSM) is most frequently used. CLSM 
and other fluorescent microscopic techniques allow the use of specific fluorophores to 
demonstrate bacterial presence and prevalence of specific bacterial strains, possible 
membrane damage (viability) after antibiotic treatment, presence of eDNA and other EPS 
components in CDFF grown biofilms12,13 and last but not least, verify their thickness. 
However, fluorophores do not necessarily penetrate through the entire thickness of a 
biofilm, which limits the use of fluorescent techniques. Also laser light does not necessarily 
penetrate through an entire biofilm, which can be improved by using 2-photon laser 
scanning microscopy14.  

CLSM after application of appropriate fluorophores, in combination with the 
software program COMSTAT15 is a common method to measure biofilm thickness, but a 
single image usually covers only a small area (0.00023 - 0.0056 cm2). Because of the limited 
penetration of fluorophores and laser light, CLSM will underestimate biofilm thickness for 
thicker biofilms as compared with other methods. Moreover, the small areas covered per 
image make it impossible to verify constant thickness over the entire area of a biofilm 
grown. Low load compression testing (LLCT) is another technique with which biofilm 
thickness can be determined16 and over a larger area than with CLSM (0.049-0.57 cm2). Like 
CLSM, LLCT irreversibly changes the biofilm rendering them useless for further analysis. 
Recently, optical coherence tomography (OCT) has been introduced to visualize biofilms in 
their hydrated state, non-destructively and in real-time over a large area (up to several cm2), 
albeit with limited resolution17. 3D images obtained from the OCT can be analyzed using a 
custom LabVIEW script, allowing calculation of the average biofilm thickness. In Box 3 we 
present a comparison of biofilm thicknesses obtained using different methods. 
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Box 3: Biofilm thickness  
Resulting thicknesses of CDFF grown biofilms can be measured with different 

techniques. Here, we compare the thicknesses measured for CDFF grown P. aeruginosa 
biofilms at a well-depth of 100 µm by CLSM, LLCT and OCT. CSLM underestimates the biofilm 
thickness with respect to OCT and LLCT due to limited fluorophores and laser-light 
penetration, while OCT and LLCT yield identical thicknesses that are not statistically 
different from the set well-depth of 100 µm. 
 
 

 
Figure 4. Biofilm thickness of P. aeruginosa ATCC 39324 biofilms grown in the CDFF at a well-depth of 
100 µm, measured using CLSM, LLCT and OCT. Data represent means with standard deviations over 
20 different wells. 
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OCT Biofilm visualization and determination of biofilm thickness and biofilm height 
distribution (estimate time 30 min per pan, i.e. 5 biofilms)  
12 Stop the turn table and pump, open the sample port and take one pan containing the 

sample disks with biofilm aseptically out of the CDFF with the help of the sampling 
tool. Close the sampling port until further use and continue the experiment. 

13 Carefully immerse the pan, or screw the disks out of the pans, and place in a sample 
container filled with PBS. 
CRITICAL STEP Handle the pan and disks gently because the biofilms may detach if 
disturbed vigorously when the biofilm is placed in PBS. 

14 Start up the OCT and the Thor Image software. 
15 Make sure the right refractive index is used and the physical depth is high enough to 

visualize the complete biofilm. For 3D images use field of view (FOV) of 6000 µm x 
6000 µm x 1000 µm, with a size of 1500 x 300 x 373 (pixels). For 2D images use FOV 
6000 µm x 1000 µm, with a size of 5000 x 373 (pixels). 

16 Take 2D or/and 3D images of the biofilms.  
CRITICAL STEP The OCT imaging system should stand on a stable, vibration free table, 
since the measurements are very sensitive to mechanical disturbances. 

17 After taking the images, biofilms can be used for further analysis. 
18 3D images obtained from the OCT can be analyzed using a custom LabVIEW script. This 

script allows the precise calculation of the average biofilm thickness over a specific 
region of interest (ROI). Import the 3D OCT file into the LabVIEW script. A single 3D 
OCT image contains a certain number of 2D OCT images, this number depends on the 
chosen settings while obtaining the OCT image (in our case the number was 300). 

19 Select a square ROI from the 3D OCT image. 
20 Indicate the substratum in the image using the fact that the substratum has the 

highest pixel intensity (in our case because we use stainless steel as substratum).  
CRITICAL STEP Pixels with highest intensity may not be the indicator of the substratum 
because not every substratum is as reflective as metals (in our case stainless steel). 
For non-metallic substrata, the substratum has to be more carefully indicated based 
on another suitable criterion.  

21 Divide each 2D image into vertical slices by selecting the slice width; we take a slice 
every 20 pixels.  

22 Carefully check if the automatic threshold chosen by the program correctly indicates 
the top of the biofilm. The program automatically selects a grey scale threshold to 
differentiate between the biofilm top and the overlying fluid. The 5% of the pixels with 
the highest intensity are selected (white pixels, biofilm), and the 5% of the pixels with 
the lowest intensity are selected (black pixels, background). With this information, a 
threshold is set. The threshold can be adjusted manually if necessary. 
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23 Start the calculation of the parameters defining the biofilm thickness and biofilm 
height distribution over the entire surface area of a biofilm (Box 4).  

24 When the experiments are finished, autoclave the complete CDFF with the 
components and the biofilms 15 min at 134°C to sterilize the CDFF. 
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23 Start the calculation of the parameters defining the biofilm thickness and biofilm 
height distribution over the entire surface area of a biofilm (Box 4).  

24 When the experiments are finished, autoclave the complete CDFF with the 
components and the biofilms 15 min at 134°C to sterilize the CDFF. 
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Box 4: Biofilm thickness and height distribution of CDFF grown biofilms 
When OCT is used in combination with CDFF grown biofilms, it is possible to calculate 

biofilm thickness and biofilm height distribution over the biofilm surface. For the present 
purpose, we define height distribution as the percentage of biofilm area for which the 
desired set thickness has been reached within ± 20% range. Figure 5 shows the effect of 
strain and medium composition on biofilm thickness and its height distribution for a well-
depth of 100 µm. Both the non-EPS-producing P. aeruginosa SG81-R1 grown on TSB, and 
the EPS producing P. aeruginosa ATCC 39324 grown on LB, achieved 100 µm within the 
experimental period allowed for growth (Figure 5a), but EPS-producing P. aeruginosa SG81 
was unable to grow to the desired thickness of 100 µm, regardless of the growth medium 
used (Figure 5a).  

Allowing for a variation of ± 20% in biofilm thickness, it can be seen that even in the 
cases where the average biofilm thickness matched the set well-depth, large variability in 
biofilm height distribution can occur over the entire biofilm surface (Figure 5b). Verification 
of the height distribution over a CDFF biofilm is therefore considered crucial, while 
furthermore it may not be taken for granted that biofilms grown to the set well-depth of 
the experimental conditions applied.  
  
 

 
Figure 5. Average biofilm thickness and height distribution of P. aeruginosa biofilms grown at a set 
well-depth and observed by OCT. 
(a) Measured biofilm thickness for set well-depth of 100 µm.  
(b) Biofilm height distribution for set well-depth of 100 µm. 
Data represent means with standard deviation over 35 wells for well-depth of 100 µm. Statistical 
analysis was performed with Graphpad Prism version 5.00 for Windows (GraphPad Software, La Jolla 
California USA). After testing the biofilm thickness for normality, a Kruskall-Wallis test was performed, 
followed by a Dunn’s test. Only relevant statisctical differences are shown. 
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Anticipated results 
The CDFF is the only biofilm reactor in which a high number of biofilms can be grown 

with a reproducible thickness facilitating high-throughput studies. Moreover, biofilms can 
be grown to a set thickness to match the thickness of clinically occurring biofilms1. Constant 
depth or thickness of biofilms is an important feature when studying the penetration of 
antimicrobials on the viability of biofilms or the release of antimicrobials from a substratum 
and equally so for nutrient penetration in a biofilm. Control of biofilm thickness over the 
entire surface area of the biofilm allows more accurate calculation of penetration and 
diffusion coefficients than can be obtained with freely growing biofilms possessing varying 
thicknesses with mushroom-like structures or streamers at their outer surface1. The 
reproducible thickness of CDFF grown biofilms yields smaller standard deviations than 
obtained for biofilms grown with other methods, often ranging around 30% over multiple 
experiments15,18, which can be about twofold larger than obtained in multiple runs of a 
CDFF, depending on use of species/strain and media. With the help of OCT, outliers in 
biofilm thickness can be detected quickly, minimizing variability in biofilm thickness and 
subsequent experiments.  

Apart from the above aspects, the growth of biofilms with a specified well-controlled 
thickness can yield new features of biofilm physiology. In a study where whole human saliva 
was used to grow biofilms in the CDFF, it was established that thicker biofilms of 500 and 
600 µm grown over a time period of 4-17 days showed more red autofluorescence than 100 
and 200 µm thick biofilms grown over the same time period19. Accordingly, 
autofluorescence positively correlated with biofilm thickness indicative of the presence of 
anaerobic and CO2 dependent bacteria, responsible for mineral loss of dentin and enamel19.  
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Abstract  
Optical coherence tomography (OCT) is a non-destructive tool for biofilm imaging, 

not requiring staining and used to measure biofilm thickness and putative comparison of 
biofilm structure based on whiteness distributions in OCT-images. Quantitative comparison 
of biofilm whiteness in OCT images, is impossible due to the auto-scaling applied in OCT-
instruments to ensure optimal quality of individual images. Here, we developed a method 
to eliminate the influence of auto-scaling in order to allow quantitative comparison of 
biofilms in different images. Auto- and re-scaled whiteness intensities could be qualitatively 
interpreted in line with biofilm characteristics expected on the basis of literature for biofilms 
of different strains and species, demonstrating qualitative validity of auto- and re-scaling 
analyses. However, specific features of pseudomonas and oral dual-species biofilms were 
more prominently expressed after re-scaling. Quantitative validation was obtained by 
relating average auto- and re-scaled whiteness intensities across biofilms with volumetric 
bacterial densities in biofilms, independently obtained using enumeration of bacterial 
numbers per unit biofilm volume. Opposite to auto-scaled average whiteness intensities, 
re-scaled intensities of different biofilms increased linearly with independently determined 
volumetric bacterial densities in the biofilms. Herewith, the proposed re-scaling of 
whiteness distributions in OCT-images significantly enhances the possibilities of biofilm 
imaging using OCT. 
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Introduction 
Biofilms mostly grow on surfaces in aqueous environments, that range from marine 

and industrial to biomedical environments1,2. Biofilms have complicated, heterogeneous 
structures that influence their resistance to mechanical or chemical challenges3–5, such as 
fluid shear or detergents and other antimicrobials. However, microscopic methods available 
for non-destructive analysis of biofilm structure, while not requiring staining, are scarce and 
frequently only provide low resolution images covering a small field of view. By 
consequence, these methods yield simple morphological characteristics, such as 
substratum surface coverage or thickness6,7. Low load compression testing and analysis of 
stress relaxation over time has also been suggested as a means to evaluate biofilm structure 
over a large surface area8, but does not provide detailed structural information. Magnetic 
resonance imaging or magnetic resonance microscopy can track free water molecules in 
biofilm structures on non-metal surfaces with a limited resolution9, as opposed to bound, 
interfacial water present on any surface10.  

Optical coherence tomography (OCT) is a rapid, real-time, in situ and non-destructive 
imaging method, not requiring any staining, and is widely used in biofilm research to 
measure biofilm thickness and morphology11–16. OCT is based on light scattering by a 
substratum surface, including biofilms grown on these surfaces. Accordingly, objects with 
higher light scattering will appear whiter in an OCT image due to higher signal intensities, 
than objects with lower scattering, yielding a whiteness distribution when imaging biofilms. 
In order to measure biofilm thickness from an OCT image, the whiteness of the biofilm has 
to be distinguished from the relatively black background of its aqueous environment, which 
can be done by proper thresholding17 to define the exact position of the biofilm surface. 
However, since the biofilms itself also contains water, relatively black pixels are left inside 
the biofilm which have been tentatively ascribed to water-filled pores18. In addition, limited 
attention has been given to relatively white pixels in the biofilm with a whiteness above the 
threshold and how they possibly reflect different biomass components, such as bacteria and 
aggregates of water-insoluble extracellular polymeric substances (EPS)19. Haisch & 
Niessner20 were the first to introduce a whiteness scale bar in OCT biofilm imaging, 
representing the signal intensity of the scattered light and suggested whiteness to increase 
with volumetric bacterial density in a biofilm, but without supporting data. Whiteness 
increases in OCT images of biofilms have been observed after antimicrobial treatment of a 
biofilm, without rigorous interpretation21. Whiteness scale bars and comparisons of OCT 
images may be influenced by the auto-scaling applied in OCT instruments (fully outside the 
control of the OCT operator) to ensure that each image contains a whiteness distribution 
that covers the entire signal intensity range available. Auto-scaling of images based 
whiteness analyses have been applied to staphylococcal biofilms on stainless steel surfaces, 
but only yielded a qualitative relation between volumetric bacterial density in a biofilm and 
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biofilm whiteness in OCT images22, presumably due to differences in whiteness distribution 
across different images created by the auto-scaling.  

The objective of this study was to develop a method to analyze and quantitatively 
compare the whiteness distribution in OCT images of biofilms from which biofilm structure 
and volumetric bacterial density can be derived. A re-scaling method was developed that 
effectively removes the influence of auto-scaling across different images and allows to 
quantitatively relate volumetric bacterial density with biofilm whiteness in OCT images. 
Auto- and re-scaling methods, will be applied on biofilms composed of Gram-positive and 
Gram-negative strains with known properties, such as EPS production and ability to             
(co-)aggregate, as grown on different substratum surfaces under widely different conditions 
(static, under flow or in a constant depth film fermenter). Correspondence between 
expectations based on known properties of the biofilm forming strains with conclusions 
drawn from the auto- or re-scaling methods and enumeration of the number of bacteria in 
a biofilm, will be taken as a validation for the respective methods (see Table 1 for an 
overview of the biofilm cases involved).  
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Table 1. Summary of the different biofilm cases involved in this study, specifying the strains and 
substratum materials, growth conditions and media as well as the characteristics of the biofilms, 
expected on the basis of literature. 

Case Strain Material Growth 
condition 

Growth  
medium 

Expected biofilm 
characteristics 

Case 1 

S. epidermidis 252 
Stainless 
steel 

Static TSB 

Higher EPS 
production by S. 
epidermidis ATCC 
35984 than S. 
epidermidis 25222,23 

S. epidermidis ATCC 
35984 

Case 2 S. mutans UA159 Polystyrene Static 

BHI 
+ 0.5% 
sucrose 

More water-filled 
channels upon 
higher sucrose 
levels24 

BHI  
+ 1.0% 
sucrose 

Case 3 
P. aeruginosa ATCC 
39324 

Stainless 
steel 

Constant 
depth film 
fermenter 

LB 
Higher EPS 
production for 
biofilms  
grown in ASM than 
in LB25 

ASM 

Case 4 

S. oralis J22 

Glass Flow 

BHI+ More compact dual-
species biofilms  
due to co-
aggregation26 
as compared with  
mono-species 
biofilms 

A. naeslundii T14V-
J1 

BHI+ 

Dual-species S. 
oralis J22 and A. 
naeslundii T14V-J1 

BHI+ 
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Materials and methods 
Bacterial strains and growth conditions 

Non-EPS producing Staphylococcus epidermidis 252 and EPS producing 
Staphylococcus epidermidis ATCC 35984 were isolated from the stool of a patient and a 
catheter-associated sepsis of a patient, respectively27. Streptococcus mutans UA159 (ATCC 
700610) was isolated from a patient with active dental caries28, while also Streptococcus 
oralis J22 and Actinomyces naeslundii T14V-J1 were both isolated from the human oral 
cavity29. Pseudomonas aeruginosa ATCC 39324 was isolated from sputum from a cystic 
fibrosis patient30. Each strain was inoculated from a single colony taken from a blood agar 
plate, in a 10 ml pre-culture and grown for 24 h at 37°C. This pre-culture was inoculated in 
a 200 ml main culture, grown for 16 h at 37°C. The culture medium was Tryptone Soya Broth 
(TSB, Oxoid, Basingstoke, UK) supplemented with 0.25% D(+)glucose (C6 H12O6 , Merck, 
Darmstadt, Germany) and 0.5% NaCl (Merck) for S. epidermidis 252 and S. epidermidis ATCC 
35984; Brain Heart Infusion (BHI, Oxoid, Basingstoke, UK) supplemented with 0.5% or 1% 
(w/v) sucrose for S. mutans UA159; TSB for P. aeruginosa ATCC 39324; Todd Hewitt broth 
(THB, Oxoid) for S. oralis J22; BHI+ (BHI supplemented with 1 g/l yeast extract, 50 mg/l hemin 
and 1 mg/l menadion) for A. naeslundii T14V-J1. A. naeslundii T14V-J1 was cultured in an 
anaerobic cabinet, S. mutans UA159 in 5% CO2 while all other strains were cultured in 
ambient air. Bacteria were harvested from their main cultures by centrifugation at 5000 g, 
10°C, and washed twice with buffer, after which bacteria were enumerated using a Bürker-
Türk counting chamber.  
 
Biofilm formation  

Biofilms of the different strains were grown on different substrata according to 
previously used protocols that will be briefly repeated for clarity for the different cases (see 
also Table 1). S. epidermidis ATCC 35984 and S. epidermidis 252 biofilms were grown on 
sterile, stainless steel 304 (SS) surfaces (15 x 15 x 1 mm) coated with 10% fetal bovine serum 
(FBS) under static conditions22. After allowing bacterial adhesion for 1 h from a 1 × 109 
bacteria/ml bacterial suspension in TSB, the suspension was replaced by medium without 
staphylococci and biofilms were grown for 48 h at 37°C, after which biofilms were washed 
with reduced transport fluid31 for subsequent experiments.  

For S. mutans UA159 biofilms, a buffer suspension (1 mM CaCl2, 2 mM potassium 
phosphate, 50 mM KCl, pH 6.8, bacterial concentration of 3 × 108 bacteria/ml was added in 
a 24 wells polystyrene plate (Greiner Bio-One GmbH, Frickenhausen, Germany) under static 
conditions for 2 h at 37°C under 5% CO2 to allow streptococci to adhere. After adhesion, the 
buffer was removed and carefully washed with buffer, 1 ml BHI with 0.5% or 1% sucrose 
(w/v) was added and the plate was incubated for 24 h under static conditions after which 
biofilms were washed with buffer for subsequent OCT experiments.    
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Biofilms of P. aeruginosa ATCC 39324 were grown on SS disks in a constant depth 
film fermenter (CDFF)25 at 37°C. Sample holders were recessed to a well-depth of 100 µm 
and placed into so-called pans (5 sample holders per pan), of which 15 pans could be placed 
in the CDFF turntable. Two hundred ml bacterial (5 × 107 bacteria/ml) suspension in TSB was 
drop-wise added on the turntable during 1 h, while the turntable was rotating at 3 
revolutions per min and bacterial suspension was distributed over the sample holders in the 
various pans by a Teflon scraper-blade. After 1 h, rotation was stopped for 30 min to allow 
bacteria to adhere to the stainless steel surfaces. Next, rotation was continued and Luria-
Bertani broth (LB, Sigma-Aldrich, St Louis, MO, USA) broth or artificial sputum medium32 
(ASM, per liter: 4 g DNA, 5 g mucin, 5 ml egg yolk emulsion, 5 g NaCl, 2.2 g KCl, 5 g amino 
acids, pH 7.0) was drop-wise added at a flow rate of 15 ml/h for 18 h, while the scraper 
blade removed biofilm growing above the wells in order to grow constant depth biofilms 
with 100 μm thickness. After 18 h, the stainless disks with biofilms were washed and 
submerged in phosphate buffered saline (PBS, 10 mM potassium phosphate, 150 mM NaCl, 
pH 7.0) for subsequent experiments. 

Biofilms of the S. oralis J22/A. naeslundii T14V-J1 co-adhering pair and each single 
strain were grown on a salivary conditioning film covered glass surface, constituting the 
bottom plate of a parallel plate flow chamber (17 x 1.7 x 0.075 cm) at 37°C33. A. naeslundii 
T14V-J1 was suspended in buffer (1 mM CaCl2, 2 mM potassium phosphate, 50 mM KCl, pH 
6.8) supplemented with 2% BHI+ to a concentration of 1 × 108 bacteria/ml, while S. oralis 
J22 was suspended to a concentration of 3 × 108 bacteria/ml. Briefly, for single strain 
biofilms, bacterial suspension was perfused through the flow chamber at 10/s for 2 h after 
which the buffer was replaced by growth medium for overnight growth at 3/s. For biofilms 
of the co-adhering pair, A. naeslundii T14V-J1 was adhered first for 15 min at 10/s, followed 
by rinsing and co-adhesion of S. oralis J22 for 2 h and buffer was replaced by 50% diluted 
BHI+ in buffer for 16 h growth at 3/s. After growth, the flow chamber was rinsed with buffer 
and biofilms were imaged using the OCT while in the flow chamber and subsequently 
removed for further experiments. 
 
OCT Measurements and the whiteness analysis of OCT 2D images 

Biofilms were imaged using an OCT Ganymede II (Thorlabs Ganymede, Newton, NJ, 
USA) with a 930 nm center wavelength white light beam and a Thorlabs LSM03 objective 
scan lens. Imaging frequency was 30 kHz and the refractive index of biofilm was set as 1.33, 
equal to the one of water. 2D images had fixed 5000 pixels with variable pixel size, 
depending on magnification in the horizontal direction, while containing a variable number 
of pixels with 2.68 µm pixel size in the vertical direction. The back-scattered light from a 
sample was captured by a CCD camera and the analogue voltage output of the camera was 
set such that the average light signal intensity over an entire 2D image was zero. Next 
whiteness was expressed in decibel units with respect to an internal reference signal 
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which the buffer was replaced by growth medium for overnight growth at 3/s. For biofilms 
of the co-adhering pair, A. naeslundii T14V-J1 was adhered first for 15 min at 10/s, followed 
by rinsing and co-adhesion of S. oralis J22 for 2 h and buffer was replaced by 50% diluted 
BHI+ in buffer for 16 h growth at 3/s. After growth, the flow chamber was rinsed with buffer 
and biofilms were imaged using the OCT while in the flow chamber and subsequently 
removed for further experiments. 
 
OCT Measurements and the whiteness analysis of OCT 2D images 

Biofilms were imaged using an OCT Ganymede II (Thorlabs Ganymede, Newton, NJ, 
USA) with a 930 nm center wavelength white light beam and a Thorlabs LSM03 objective 
scan lens. Imaging frequency was 30 kHz and the refractive index of biofilm was set as 1.33, 
equal to the one of water. 2D images had fixed 5000 pixels with variable pixel size, 
depending on magnification in the horizontal direction, while containing a variable number 
of pixels with 2.68 µm pixel size in the vertical direction. The back-scattered light from a 
sample was captured by a CCD camera and the analogue voltage output of the camera was 
set such that the average light signal intensity over an entire 2D image was zero. Next 
whiteness was expressed in decibel units with respect to an internal reference signal 
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intensity, generated in the OCT and decibel units digitized over a discrete whiteness scale 
ranging from 0 a.u. (darkest pixel in the image) to 255 a.u. (whitest pixel in the image) in 
order to generate a 2D image. Since this entire procedure is fully out of control of the OCT 
operator, in this chapter such obtained images will be called “auto-scaled” images. Thus 
obtained pixel whiteness intensities were collected for ten 2D images of each biofilm 
(Labview 2014, National Instrument, Austin, Texas, USA) and computer-stored for further 
analysis. The thickness of the biofilms was calculated after Otsu thresholding17 of a biofilm 
image, while averaging biofilm thicknesses obtained over ten images. 

In addition to imaging biofilms, bacterial suspensions of the different strains in an 
aqueous medium over a wide range of bacterial concentrations (quantitated by the optical 
density OD600 nm) were also imaged using OCT in order to directly relate bacterial density 
in an aqueous medium with OCT whiteness.   
 
Calculation of volumetric bacterial density 

For the determination of the volumetric bacterial density in the different biofilm 
cases, biofilms were removed from the different sample surfaces with a sterile disposable 
cell scraper (Merck, Darmstadt, Germany), after which bacteria were dispersed in buffer. 
The dispersed biofilms were sonicated 3 times on ice at 30 W (Vibra Cell Model 375, Sonics 
and Materials Inc., Danbury, CT, USA) for 10 s each time with 30 s interval to obtain single 
bacteria. Then, the bacterial concentrations in the suspensions were enumerated in a 
Bürker–Türk counting chamber and the volumetric bacterial density in the biofilms was 
calculated by dividing the total number of bacteria on a sample by the total biofilm volume, 
i.e. the biofilm covered substratum surface area multiplied by the biofilm thickness, as 
determined using OCT. 
 
Results and discussion 
OCT imaging 

First, 2D OCT images were made of the biofilms (Figure 1), representing the four 
different cases summarized in Table 1. All four cases showed distinctly different features 
within 2D cross-sectional OCT images of the different biofilms. For statically grown 
staphylococcal biofilms, EPS producing S. epidermidis ATCC 35984 possessed a smoother 
biofilm surface than its non-EPS producing counterpart. Statically grown S. mutans biofilm 
surfaces appeared quite rough and had clearly enhanced porosity when grown at the higher 
sucrose concentration. Both CDFF grown P. aeruginosa biofilms had the same thickness and 
were relatively smooth at their surfaces, due to the action of the CDFF scraper.  

The S. oralis single-species biofilm grown under flow, appeared smoother than the 
S. mutans biofilms grown statically, while single-species biofilms of rod-shaped A. naeslundii 
and A. naeslundii containing dual-species biofilms looked rougher despite also being grown 
under flow.  
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Most noticeably, whereas the aqueous environments above the different case 
biofilms appeared relatively black (auto-scaled intensity of the blackest pixel 0 a.u.), the 
substratum surfaces, i.e. either stainless steel, polystyrene or glass, appeared as the whitest 
region (auto-scaled intensity of the whitest pixel 255 a.u.). Despite the auto-scaling, the 
image examples in Figure 1 represent different whiteness intensities for water above the 
biofilms, with the water above the dual-species biofilms appearing most white (case 4). 
Although there evidently is water above all biofilms, the region above the biofilms appears 
least white above the examples of staphylococcal biofilms (case 1). This represents the main 
problem in comparing OCT images of different biofilms or on different substrata based on 
whiteness intensities and simple whiteness scale bars. The first reason that water possesses 
a different whiteness intensity above different biofilms is due to the occurrence of single, 
extremely black pixels, invisible in an image due to their small size, but determinant for the 
auto-scaling. A second reason is that proper focusing is extremely important. According to 
the Thorlab OCT manual, the focus point should be set just below the surface of the object 
to be imaged, which is not trivial for a biofilm surface. This is illustrated in Figure 2, showing 
the effect of slightly miss-focusing too high above, or too low inside a 300 µm thick 
homogeneous MRS agar layer. A constant whiteness intensity across the entire thickness of 
the agar with a relatively black background (whiteness intensity around 28 a.u.) is obtained 
for the “correct” focus point just below the agar surface. Purposely focusing too high or too 
low, not only led to whiteness intensities that varied over the thickness of the homogeneous 
agar layer, but also to different whiteness intensities of the water above the agar, similar to 
the differences in whiteness seen above the different biofilm cases in Figure 1. The constant 
whiteness intensity over the depth of a 300 µm thick homogeneous MRS agar layer, also 
implies that whiteness analysis along the depth of a biofilm is not influenced by the decline 
of the signal-to-noise ratio15 along the optical axis of the OCT device over the thickness of 
the biofilms studied.  
 



3

44 

 

intensity, generated in the OCT and decibel units digitized over a discrete whiteness scale 
ranging from 0 a.u. (darkest pixel in the image) to 255 a.u. (whitest pixel in the image) in 
order to generate a 2D image. Since this entire procedure is fully out of control of the OCT 
operator, in this chapter such obtained images will be called “auto-scaled” images. Thus 
obtained pixel whiteness intensities were collected for ten 2D images of each biofilm 
(Labview 2014, National Instrument, Austin, Texas, USA) and computer-stored for further 
analysis. The thickness of the biofilms was calculated after Otsu thresholding17 of a biofilm 
image, while averaging biofilm thicknesses obtained over ten images. 

In addition to imaging biofilms, bacterial suspensions of the different strains in an 
aqueous medium over a wide range of bacterial concentrations (quantitated by the optical 
density OD600 nm) were also imaged using OCT in order to directly relate bacterial density 
in an aqueous medium with OCT whiteness.   
 
Calculation of volumetric bacterial density 

For the determination of the volumetric bacterial density in the different biofilm 
cases, biofilms were removed from the different sample surfaces with a sterile disposable 
cell scraper (Merck, Darmstadt, Germany), after which bacteria were dispersed in buffer. 
The dispersed biofilms were sonicated 3 times on ice at 30 W (Vibra Cell Model 375, Sonics 
and Materials Inc., Danbury, CT, USA) for 10 s each time with 30 s interval to obtain single 
bacteria. Then, the bacterial concentrations in the suspensions were enumerated in a 
Bürker–Türk counting chamber and the volumetric bacterial density in the biofilms was 
calculated by dividing the total number of bacteria on a sample by the total biofilm volume, 
i.e. the biofilm covered substratum surface area multiplied by the biofilm thickness, as 
determined using OCT. 
 
Results and discussion 
OCT imaging 

First, 2D OCT images were made of the biofilms (Figure 1), representing the four 
different cases summarized in Table 1. All four cases showed distinctly different features 
within 2D cross-sectional OCT images of the different biofilms. For statically grown 
staphylococcal biofilms, EPS producing S. epidermidis ATCC 35984 possessed a smoother 
biofilm surface than its non-EPS producing counterpart. Statically grown S. mutans biofilm 
surfaces appeared quite rough and had clearly enhanced porosity when grown at the higher 
sucrose concentration. Both CDFF grown P. aeruginosa biofilms had the same thickness and 
were relatively smooth at their surfaces, due to the action of the CDFF scraper.  

The S. oralis single-species biofilm grown under flow, appeared smoother than the 
S. mutans biofilms grown statically, while single-species biofilms of rod-shaped A. naeslundii 
and A. naeslundii containing dual-species biofilms looked rougher despite also being grown 
under flow.  

45 

 

Most noticeably, whereas the aqueous environments above the different case 
biofilms appeared relatively black (auto-scaled intensity of the blackest pixel 0 a.u.), the 
substratum surfaces, i.e. either stainless steel, polystyrene or glass, appeared as the whitest 
region (auto-scaled intensity of the whitest pixel 255 a.u.). Despite the auto-scaling, the 
image examples in Figure 1 represent different whiteness intensities for water above the 
biofilms, with the water above the dual-species biofilms appearing most white (case 4). 
Although there evidently is water above all biofilms, the region above the biofilms appears 
least white above the examples of staphylococcal biofilms (case 1). This represents the main 
problem in comparing OCT images of different biofilms or on different substrata based on 
whiteness intensities and simple whiteness scale bars. The first reason that water possesses 
a different whiteness intensity above different biofilms is due to the occurrence of single, 
extremely black pixels, invisible in an image due to their small size, but determinant for the 
auto-scaling. A second reason is that proper focusing is extremely important. According to 
the Thorlab OCT manual, the focus point should be set just below the surface of the object 
to be imaged, which is not trivial for a biofilm surface. This is illustrated in Figure 2, showing 
the effect of slightly miss-focusing too high above, or too low inside a 300 µm thick 
homogeneous MRS agar layer. A constant whiteness intensity across the entire thickness of 
the agar with a relatively black background (whiteness intensity around 28 a.u.) is obtained 
for the “correct” focus point just below the agar surface. Purposely focusing too high or too 
low, not only led to whiteness intensities that varied over the thickness of the homogeneous 
agar layer, but also to different whiteness intensities of the water above the agar, similar to 
the differences in whiteness seen above the different biofilm cases in Figure 1. The constant 
whiteness intensity over the depth of a 300 µm thick homogeneous MRS agar layer, also 
implies that whiteness analysis along the depth of a biofilm is not influenced by the decline 
of the signal-to-noise ratio15 along the optical axis of the OCT device over the thickness of 
the biofilms studied.  
 



46 

 

 
Figure 1. 2D cross-sectional OCT images of the four case biofilms evaluated. Whiteness intensities 
were auto-scaled by the OCT instrument, out of operator-control. The scale bars indicate 100 µm. 
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Figure 2. Influence of the OCT focus point on the whiteness intensity distribution across a 2D cross-
sectional image of a homogeneous agar layer. OCT images represent the cross-sectional view of a MRS 
agar layer at different focus points, indicated by the arrows. For each image, the average whiteness 
intensity is presented as a function of the height in the agar layer. Scale bars equal 200 µm.  
 
 
Re-scaling of the whiteness distribution 

Since OCT measures the back-scattered light from a sample, large objects like 
bacterial aggregates will scatter more light than a single bacterium or EPS molecules and 
thus bacterial aggregates will show a higher whiteness than EPS molecules or water. This is 
demonstrated in Figure 3, in which the OCT signal intensity, i.e. the whiteness of OCT images 
taken of bacterial suspensions in an aqueous medium, is plotted as a function of the 
bacterial concentration in suspension, expressed as an optical density. Clearly, whiteness 
increases linearly with increasing bacterial concentrations regardless of the strain or species 
involved. Therefore, the whiteness intensity distribution within a biofilm can be expected 
to reflect bacterial presence, or the presence of (non-water-soluble) EPS molecules. In order 
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to allow quantitative comparison of different biofilm images, the influence of the auto-
scaling (see Figure 1), needs to be eliminated to which end we developed a new, re-scaling 
method, as explained in Figure 4. Note that in the re-scaling method proposed, the average 
whiteness of a biofilm-free substratum is used as the new maximal whiteness intensity and 
adjusted to a value of value 255 a.u. Average substratum whiteness intensities in absence 
of biofilm prior to re-scaling were 84, 85 and 83 a.u. for SS, glass, and polystyrene, 
respectively. The rescaled whiteness intensity of pixel i (Ii) is 
 

Ii=
(I0-Iw) × 255

Is
        (1) 

 
where I0 is the original pixel intensity before rescaling, Iw is the average whiteness intensity 
of water above the biofilm excluding the potential pixels that are regarded as floating 
bacteria or bacterial clusters by Otsu thresholding, Is is the whiteness intensity of the 
biofilm-free substratum.  
 
 

 
Figure 3. Average whiteness intensity (auto-scaled) as a function of the OD600 values for bacterial 
suspensions in PBS with different concentrations of S. epidermidis 252, S. epidermidis ATCC 35984, P. 
aeruginosa 39324, S. mutans UA159 or S. oralis J22. Different strains are indicated by different 
symbols, but not further specified due to overlap of data points at similar optical densities. Drawn 
lines represent the best fit to an assumed linear relation with correlation coefficient R2 and 
significance of the slope p indicated. 
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Figure 4. Auto- and re-scaling based analyses of 2D cross-sectional OCT images.  
(a) The back-scattered light from the measured sample is collected by the OCT camera and outputted 
as analogue voltage. Panel a showed an example of the output voltage in the Z-direction perpendicular 
to the substrate. Note the OCT adjust the level of zero voltage to ensure zero average output over an 
entire image. 
(b) In the subsequent auto-scaling process, voltage is firstly expressed in decibel units with respect to 
a reference intensity provided by the instruments after which the decibel scale is digitized in 256 
discrete values from to 0 and 255 a.u. (panel b1) to yield the image provided in panel b2. Whiteness 
distribution in auto-scaled images is done entirely by the OCT instrument and out of operator control. 
(c) Next, Otsu thresholding17 is applied on the OCT image to determine the biofilm surface (green line), 
while the substratum surface is visually identified based on the abrupt increase in whiteness intensity 
as compared with the biofilm interior. In order to avoid a potential impact of the whiteness of the 
substratum material on the whiteness of the biofilm, for calculational purposes the substratum 
surface was positioned 3 µm above the visually identified surface (red line). 
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(d) In the proposed re-scaling process, the average auto-scaled whiteness above the biofilm surface, 
as identified by Otsu thresholding, is given a new whiteness intensity value of 0 a.u., while the 
separately measured, average whiteness of a biofilm-free substratum is used and adjusted to a 
whiteness intensity value of 255 a.u. (panel d1). A new OCT image is subsequently generated with the 
re-scaled whiteness distribution (panel d2).  
  
 
Comparison of auto- and rescaling methods for analysis of biofilm structure: whiteness as a 
function of height in the biofilm  

The auto- and re-scaling based analyses were applied on OCT images of the four 
biofilm cases (see Table 1, Figure 1). In order to determine the validity of both methods, 
results will first be compared with the expected structural properties of each of the biofilm 
cases. 

In order to evaluate the merits of the different methods with regards to EPS 
production in biofilms, S. epidermidis 252 (non-EPS producing) and S. epidermidis ATCC 
35984 (EPS producing) were included (Figure 1, case 1). Under the static growth conditions 
applied, both staphylococcal strains grew biofilms with a similar thickness of 50 µm (S. 
epidermidis 252) to 54 µm (S. epidermidis ATCC 35984). EPS producing S. epidermidis ATCC 
35984 had slightly lower bacterial density (0.16 bacteria/µm3) than non-EPS producing S. 
epidermidis 252 (0.20 bacteria/µm3). These structural features are schematically 
summarized in Figure 5a. Both auto- and re-scaling analyses (Figures 5b and 5c, respectively) 
showed a significantly (one-tailed and paired student t-test with p < 0.05) higher average 
biofilm whiteness across the height of EPS producing S. epidermidis ATCC 35984 than of 
non-EPS producing S. epidermidis 252, although significance was not observed when 
comparing whiteness intensities at a given height. Volumetric density of the EPS producing 
S. epidermidis ATCC 35984 was probably lowest due to volume occupation by EPS.  
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Figure 5. Biofilm whiteness analysis of OCT images: biofilms of non-EPS producing S. epidermidis 252 
and EPS producing S. epidermidis ATCC 35984.  
(a) Schematic presentation of non-EPS producing S. epidermidis 252 and EPS producing S. epidermidis 
ATCC 35984 biofilms (see Table 1) and their measured thickness (derived using Otsu thresholding of 
auto-scaled OCT images) and volumetric bacterial density, calculated from the biofilm thickness and 
enumeration of the number of bacteria in the biofilm. 
(b) Whiteness intensity as a function of biofilm height (%) for S. epidermidis 252 and S. epidermidis 
ATCC 35984 biofilms in auto-scaling analysis. 
(c)) Same as (b), but now in re-scaling analysis. 
Error bars indicate standard deviations over triplicate experiments with separate bacterial cultures. 
 
 

Higher amounts of sucrose during growth of S. mutans biofilms yields biofilms with 
more water-filled channels (see Table 1)24. In our study, biofilms grown with 1% sucrose 
added were found to be twice as thick (119 µm), but with lower bacterial density (0.08 
bacteria µm3) than biofilm grown with 0.5% sucrose added. The above characteristics are 
shown schematically in Figure 6a. Accordingly, streptococcal biofilms grown with a higher 
amount of sucrose appeared on average significantly (one-tailed and paired student t-test 
with p < 0.05) less white across the entire depth of the biofilms both in auto- and re-scaling 
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analyses (Figures 6b and 6c, respectively) due to the possession of more water-filled voids 
and pores. In addition, whiteness analyses indicated that especially at heights in the middle 
of the biofilms, significantly more water-filled voids and pores are present.   
 
 

 
Figure 6. Biofilm whiteness analysis of OCT images: S. mutans UA159 biofilms grown in medium with 
0.5% or 1% sucrose added.  
(a) Schematic presentation of S. mutans biofilms grown in medium with 0.5% or 1% sucrose added 
(see Table 1) and measured thickness and volumetric bacterial density. 
(b) Whiteness intensity as a function of biofilm height (%) for S. mutans biofilms grown with 0.5% or 
1% sucrose added in auto-scaling analysis. 
(c) Same as (b), but now in re-scaling analysis. 
Error bars indicate standard deviations over triplicate experiments with separate bacterial cultures. 
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Biofilms of P. aeruginosa strains (case 3) were grown in a CDFF to yield a thickness 
of 100 µm in LB and ASM medium. Biofilms grown in LB had similar bacterial density (0.21 
bacteria µm3) as in ASM (0.22 bacteria µm3). Growth in ASM medium was expected to yield 
a more EPS-rich matrix than growth in LB medium25, as schematically indicated in Figure 7a. 
However, auto-scaling analysis did not show any significant difference between whiteness 
distribution across LB and ASM grown biofilms (Figure 7b). Re-scaling analysis on the other 
hand (Figure 7c), showed significantly whiter (one-tailed and paired student t-test with p < 
0.05) pseudomonas biofilm regions near to the substratum surfaces when grown in ASM 
than when grown in LB medium, presenting a clear advantage over re-scaling analyses 
compared to auto-scaling analyses. Potentially, scraper action has dragged EPS out of the 
outer regions of the biofilms. 

Single-species and dual-species oral biofilms of co-aggregating pairs were grown, 
giving rise to variations in thickness, but most notably to a higher volumetric bacterial 
density in dual-species biofilms (see Figure 8a for schematics) due to co-aggregation of S. 
oralis J22 with A. naeslundii T14V-J1 (see also Table1), yielding less water voids or 
channels26. Whiteness intensities across the depth of the biofilms obtained by auto-scaling 
analyses did not reveal any significant difference between single-species biofilms nor 
between single- and dual-species biofilms (Figure 8b). On average across the depth of the 
biofilms, the re-scaling analyses showed the expected higher whiteness intensity of dual-
species biofilms as compared with S. oralis J22 (p < 0.05, one-tailed and paired student t-
test), but not with respect to A. naeslundii T14V-J1 probably because volumetric bacterial 
densities were similar for A. naeslundii and dual-species biofilms (Figure 8c). Greater 
whiteness of dual-species biofilms in re-scaling analyses was especially evident nearest to 
the substratum. This suggest a gradient in bacterial composition in dual-species biofilms 
across the depth of the biofilms, created because A. naeslundii was first seeded on the 
substratum surface after which the streptococci were allowed to co-adhere and grow in 
concert with the adhering actinomyces. 
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channels26. Whiteness intensities across the depth of the biofilms obtained by auto-scaling 
analyses did not reveal any significant difference between single-species biofilms nor 
between single- and dual-species biofilms (Figure 8b). On average across the depth of the 
biofilms, the re-scaling analyses showed the expected higher whiteness intensity of dual-
species biofilms as compared with S. oralis J22 (p < 0.05, one-tailed and paired student t-
test), but not with respect to A. naeslundii T14V-J1 probably because volumetric bacterial 
densities were similar for A. naeslundii and dual-species biofilms (Figure 8c). Greater 
whiteness of dual-species biofilms in re-scaling analyses was especially evident nearest to 
the substratum. This suggest a gradient in bacterial composition in dual-species biofilms 
across the depth of the biofilms, created because A. naeslundii was first seeded on the 
substratum surface after which the streptococci were allowed to co-adhere and grow in 
concert with the adhering actinomyces. 
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Figure 7. Biofilm whiteness analysis of OCT images of P. aeruginosa ATCC 39324 biofilms grown in LB 
and ASM medium.  
(a) Schematic presentation of P. aeruginosa biofilms grown in LB and ASM medium (see Table 1) and 
measured thickness and volumetric bacterial density. Note that due to growth in a CDFF, thicknesses 
are identical. 
(b) Whiteness intensity as a function of biofilm height (%) for P. aeruginosa biofilms grown in LB or 
ASM medium in auto-scaling analysis. 
(c) Same as (b), but now in re-scaling analysis 
Error bars indicate standard deviations over triplicate experiments with separate bacterial cultures. 
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Comparison of auto- and rescaling methods for analysis of biofilm structure: relation 
between whiteness and volumetric bacterial density in biofilms 

In order make a comparison between auto- and re-scaling methods of OCT images, 
volumetric bacterial densities of all biofilms are presented as a function of the average 
whiteness of the biofilms, as calculated from auto- (Figure 9a) and re-scaling (Figure 9b) 
analyses. Eliminating auto-scaling by our proposed re-scaling method, yielded a significant 
linear relation between whiteness and volumetric bacterial density in a biofilm with 
whiteness increasing with increasing density. Auto-scaling of OCT images clearly does not 
yield statistically reliable, quantitative conclusions to be drawn across different biofilms and 
different substratum surfaces regarding bacterial density. Thus it can be concluded that the 
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proposed re-scaling removed the impediment associated with auto-scaling to quantitatively 
compare individual images.  

Within the current collection of biofilms, volumetric bacterial densities of the 
different biofilms varied by a factor of 3, which covers the range of density variation for 
different biofilms in the literature34–36. Since distances between biofilm inhabitants have 
been reported to range between 1 and 3 µm37, volumetric bacterial densities in biofilms are 
generally low, as compared e.g. with the closest hexagonal packing of a 1 µm diameter 
sphere yielding a volumetric density of 1.5 µm38. This confirms that most volume in biofilms 
is occupied by water with or without dissolved EPS. Importantly, the relation between 
average whiteness of biofilms in OCT images and volumetric bacterial density in a biofilm 
allows to non-destructively determine the volumetric bacterial density in biofilms solely on 
the basis of OCT imaging. 
 
 

 
Figure 9. Average whiteness intensity as a function of the volumetric bacterial density for all individual 
biofilms grown of the different cases in auto- (panel a) and re-scaling analysis (panel b). Drawn lines 
represent the best fit to an assumed linear relation with correlation coefficient R2 and significance of 
the slope p indicated. Dotted lines represent 95% confidence intervals. 
 
 
 
 
 
 
 

57 

 

Conclusions 
A re-scaling method is presented that undoes the effects of auto-scaling in OCT 

images and therewith allows to compare whiteness distributions in different OCT images of 
different biofilms, including multi-species ones and on different substratum materials. 
Qualitatively, both auto- and re-scaled whiteness intensities as a function of depth in 
different biofilms could be interpreted in line with biofilm characteristics expected on the 
basis of literature for the different biofilms. However, specific features of pseudomonas and 
oral dual-species biofilms were more prominently expressed after re-scaling. Average re-
scaled whiteness intensities of different biofilms increased linearly with independently 
determined volumetric bacterial densities in the biofilms, therewith quantitatively 
validating the re-scaling method proposed. Herewith the proposed re-scaling of the 
whiteness distribution in OCT images of biofilms significantly enhances the usefulness of 
OCT biofilm imaging, as applicable on an entire biofilm image, but as can also be applied on 
image sections, representing e.g. high density bacterial clusters.  
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Abstract  
Pseudomonas aeruginosa colonizes the sputum of most adult cystic fibrosis patients, 

forming hard to eradicate biofilms, in which bacteria are protected in their self-produced 
EPS-matrix. EPS provides biofilms with viscoelastic properties, causing time-dependent 
relaxation after stress-induced deformation, according to multiple characteristic time-
constants. These time-constants reflect different biofilm (matrix) components. Since 
viscoelasticity of biofilms has been related with antimicrobial penetration, but not yet with 
bacterial killing, this study aims to relate killing of P. aeruginosa in its biofilm-mode of 
growth by three antimicrobials with biofilm viscoelasticity. P. aeruginosa biofilms were 
grown for 18 h in a constant depth film fermenter, either with mucin-containing artificial 
sputum medium (ASM), artificial sputum medium without mucin (ASM-), or Luria-Bertani 
broth (LB). This yielded 100 µm thick biofilms, that differed in their amounts of matrix eDNA 
and polysaccharides. Low load compression testing followed by three-element Maxwell 
analyses, showed that the fastest relaxation component, associated with unbound water, 
was most important in LB grown biofilms. Slower components due to water with dissolved 
polysaccharides, insoluble polysaccharides and eDNA, were most important in relaxation of 
ASM grown biofilms. ASM- grown biofilms showed intermediate stress relaxation. P. 
aeruginosa in LB grown biofilms were killed most by exposure to tobramycin, colistin or an 
antimicrobial peptide, while ASM provided the most protective matrix with less water and 
most insoluble polysaccharides and eDNA. Concluding, stress relaxation of P. aeruginosa 
biofilms grown in different media revealed differences in matrix composition that, within 
the constraints of the antimicrobials and growth media applied, correlated with the matrix 
protection offered against different antimicrobials.  
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Introduction 
Gram-negative Pseudomonas aeruginosa biofilms play an important role in chronic 

wound infections, otitis media, biomaterial-associated infections and cystic fibrosis (CF) 
pneumonia1. CF is characterized by the formation of thick mucus layers in the lungs, which 
makes it a suitable environment for P. aeruginosa to form biofilms2. Approximately 80% of 
all adult CF patients are chronically infected by mucoid P. aeruginosa, which results in 
chronic illness and potentially death3. Biofilm infections, including CF, are difficult to treat 
because the infecting bacteria surround themselves in a self-produced matrix of 
extracellular polymeric substances (EPS)4. This can result in up to 1000 times larger 
recalcitrance to antimicrobials than planktonic bacteria possess5. Multiple mechanisms 
have been described for this recalcitrance of bacteria in a biofilm-mode of growth, such as 
reduced metabolic activity, presence of persister cells and hampered penetration of 
antimicrobials into biofilms3. The EPS matrix in P. aeruginosa biofilms mainly consists of 
water, proteins, lipids, eDNA and polysaccharides6. The hallmark of CF infections caused by 
P. aeruginosa is the overproduction of polysaccharides, which negatively impacts survival 
of CF patients7 as it facilitates strong bacterial binding and therewith hampering clearance 
from the lungs as well as providing protection against the host immune system and 
antimicrobials.  

EPS provides biofilms with viscoelastic properties. Elasticity relates to an immediate 
return of a material to its original shape after stress application, while viscoelasticity is the 
time-dependent, partial resumption of the original shape of a material after being 
deformed. The time-dependent resumption of the biofilm shape after stress application can 
be subjected to a Maxwell analysis8–10 to identify different stress relaxation processes 
occurring in a biofilm. Empirically, stress relaxation in biofilms has been divided in a fast 
relaxation (stress relaxation time range 0 - 5 s) due to fast flow of water with its low 
viscosity, a slow component (> 100 s) related to re-positioning of bacterial cells and an 
intermediate component (5 - 100 s) caused by flow of more viscous EPS. Chlorohexidine 
penetration and bacterial killing in oral biofilms related with biofilm viscoelasticity, 
decreasing with increasing prevalence of the fastest, water-due component and increasing 
with increasing prevalence of the slowest component associated with bacterial re-
arrangement8. Accordingly, viscoelasticity of a biofilm has been called a virulence factor11. 
More detailed principal component analysis attributed stress relaxation time ranges to 
three principal components due to water and soluble polysaccharides (0.01 – 3 s), EPS 
components, like insoluble polysaccharides (3 – 70 s), comprising a principal component 
exclusively due to eDNA (10 – 25 s)9. Collectively, these relatively fast components related 
inversely with slow stress relaxation possessing time range constants >70 s, while being due 
to bacterial cell re-arrangement9.  

However, although the viscoelastic properties of biofilms have been related to the 
combined effects of antimicrobial penetration and killing that jointly define “recalcitrance”, 
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no direct relation between the viscoelasticity of a biofilm and antimicrobial killing has been 
established. Therefore, the aim of study is to relate the viscoelasticity of P. aeruginosa 
biofilm with the killing of biofilm inhabitants by tobramycin, colistin or an antimicrobial 
peptide at different concentrations. To this end, P. aeruginosa biofilms were grown in a 
constant depth film fermenter (CDFF) in mucin containing artificial sputum medium (ASM), 
bearing similarity to the lung environment12, artificial sputum medium without mucin   
(AMS-) or Luria-Bertani broth (LB), a high-nutrient, standard laboratory medium. 
Viscoelasticity of the biofilm will be determined from the stress relaxation of deformed 
biofilm and subsequent Maxwell analyses of the relaxation time-constants.  
 
Results 
Growth rate and antimicrobial susceptibility of planktonic P. aeruginosa in different media.  

No differences were observed in the growth rate of planktonic, mucoid P. aeruginosa 
ATCC 39324, a clinical CF isolate, when bacteria were grown in ASM, ASM-, or LB (Figure 1a). 
The minimal bactericidal concentrations (MBC) against planktonic P. aeruginosa ATCC 
39324 grown in different media are shown in the Table inset to Figure 1 (Figure 1b). 
Tobramycin and colistin yielded the same MBC regardless of the growth medium used, but 
for the antimicrobial peptide AA-230, the MBC of P. aeruginosa grown in ASM and ASM- 
was 4 times higher than of bacteria grown in LB.  
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Antimicrobial agent MBC in ASM (µg/ml) MBC in ASM-(µg/ml) MBC in LB (µg/ml) 
Tobramycin 16 16 16 

Colistin 128 128 128 
AA-230 128 128 32 

Figure 1. Planktonic growth curve and minimal bactericidal concentration (MBC) of P. aeruginosa ATCC 
39324 in ASM, ASM- and LB medium. 
(a) The number of CFU/ml in planktonic cultures as a function of time in different growth media. 
Growth curves were done in duplicate, error bars denoting the difference between the two 
experiments. 
(b) MBC of planktonic P. aeruginosa upon 24 h exposure to the different antimicrobials in PBS. MBC 
values were determined in three-fold with separately grown bacterial cultures, yielding no differences 
in MBC values. 
 
 
Characteristics and matrix composition of differently grown P. aeruginosa biofilms 

Biofilms of P. aeruginosa ATCC 39324 were grown in a constant depth film fermenter 
(CDFF) with ASM, ASM- and LB for 18 h, employing wells with a depth of 100 µm13. Biofilms 
were imaged using optical coherence tomography (OCT) and using confocal laser scanning 
microscopy (CLSM) after staining (Figure 2a and 2b, respectively). 2D cross-sectional OCT 
images (Figure 2a) confirmed that on average, all biofilms grown were 100 µm thick (Figure 
3a), irrespective of the growth medium applied. Standard deviations over the thickness of 
biofilms grown in ASM medium with a surplus of mucin (22%; over three different CDFF 
runs, taking 10 biofilms out of each run) were on average two-fold larger than of biofilms 
grown in absence of a surplus of mucin (11% in both ASM- and LB medium). In CLSM images, 
biofilms grown with ASM showed a heterogeneous distribution of microcolonies 
surrounded by microchannels (Figure 2b). Biofilms grown with LB had a highly 
homogeneous structure, without microcolonies and less obvious microchannels. Biofilms 
grown with ASM- displayed an intermediate structure compared to the biofilms in ASM and 
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LB media. COMSTAT analysis demonstrated no significant differences in biovolume of the 
biofilms (Figure 3b). Metabolic activity of biofilms grown with ASM, ASM- and LB also 
showed no significant differences (Figure 3c). Concentrations of eDNA (Figure 3d) were 
similar in ASM and ASM- biofilms and higher than in the LB biofilms. Polysaccharides 
concentrations (Figure 3e) were similar in ASM- and LB biofilm, while highest in the ASM 
biofilm. No differences were found in protein concentration (Figure 3f) and water content 
(Figure 3g). Significant differences in P. aeruginosa biofilm characteristics are summarized 
in Table 1. 
 
 
Table 1. Summary of the statistically significant differences in P. aeruginosa ATCC 39324 biofilm 
characteristics grown in ASM, ASM- or LB media and their killing by antimicrobials (taking tobramycin, 
colistin and the antimicrobial peptide AA-230 together). = means no significant difference, > means 
significant difference at p < 0.05. 

Biofilm characteristic No difference/ difference 
Matrix eDNA ASM = ASM- > LB 
Matrix polysaccharides ASM > ASM- = LB 
Stress relaxation time < 0.75 s LB > ASM- > ASM 
0.75 s < Stress relaxation time < 3 s ASM > ASM- > LB 
3 s < Stress relaxation time < 10 s ASM > LB; ASM = ASM-; LB = ASM- 
10 s < Stress relaxation time < 25 s ASM > LB; ASM = ASM-; LB = ASM- 
Antimicrobial killing LB > ASM- ≥ ASM 
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Figure 2. Microscopic images of P. aeruginosa ATCC 39324 biofilms grown in ASM, ASM- and LB. 
(a)  2D, cross-sectional OCT images, with scale bars representing 200 µm. 
(b) CLSM 2D over-layer (left) and 3D (right) images of SYTO 9 stained biofilms yielding green-
fluorescent bacteria. Scale bars represent 100 µm. 
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Figure 3. Characteristics and matrix composition of P. aeruginosa ATCC 39324 biofilms grown in ASM, 
ASM- and LB. 
(a) Thickness of the biofilms measured by OCT. 
(b) Biovolume of the biofilms obtained from COMSTAT analysis of CLSM images. 
(c) Metabolic activity of the biofilms measured with MTT. 
(d) eDNA presence in the biofilms, isolated with phenol chloroform and measured with the nanodrop-
method. 
(e) Polysaccharide presence in the biofilms measured using anthrone sulfuric acid in a colorimetric 
assay. 
(f) Proteins presence in the biofilm, measured with Pierce BCA Protein Assay Kit. 
(g) Water content, obtained from a comparison of the weight of hydrated and dried biofilms and 
expressed as a percentage of the hydrated biofilm weight.  
Error bars denote standard deviations over n (numbers given in the columns) different biofilms, taken 
from different pans in three separate CDFF runs, except for panels b and c which were taken from 
different pans in two separate CDFF runs. Markers indicate significant differences (p < 0.05, ANOVA 
with Tukey post-hoc analysis) between groups. 
 
 
 
 
 
 
 
 
 
 

69 

 

Viscoelastic properties of differently grown P. aeruginosa biofilms 
Biofilms were compressed within 1 s to 80% of their initial thickness, equivalent to a 

strain () of 0.2. Normalized stress on the biofilms required to maintain the same 
deformation decreased with time (Figure 4a), showing relatively slow stress relaxation for 
ASM grown biofilms, while LB grown biofilms relaxed fastest. All biofilms showed near full 
stress relaxation towards 100 s. Stress relaxation as a function of time was fitted to a three 
element Maxwell model. Inclusion of more Maxwell elements did not yield a better quality 
of the fit (Figure 4b). LB grown biofilms showed a significantly higher relative importance of 
the fastest time constant range (< 0.75 s), than ASM and ASM- grown biofilms, with ASM 
grown biofilms showing the lowest relative importance of the fastest relaxation time range 
(Figure 4c). Relative importance of the other relaxation time constants ranging up to 25 s, 
was highest for ASM and lowest for LB grown biofilms (see also Table 1).  
 
Antimicrobial killing in differently grown P. aeruginosa biofilms 

Biofilms were exposed for 24 h to PBS or PBS containing tobramycin, colistin or the 
antimicrobial peptide AA-230 at concentrations well above their MBC towards planktonic 
P. aeruginosa ATCC 39324 (see Figure 1b). Tobramycin concentrations applied were 1000, 
2500 and 5000 µg/ml, equivalent to 62x, 156x and 313x MBC, respectively. Colistin was 
applied at concentrations of 1000 and 2500 µg/ml, equivalent to 8x and 20x MBC, 
respectively. For tobramycin and colistin, MBC-fold concentrations were independent of 
growth medium (see also Figure 1b), but for the antimicrobial peptide AA-230 the 
concentrations applied (5000 and 10,000 µg/ml) yielded different MBC-fold concentrations 
for bacteria grown in ASM or ASM- media (39x and 78x MBC, respectively) than for bacteria 
grown in LB medium (156x and 313x MBC, respectively). After antimicrobial exposure, 
biofilms were dispersed and the number of CFUs in the biofilms counted, taking PBS as a 
control. Control biofilms contained on average 1.8 × 109 CFU/cm2, regardless of the growth 
medium applied (Figure 5). All antimicrobial exposures resulted in a significant decrease in 
CFU/cm2, as compared to biofilms after PBS exposure, with a clear dose response. In 
general, ASM and ASM- grown biofilms showed significantly higher numbers of CFUs, i.e. 
lower killing by antimicrobials than LB grown biofilms. No significant differences were 
observed between ASM and ASM- grown biofilms. 
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Figure 4. Stress relaxation analysis of P. aeruginosa ATCC 39324 biofilms grown in ASM, ASM- or LB 
medium. 
(a) Examples of the normalized stress in compressed biofilms (strain 0.2) as a function of relaxation 
time. Stress at t = 0 amounted 2.2 kPa for all biofilms, regardless of growth medium. 
(b) Quality of fitting the stress relaxation data to a generalized Maxwell model as a function of the 
number of elements included in the model. Quality of the fit is indicated by chi-squared values.  
(c) Distribution of the relative importance of individual Maxwell elements (three elements model) in 
differently grown P. aeruginosa biofilms over different relaxation time constant ranges. Each data 
point represents a single measurement out of 30 biofilms, taking 10 biofilms from different pans in 
three separate CDFF runs. Median values are indicated by horizontal lines. Markers indicate significant 
differences (p < 0.05, ANOVA with Dunn’s post-hoc analysis) between groups. 
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Figure 5. The number of colony forming units per cm2 (CFU/cm2) in P. aeruginosa ATCC 39324 biofilms 
grown in ASM, ASM- or LB after exposure for 24 h to different concentrations of tobramycin, colistin 
or the antimicrobial peptide AA-230 in PBS, and including PBS as a control. Error bars denote standard 
deviations over at least 9 different biofilms, taken from different pans in three separate CDFF runs. 
Markers indicate significant differences (p < 0.05, ANOVA with Tukey post-hoc analysis) between 
groups. 
 
 
Discussion 

This study demonstrates that P. aeruginosa ATCC 39324 biofilms grown to a 
thickness of 100 µm in a CDFF possess different matrix compositions when grown in 
different growth media (Figure 3) and allow different degrees of killing of its bacterial 
inhabitants by antimicrobials (Figure 5). Maxwell analyses showed that the fastest 
relaxation component, associated with unbound water, was most important in LB grown 
biofilms (Figure 4c), but in absence of obvious microchannels (Figure 2b). Slower stress 
relaxation components due to water with dissolved polysaccharides, insoluble 
polysaccharides and eDNA were most important in relaxation of ASM grown biofilms. ASM- 

grown biofilms showed intermediate stress relaxation. P. aeruginosa in LB grown biofilms 
were killed most by exposure to tobramycin, colistin or an antimicrobial peptide, possibly 
due to the transport options provided by water. Biofilm growth in ASM provided the most 
protective matrix with less unbound water and most insoluble polysaccharides and eDNA, 
that maximally hampered penetration and killing. Interestingly, this statement coincides 
with the observation of microchannels in ASM grown biofilm (Figure 2b). Since 
microchannels by definition have a transport function14, this suggests that matrix 
composition may be more important than the possession of clear channel-like structures 
for the transport of antimicrobials in a biofilm. Concluding, stress relaxation analysis (Figure 
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4) of P. aeruginosa biofilms grown in different media revealed differences in matrix 
composition (Figure 3) that, within the constraints of the antimicrobials and growth media 
applied, correlated with the matrix protection offered against different antimicrobials 
(Figure 5). Without the use of a CDFF, it would have been impossible to carry out this study 
because use of different growth media would have yielded biofilms with different 
thickness15–18. 

Two artificial sputum media were used, mimicking the environment of the lung of CF 
patients and a nutrient-rich, laboratory medium (LB). In artificial sputum media, biofilms 
possessed more matrix eDNA and polysaccharides than biofilms grown in LB. The possession 
of more eDNA and polysaccharides yielded different stress relaxation behavior of the 
biofilms, with a higher importance of time relaxation ranges between 3 to 10 s and 10 to 25 
s, respectively. This is fully in line with previous analyses of stress relaxation time ranges of 
biofilms from a wide variety of different strains and species with known matrix amounts of 
eDNA and polysaccharides9. Both eDNA and polysaccharides act as a glue in biofilms and 
growth in artificial sputum medium accordingly gave more compact biofilms with 
condensed microcolonies in comparison with LB grown biofilms (Figure 2b), in line with 
literature15,19. The arrangement of bacteria in more compact, condensed microcolonies 
limits their possibility to re-arrange during stress relaxation, which explains their slower 
relaxation (Figure 4a). Although growth media were selected that mimic the environment 
of the lungs, it is virtually impossible to select a substratum material to grow the biofilms 
upon that also mimics the in vivo situation. However, considering the use of CDFF-grown 
biofilms, compressed by the scraper-action and the limited calling distance of quorum-
sensing molecules in a biofilm, it may be expected that over the 100 µm thickness of the 
pseudomonas biofilms studied, influences of the substratum may have averaged out20.   

LB grown biofilms demonstrated a stronger influence of water (relaxation times < 
0.75 s) than biofilms grown in artificial sputum media (see also Table 1), although dry weight 
measurement of the percentage water in the biofilms were too insensitive to reflect 
differences with biofilms grown in other media (see Figure 3a). Note that previously, 
relaxation time constants up to 3 s were taken together9, while we here separate this 
relaxation time constant range into two relaxation time ranges, attributing the time 
constant range between 0.75 and 3 s to more viscous water with dissolved polysaccharides. 
Through this distinction, the role of undissolved polysaccharides as a glue becomes 
reflected in stress relaxation analysis of biofilms. 

Tobramycin, colistin and AA-230 are all hydrophilic antimicrobials and have a similar 
positive charge at physiological pH21–23. The molecular weight of tobramycin is 468 g/mol, 
of colistin is 1156 g/mol and of AA-230 2578 g/mol. This makes it interesting to compare 
bacterial killing by these antimicrobials at equivalent molar concentrations. At an equivalent 
molar concentration between 1.9 and 2.1 µM, corresponding with tobramycin, colistin and 
AA-230 concentrations of 1000, 2500 and 5000 µg/ml respectively, colistin showed higher 
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killing than tobramycin and AA-230, which is unexpected24 because colistin with its higher 
molecular weight will diffuse more slowly into a biofilm at a similar molar concentrations. 
Moreover, expressing antimicrobial concentrations in MBC-fold equivalents, a molar 
concentration of 2.1 µM colistin corresponds with an MBC-fold concentration of only 20x 
MBC, far lower than MBC-fold concentrations of tobramycin or AA-230 at a similar molar 
concentration. Likely, these differences in killing efficacy are due to their different modes 
of killing: tobramycin works on the inhibition of protein synthesis, and colistin on the 
destruction of the bacterial cell membrane22,25. The antimicrobial peptide AA-230 with the 
highest molecular weight, has a similar mode of action and accordingly showed less killing 
than colistin due to hampered penetration. Penetration of all three cationic antimicrobials 
will likely be hampered by the high concentrations of eDNA and polysaccharides in the 
artificial sputum grown biofilms due to electrostatic double-layer attraction with negatively 
charged bacterial cell surface components23,26–29. Moreover, eDNA in the biofilms induces 
production of spermidine and amino-arabinose on the outer membrane, thereby reducing 
the permeability to aminoglycosides such as tobramycin27 and leading to a decreased killing 
efficacy in biofilms grown in the artificial sputum media. In addition, the presence of mucin 
also can give rise to a higher tolerance for tobramycin19. However, this effect is probably of 
minor importance, as differences in killing of P. aeruginosa biofilms grown in artificial 
sputum medium with or without mucin are small (see also Figure 5). 
 In conclusion, 1) viscoelastic properties of P. aeruginosa biofilms grown in a CDFF 
and in different media differ due to possession of different amounts of water, (in)soluble 
polysaccharide and eDNA concentrations and 2) within the constraints of the antimicrobials 
and growth media applied, these properties relate with antimicrobial bacterial killing in the 
biofilm. More unbound water and less EPS, i.e. polysaccharides and eDNA, as in LB grown 
biofilms facilitated higher killing than a less aqueous matrix with more EPS, as in ASM grown 
biofilms.  
 
Materials and methods 
Bacterial cultures and medium 

P. aeruginosa ATCC 39324, a clinical CF isolate (mucoid phenotype) was cultured on 
a blood agar plate and a single colony was used to inoculate 10 ml of tryptone soya broth 
(TSB, Oxoid, Basingstoke, UK) for aerobic incubation at 37°C. After 24 h, this pre-culture was 
added to 200 ml of TSB and incubated aerobically at 37°C for 16 h under rotary-shaking at 
150 revolutions per min (RPM), after which bacteria were harvested by centrifugation 
(5,000 g, 5 min, 10°C). Bacterial pellets were washed two times with 10 ml sterile phosphate 
buffered saline (PBS, 10 mM potassium phosphate, 150 mM NaCl, pH 7.0) and bacteria were 
resuspended in 10 ml sterile PBS and bacterial concentrations determined using a Bürker-
Türk counting chamber.  
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Planktonic growth rate 
In order to investigate whether P. aeruginosa growth rates were similar in the 

different media, bacteria were suspended to 104 CFU/ml in 40 ml of artificial sputum 
medium 12 (ASM: per liter: 4 g DNA, 5 g mucin, 5 ml egg yolk emulsion, 4.75 g casamino 
acids, 0.25 g L-tryptophan, 5 g NaCl, 2.2 g KCl, pH 7.0), artificial sputum medium without 
mucin (ASM-), and LB, and incubated at 37°C under rotary-shaking at 150 RPM. At time 0 
and after 3, 6, and 24 h, 200 µl aliquots were taken and 10-fold serially diluted in sterile PBS. 
Two 10 µl droplets of each dilution were spotted on a tryptone soya agar plate and 
incubated 24 h at 37°C, after which the numbers of colony forming units were counted and 
expressed as CFU/ml.  

 
Minimal bactericidal concentration (MBC) 

Two-fold serial dilutions from 512 to 1 µg/ml of the antimicrobials were made in a 
96 wells plate in ASM, ASM- and LB, each with a total volume of 100 µl. For control, wells 
filled with growth medium in absence of antimicrobials were used. Bacteria were diluted to 
a concentration of 2 × 106 bacteria/ml in either ASM, ASM- or LB and 100 µl of bacterial 
suspension was added to each well to yield a total volume in the well of 200 µl. The plates 
were incubated statically at 37°C, and after 24 h 30 µl aliquots were spotted on tryptone 
soya agar plates, after which the plates were incubated at 37°C for 24 h. The lowest 
antimicrobial concentration not showing visible bacterial colonies was taken as the MBC. 
  
Biofilm growth 

Biofilms were grown in a sterile constant depth film fermenter (CDFF)13,30 at 37°C on 
stainless steel disks. The sterile disks were placed in each of the 5 wells of a pan, placing 15 
pans in the turntable of the CDFF. The thickness of the biofilms in the pans was controlled 
by setting the well-depth such to leave 100 µm above the disks for the biofilm to grow. An 
amount of 200 ml bacterial suspension in TSB containing 5 × 107 bacteria/ml was introduced 
in the CDFF during 1 h, while the turntable was rotating at 3 RPM. Rotation was stopped for 
30 min to allow bacterial adhesion before the growth medium (ASM, ASM- or LB) was 
introduced and rotation continued. The biofilm was grown for 18 h and medium flow was 
continuous at a flow rate of 16 ml/h. After 18 h, disks with adhering biofilms were aseptically 
taken out of the pans for further experiments.  

 
Miscellaneous properties of differently grown biofilms 

To determine the average thickness of biofilms, OCT (Ganymede-II, Thorlabs, Lubeck, 
Germany) was used. Biofilms were submerged in PBS, and a series of 2D, cross-sectional 
images of the biofilms were generated (1500 x 372 pixels). The average thickness of the 
biofilm was derived from the 2D cross-sectional images using Otsu-thresholding31.  
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Biofilms were stained using SYTO 9 (bacLightTM, Invitrogen, Breda, The Netherlands) 
live stain for 30 min in the dark to reveal biofilm structure. After staining, biofilms were 
immersed in PBS and images were taken with a confocal laser scanning microscope (CLSM, 
Leica TCS-SP2, Leica microsystems GmbH, Heidelberg, Germany) with a 40x water objective 
lens. Images were analyzed using Fiji32, Imaris (Bitplane, Belfast, UK) and COMSTAT 2.133,34. 

In order to investigate whether P. aeruginosa biofilms grown in the different media 
had similar metabolic activity, biofilms were exposed to 200 µl (3-(4,5-Dimethylthiazol-2-
yl)-2,5-Diphenyltetrazolium Bromide (MTT, 0.75 mg/ml) dissolved in sterile PBS at 37°C for 
2.5 h. In metabolic active bacteria, MTT is intracellularly reduced to formazan. Following the 
incubation, biofilms were washed using PBS, and 1 ml of isopropanol was added to dissolve 
the formazan crystals inside the bacterial cells, and the optical density of the solution was 
measured at 575 nm using a FLUOstar optima plate reader (BMG Labtech GmbH, Offenburg, 
Germany). 
 
Matrix composition 

For eDNA concentration, 1 ml eDNA extraction buffer (10 mM EDTA, 0.9% NaCl) was 
added to individual biofilms taken over three CDFF runs and 5 biofilms per CDFF run, 
vortexed and resuspended until the biofilm was fully detached from the substratum disk. 
Dispersed biofilms were centrifuged (5000 g, 5 min, 10°C) to remove intact bacterial cells 
along with intracellular DNA. eDNA isolation was done using the phenol chloroform 
method9. RNase was added to the eDNA after isolation and incubated for 30 min at 37°C, 
after which the concentration of eDNA was measured using the ratio of absorbance at 260 
nm and 280 nm with the nanodrop-method.  

For both polysaccharides and protein determination, five biofilms from different 
pans within one CDFF run were pooled and resuspended in 500 µl sterile PBS and vortexed 
for 1 min to detach the biofilms from the substratum disks. This was done in triplicate, with 
separated CDFF runs. Resuspended biofilms were centrifuged (5,000 g, 5 min, 10 °C) to 
remove bacterial cells, after which 400 µl of supernatant was collected. Supernatant was 
immediately placed on ice and used for both polysaccharides and protein determination. 

Protein concentration was measured with the Pierce BCA Protein Assay Kit (Thermo 
Scientific, Waltham, USA), using the microplate procedure. Briefly, 25 µl sample from the 
supernatant or bovine serum albumin (2000 to 25 µg/ml bovine albumin used for the 
calibration curve) was added to 200 µl working reagent, and mixed for 30 s. Plates were 
incubated for 30 min at 37°C, after which plates were cooled down to room temperature, 
and absorbance at 560 nm was measured using a FLUOstar optima plate reader. 

Polysaccharide determination was performed using the colorimetric assay for 
glucose-based carbohydrates35. For the glucose based carbohydrates method, 40 µl of 
supernatant or a glucose solution (4096 to 1 µg/ml used for the calibration curve) was added 
to a 96-well plate and placed in the refrigerator for 15 min. 100 µl of anthrone solution (2 
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mg/ml in H2SO4) was added to the wells, mixed, and incubated for 3 min at 92°C, after which 
plates were placed in a water bath at room temperature for 15 min. Absorbance at 590 nm 
was measured and compared against glucose calibration curve with a FLUOstar optima 
plate reader  

To determine the water percentage in the biofilms, the wet weight of the disk and 
biofilm was measured using an analytical balance (Mettler Toledo model XP105DR, 
Columbus, USA). Prior to weighing, the bottom and the sides of the disks were carefully 
dried with a tissue, after which their weights were measured. Then, the disks with biofilms 
were dried at 60°C in a vacuum oven for at least 24 h, and weighted again. Afterwards the 
dried biofilm was removed from the disk and the disk alone was weighted. With this data, 
the dry weight and water percentage of the biofilms was calculated. 
 
Viscoelastic properties of P. aeruginosa biofilms 

Viscoelastic properties of the biofilms were determined by using the low load 
compression tester (LLCT)36. To this end, a small part of a substratum disks was cleaned to 
enable determination of the substratum surface using LLCT plunger (2.5 mm diameter). 
After determining the position of the substratum surface, the position of the biofilm surface 
was determined by compressing the biofilm with a small “touch level” of 0.01 g. Next, the 
biofilm was compressed to 80% of its original thickness (strain 0.2) within 1 s and held 
constant for 100 s, while measuring stress relaxation. Stress relaxation ((t)) was measured 
as a function of time t during 100 s and normalized with respect to strain according to 
  

E(t)= σ(t)
ε

        (1) 

       
Normalized stress relaxation as a function of time E(t) was fitted to a three element, 
generalized Maxwell model, using the solver tool in Microsoft Excel 2010 according to 
  

E(t)= σ(t)
ε

=E1e-t τ1⁄ + E2e-t τ2⁄ + E3e-t τ3⁄     (2) 

 
where i = i/Ei is the relaxation time constant, Ei is the spring constant and i is the viscosity 
term for each Maxwell element i. In order to indicate the relative importance of each 
relaxation process RIi, defined as 
 

RIi=Ei /((E1+E2+E3)× 100%      (3) 
 
was calculated for each element and elements were placed in six relaxation time ranges. 
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Antimicrobial exposure of P. aeruginosa biofilms and bacterial killing  
Biofilms were exposed to different concentrations of tobramycin (5000, 2500, 1000 

µg/ml) or colistin sodium methanesulfonate (“colistin”, 2500, 1000 µg/ml), both purchased 
from Sigma-Aldrich Chemie GmbH (Steinheim, Germany), and the antimicrobial peptide AA-
230 (10000, 5000 µg/ml), supplied by Adenium Biotech (Copenhagen, Denmark) and 
synthesized by PolyPeptide (Malmö, Sweden). Tobramycin and colistin are both used 
against P. aeruginosa infections in CF patients. All antimicrobials were dissolved in sterile 
PBS. A 20 µl drop of sterile PBS or antimicrobial solution was pipetted on the biofilm. The 
plate was sealed with parafilm to prevent evaporation and incubated 24 h at 37°C. 
Concentrations were chosen well above the MBC of each antimicrobial against 
planktonically-grown P. aeruginosa. After antimicrobial exposure, biofilms were washed 
with sterile PBS, 1 ml sterile PBS added and vortexed for 1 min, to disrupt the biofilm and 
detach the bacteria from the substratum disk. Finally, dispersions were sonicated in a 
sonication bath for 5 min to disrupt bacterial aggregates, which did not cause bacterial 
death (data not shown). Samples were 10-fold serially diluted and two 10 µl drops of each 
dilution were spotted on tryptone soya agar and incubated at 37°C. After 24 h, colonies 
were counted and the number of CFU per cm2 substratum surface calculated. 
 
Statistical analysis 

Statistical analysis was performed with Graphpad Prism version 5.00 for Windows 
(GraphPad Software, La Jolla California USA). Differences in biofilm thickness, viscoelastic 
properties, biofilm recalcitrance to antimicrobials and EPS components were evaluated 
after normality testing. Analysis of variance (ANOVA) was performed to test significance 
between groups, either with a Dunn’s Post-hoc test or a Tukey post-hoc test, depending on 
normal or non-normal distribution. Data was accepted significant if p < 0.05. All data 
reported represent means with standard deviation, unless stated otherwise. 
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Abstract 
Multi-drug resistant bacterial infections threaten to become the number one cause 

of death by the year 2050. Development of antimicrobial dendritic polymers is considered 
promising as an alternative infection control strategy. For antimicrobial dendritic polymers 
to effectively kill bacteria residing in infectious biofilms, they have to penetrate and 
accumulate deep into biofilms. Biofilms are often recalcitrant to antimicrobial penetration 
and accumulation. Therefore, this work aims to determine the role of compact dendrons 
with different peripheral composition in their penetration into Pseudomonas aeruginosa 
biofilms. Red-fluorescently labeled dendrons with NH3+ peripheral groups initially 
penetrated faster into P. aeruginosa biofilms than dendrons with OH or COO- groups at their 
periphery. In addition, dendrons with NH3+ peripheral groups accumulated nearer the top 
of the biofilm, due to electrostatic double-layer attraction with negatively-charged biofilm 
components. Accumulation of dendrons with OH and COO- peripheral groups exceeded 
accumulation of NH3+ composed dendrons after 10 min exposure and these dendrons were 
more evenly distributed across the depth of the biofilms than NH3+ composed dendrons. 
Unlike dendrons with NH3+ groups at their periphery, dendrons with OH or COO- peripheral 
groups, lacking strong electrostatic double-layer attraction with biofilm components, were 
largely washed-out during exposure to PBS without dendrons. Thus, penetration and 
accumulation of dendrons into biofilms is controlled by their peripheral composition 
through electrostatic double-layer interactions, which is an important finding for the 
development of new antimicrobial or antimicrobial-carrying dendritic polymers. 
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Introduction 
Biofilms are three-dimensional microbial aggregates responsible for 60-80% of all 

microbial infections1. In an infectious biofilm, infecting organisms are protected by a matrix 
of self-produced extracellular polymeric substances (EPS), impeding effective penetration 
of most antimicrobials2. This protection mechanism was already observed in 1684 by 
Antonie van Leeuwenhoek, describing how the vinegar which he used to wash his teeth, 
only killed those bacteria which were on the outside of the observed scurf3, nowadays called 
the “biofilm”. To date, with the threat of antimicrobial-resistant bacterial infection 
becoming the number one cause of death by the year 20504, effective penetration of 
antimicrobials into biofilms is still a major hurdle in the treatment of infectious biofilms.  

Dendritic polymers, with dendrimers as the flagship, are flawless and symmetrically 
branched macromolecules with a tree like structure5. When composed of antimicrobial 
peptides6,7, such dendrimers are able to kill planktonic bacteria6, i.e. suspended bacteria 
that are not in their protected, adhering, biofilm-mode of growth. Also antimicrobial 
dendrimers can prevent biofilm formation7. For the treatment of existing infectious 
biofilms, dendrimers are under investigation for use as an antimicrobial nanocarrier5. 
Vancomycin-tethered poly(amidoamine) dendrimers showed avid binding to vancomycin-
resistant Staphylococcus aureus surfaces8. However, it is unclear whether the peripheral 
composition of dendritic nanocarriers stimulating avid binding to biofilm inhabitants is 
favorable or not for their deep penetration into an infectious biofilm. Dendrons are wedge-
shaped structures that are the major component of a dendrimers9. These dendritic 
frameworks are inherently bi-functional containing one chemically addressable group 
designated to the focal point and a composition of multiple peripheral groups. Higher 
generation dendrons are by definition dendrimers with an active core, and therewith the 
chemical composition of larger dendrons, similar to dendrimers, is responsible for efficient 
penetration in infectious biofilms. 

Considering the importance of penetration and accumulation of antimicrobials into 
an infectious biofilm and the promise of dendrimer-based antimicrobials for infection 
control, this work aims to determine the role of dendron peripheral composition in their 
penetration into Pseudomonas aeruginosa biofilms. P. aeruginosa causes a range of 
infections across the human body10 and is known to produce extensive amounts of EPS, that 
can be especially troublesome in cystic fibrosis patients2.  

To this end, bifunctional dendrons were designed, consisting of rhodamine B as a 
red-fluorescent marker, an unsymmetrical triethylene glycol (TEG) linker and three-
generations (G3), multivalent 2,2-bis(hydroxymethyl)propionic acid (bis-MPA) dendrons. 
Bis-MPA dendrons are biocompatible11 and biodegradable12, and can be synthesized with 
unprecedented structural control13. Three different dendrons were synthesized (see Figure 
1a): rhodamine-TEG-G3-OH, rhodamine-TEG-G3-COO- and rhodamine-TEG-G3-NH3+. 
Dendrons were constructed using conventional divergent growth of bis-MPA14,15. 
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Rhodamine B was covalently attached through fluoride-promoted esterification (FPE) 
chemistry and the peripheral hydroxyls were activated yielding the neutral dendritic 
scaffold, rhodamine-TEG-G3-OH. Esterification of rhodamine-TEG-G3-OH yielded anionic 
rhodamine-TEG-G3-COO- and cationic rhodamine-TEG-G3-NH3+ (see Supporting 
Information for details)14–16. Complete substitution and high structural purity were 
corroborated using conventional characterization techniques for dendrimer chemistry, i.e. 
NMR (Figure 1b), and MALDI-TOF-MS (Figure 1c). 
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Figure 1.  
(a) Bifunctional dendrons displaying different peripheral composition, consisting of fluorescent 
marker (rhodamine B), an unsymmetrical TEG linker and three generations (G3), multivalent bis-MPA 
dendrons. 
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(b) 1H-NMR of TEG-G3-OH, rhodamine-TEG-G3-COO- and rhodamine-TEG-G3-NH3+. 1H-NMR analysis 
were performed as described previously15, using a Brüker AM NMR (Brüker Biospin, Rheinstetten, 
Germany).  
(c) MALDI-TOF-MS of rhodamine-TEG-G3-OH, rhodamine-TEG-G3-COO- and rhodamine-TEG-G3-NH3+. 
MALDI-TOF spectra were obtained as described previously15, using a Brüker UltraFlex MALDI-TOF MS 
with SCOUT-MTP Ion Source (Brüker Daltonics, Bremen, Germany), a grid less ion source with the 
nitrogen-laser (337 nm) and a reflector. 

 
 
Next, P. aeruginosa ATCC 39324 biofilms were grown in a constant depth film 

fermenter (CDFF)17 to a thickness of 100 µm, as verified using optical coherence 
tomography (OCT result: 96 ± 15 µm, averaged across all biofilms employed in this study). 
Biofilms were exposed to red-fluorescently labeled dendron suspensions for 0.1, 1, 10 or 
100 min to study their penetration. In addition, biofilms after 100 min of exposure to a 
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sectional images of biofilms after exposure to the different dendron suspensions at 
different time points. Since all dendrons were synthesized to possess a single fluorescent 
rhodamine group, dendron distribution across the depth of the biofilms could be derived 
from the depth-dependent fluorescence intensity (Figures 2c and 2d) in the biofilm image, 
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Figure 2.  
(a) Cross-sectional images of P. aeruginosa biofilms exposed to 0.2 µM dendron suspensions in PBS 
with different peripheral composition for 0.1, 1, 10 or 100 min and after 100 min wash-out in PBS 
(initial exposure time to dendron suspensions: 100 min). Identical alignment of the biofilms after 
embedding and cryo-sectioning was impossible, hence each fluorescence image is complemented 
with a light-microscopic image to visualize the entire biofilm (grasped within two arrows in the second 
image from the left, top row). The white scale bar represents 100 µm. 
(b) Enlarged overlayer of fluorescence and light-micrographs of dendrons accumulated in a biofilm. 
Scale bar represents 100 µm. 
(c) A custom LabVIEW script was used to calculate the fluorescence intensity in a 10 x 0.645 µm 
(corresponding with one pixel) biofilm column as a function of biofilm depth (see also Experimental 
Section).  
(d) Example of fluorescence intensity as a function of biofilm depth, calculated as described in panel 
c, from which the depth-dependent dendron concentration was derived, using a standard curve 
(Figure S1). 
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Dendrons with NH3+ groups at their periphery accumulated faster into the P. 
aeruginosa biofilms than dendrons with OH or COO- at their periphery (Figures 3a and 3b), 
mostly accumulating near the top of the biofilms. Although initially penetrating less than 
dendrons with NH3+ groups at their periphery, after 10 min exposure the accumulation of 
dendrons with OH and COO- peripheral groups exceeded accumulation of dendrons with 
NH3+ peripheral groups in layers deeper than 30 to 40 µm into the biofilm (Figures 3c and 
3d). Distribution of dendrons with OH and COO- peripheral groups was more even across 
the depth of the biofilms than of dendrons with NH3+ groups at their periphery. Importantly, 
neither the distribution (Figure 3e) nor the total concentration (Figure 3f) of dendrons with 
NH3+ groups at their periphery, was affected by exposure to PBS, while dendrons with OH 
or COO- peripheral groups were largely washed-out during exposure to PBS.  

Penetration and accumulation of antimicrobials, including antimicrobials 
transported by nanocarriers such as dendrimers, is a conditio sine qua non for effective 
bacterial killing in infectious biofilms. Penetration depends on 1) the availability of 
transportation channels in biofilms with sufficient width to allow nanocarrier passage, 2) 
diffusion coefficients of the nanocarriers depending on their configuration and composition 
and 3) their interaction with the channel walls, i.e. the EPS matrix or bacterial cell surfaces. 
Dendrons are extremely small in the order of 2-5 nm18, while water channel widths in 
biofilms are likely minimally ten-fold larger5. Thus size differences between the dendrons 
applied, and thus their diffusion coefficients, can be excluded as being causative to the 
difference in penetration and accumulation observed between the three different 
dendrons. Unfortunately, their small size did not allow reliable measurement of their zeta 
potentials, but based on their peripheral composition it can be assumed that within a P. 
aeruginosa biofilm (pH around 6.519,20), NH3+ groups (pKa around 9) will be protonated and 
positively-charged, while COO- groups (pKa around 2) are deprotonated and negatively-
charged. The OH groups will remain uncharged inside P. aeruginosa biofilms. At the same 
time, EPS components21,22 and bacterial cell surfaces, including P. aeruginosa one’s23, 
remain negatively charged around pH 6.5. Thus, the accumulation of NH3+ dendrons near 
the top of a biofilm can be explained by strong, electrostatic double-layer mediated 
adhesion of dendrons, impeding their penetration to deeper biofilm layers. The OH and 
negatively-charged COO- dendrons will migrate deeper into the biofilms, as they experience 
no electrostatic double-layer attraction with the channel walls and utmost weak Lifshitz-
Van der Waals attraction. Therewith their deeper penetration goes at the expense of being 
easily washed-out. 
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Figure 3.  
(a-d) Concentration of dendrons with different peripheral composition as a function of P. aeruginosa 
biofilm depth after exposure of biofilms to 0.2 µM dendron suspensions in PBS for 0.1, 1, 10 and 100 
min (note black and blue data may be overlapping). 
(e) Concentration of dendrons in P. aeruginosa biofilms after 100 min exposure to a dendron 
suspension in PBS, followed by wash-out in PBS without dendrons for 100 min (note black and blue 
data are overlapping).  
(f) Total concentration of dendrons in P. aeruginosa biofilms after 100 min exposure to dendron 
suspensions and after subsequent wash-out for 100 min.  
Error bars denote standard deviations over 6 different biofilms, taken from different pans in three 
separate CDFF runs. Asterisks represent significant differences (p < 0.05; ANOVA with Tukey’s post-
hoc analysis) between dendron periphery compositions: * NH3+ versus COO- and OH, # COO- versus 
OH.  
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In conclusion, penetration and accumulation of dendrons into biofilms is controlled 
by their peripheral composition. This conclusion is not only important for the development 
of new antimicrobial dendritic nanocarriers, but also offers the perspective of controlling 
the accumulation depth of dendrimers inside a biofilm. While the dendrons in this study 
were labeled with rhodamine, it is can easily be replaced with more therapeutically potent 
antimicrobials that can efficiently target biofilms. Together with their good 
biocompatibility11, biodegradability12 and commercial availability, i.e. often the biggest 
obstacle in downward clinical translation24, this warrants future exploitation of these 
dendrimers, as a new antimicrobial strategy for infection control. 
 
Experimental section 
Bacterial strain, growth conditions and harvesting 

P. aeruginosa ATCC 39324, an isolate from a cystic fibrosis patient, was grown 
aerobically for 24 h at 37°C on a blood agar plate from a frozen stock and stored at 4°C until 
use. One single colony was added to 10 ml of tryptone soya broth (TSB, Oxoid, Basingstoke, 
UK) and grown for 24 h at 37°C, after which the broth was added to 200 ml of TSB and 
incubated 16 h under rotary shaking at 150 revolutions per min (37°C). Bacteria were 
harvested by centrifugation for 5 min at 5000 g, after which the bacterial pellet was washed 
two times with PBS (PBS, 10 mM potassium phosphate, 150 mM sodium chloride, pH 7.0). 
Bacteria were suspended in 200 ml TSB at a concentration of 5 × 107 bacteria/ml, as 
determined using a Bürker-Türk counting chamber. 

 
Biofilm growth in the constant depth film fermenter 

Biofilms were grown on stainless steel disks in the constant depth film fermenter 
(CDFF)17. Sterile stainless steel disks (diameter 5 mm) were placed in a pan, equipped with 
five wells with adjustable depth to house five disks. Fifteen pans were placed in the 
turntable of the CDFF. The well-depth was set to allow growth of 100 µm thick biofilms with 
the aid of a scraper blade passing over each pan during rotation of the turntable at 3 
revolutions per min and maintaining the temperature inside the CDFF at 37°C. For 
inoculation of the disks in the CDFF, 200 ml bacterial suspension was dripped during 1 h on 
top of the pans, housing the disks. The turntable was stopped revolving for 30 min allowing 
the bacteria to adhere to the stainless steel disks, after which rotation was continued and 
artificial sputum medium25 was drop-wise added at a flow rate of 16 ml/h on top of the pans 
and scraped across. After 18 h of biofilm growth, disks with adhering biofilms were 
aseptically taken out of the pans. One CDFF run comprised 75 disks, from each run 15 
randomly selected disk were taken from different pans for optical coherence tomography 
(OCT) analysis and 30 biofilms were selected for dendron penetration experiments.  
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Optical coherence tomography 
The thickness of biofilms was determined using OCT (Thorlabs Ganymade-II, Newton, 

NJ, USA). Biofilms were submerged in PBS, and 3D scans of the complete biofilm were taken. 
OCT images were processed using a custom made LabVIEW (National Instruments, Austin, 
TX, USA) script, which corrected for background noise and possible tilting of the stainless 
steel disk surface. The average biofilm thickness was calculated using Otsu-thresholding of 
the image to determine the border between biofilm and surrounding fluid26 . 

 
Dendron penetration in biofilms and cryo-sectioning of biofilms 

Dendrons were suspended to a concentration of 0.2 µM in PBS and 20 µl of a 
dendron suspension was pipetted over a biofilm surface. Dendron suspensions spread 
evenly over the entire surface of the biofilm. Biofilms were exposed to dendron suspensions 
for 0.1, 1, 10 or 100 min, after which the biofilms were dip-washed in PBS. In addition, 
biofilms exposed for 100 min to a suspension of dendrons in PBS, were transferred to PBS 
without dendrons for another 100 min to monitor dendron wash-out. Directly after 
washing, biofilms were embedded in Tissue-Tek® O.C.T.™ compound (Sakura Finetek 
Europe B.V., Alphen aan den Rijn, the Netherlands) and flash-frozen in liquid nitrogen. Next, 
biofilms were detached from their stainless-steel substratum for full embedding in Tissue-
Tek and flash-freezing after which samples were stored in -80°C until usage. Biofilms were 
cut in 10 µm thick sections using a cryotome (Leica CM3050 S, Leica Microsystems, Wetzlar, 
Germany) operating at -20°C. Sections were collected on Menzel-Gläser superfrost slides 
(Thermo Fischer Scientific, Waltham, Massachusetts, United States) and kept dark until 
imaging, which was performed on the same day. 
  
Fluorescent imaging and quantification of dendron penetration and accumulation 

Fluorescence microscopy (Leica DM 4000 B, Leica Microsystems Heidelberg Gmbh, 
Heidelberg, Germany) was carried out to image the biofilm sections. Fluorescence images 
were analyzed using a custom-built LabVIEW script to obtain the red-fluorescence intensity 
along the biofilm depth (see Figure 2c). The LabVIEW script first divided the biofilm image 
in vertical columns of 0.645 µm width (covering 1 pixel). Then, it aligned all the vertical 
columns with their tops along a straight line, after which the script calculated the average 
intensity profile as a function of biofilm depth. The dendron concentration in the biofilm 
was derived from the fluorescence intensity with a standard curve (Figure S1). 
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Supporting information 
 
 Synthesis of dendrons with different peripheral compositions 

First, dendrons were produced as previously described1,2. According to this protocol, 
the products were prepared in the following order: acetonide protected bis-MPA, 
monobenzylated tetraethylene glycol, Bz-TEG-G1-Acetonide, Bz-TEG-G1-OH, Bz-TEG-G2-
Acetonide, Bz-TEG-G2-OH, Bz-TEG-G3-Acetonide, and finally the three generation dendron 
OH-TEG-G3-Acetonide. In addition, β-Alanin-BOC was produced. 

 
Rhodamine-TEG-G3-Acetonide 

Rhodamine B (123 mg, 256.8 µmol) was dissolved in DMF: DCM 1:1 (300 µl). The 
reaction vessel was purged with argon and CDI (41 mg, 256.8 µmol) was slowly added. The 
reaction allowed to proceed for 60 min under vigorous stirring and gentle argon flow. OH-
TEG-G3-Acetonide (150 mg, 128.5 μmol was added to the reaction vessel together with CsF 
(2 mg, 12.8 µmol) and the reaction vessel was sealed with a septum. The reaction was 
allowed to proceed for 16 h under vigorous stirring. The crude reaction mixture was diluted 
with 5 ml of DCM and washed five times each with 1 ml of H2O and NaHSO4 (10 wt%, aq), 
dried with MgSO4, filtered and evaporated to dryness. The rhodamine-TEG-G3-Acetonide 
was collected as a sticky purple powder (220 mg, 105 %).  

 
Rhodamine-TEG-G3-OH 

Rhodamine-TEG-G3-Acetonide (200 mg, 122.6 µmol) was dissolved in MeOH (5 ml). 
pTSA (5 mg, 29.0 µmol) was added and the reaction was carried out under careful rota-
evaporation refilling MeOH. Upon completion, the reaction mixture was diluted with 30 ml 
of DCM and extracted towards H2O (5 ml) trice. The aqueous phases where collected and 
freeze-dried. Rhodamine-TEG-G3-OH was collected as a fluffy pink powder (183.1 mg, 98 
%).  

 
Rhodamine-TEG-G3-COO- 

 Rhodamine-TEG-G3-OH (40.0 mg, 27.2 µmol) was dissolved in pyridine (50 µl, 652 
µmol) and DCM 150 µl. Succinic anhydride (33.0 mg, 326.4 µmol) was added and the 
reaction allowed to proceed for 14 h under vigorous stirring. The crude reaction mixture 
was diluted with DCM (20 ml) and the organic phase washed five times each with 1 ml of 
NaHSO4 (10 wt%, aq), H2O, dried with MgSO4, filtered and evaporated to dryness. The 
rhodamine-TEG-G3-COO- was collected as a sticky pink solid (53.3 mg, 86 %).  
 
Rhodamine-TEG-G3-NH3+ 

β-Alanin-BOC (62.0 mg, 32.6 µmol) was dissolved in EtOAc (200 µl). CDI (53.0 mg, 
32.6 µmol) was carefully added to the reaction mixture under vigorous stirring. The reaction 
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was allowed to proceed for 1 h after which rhodamine-TEG-G3-OH (40.0 mg, 27.2 µmol) and 
CsF (1.5 mg, 9.9 µmol) was added and the reaction vessel flushed with argon and 
subsequently sealed with a septum. The reaction was allowed to proceed for 14 h after 
which it was diluted with 20 ml of EtOAc and the organic phase washed five times each with 
1 ml of NaHSO4 (10 wt%, aq), NaCO3 (10 wt%, aq), dried with MgSO4, filtered and evaporated 
to dryness. The rhodamine-TEG-G3-NH-BOC was collected as a fluffy pink powder (93.3 mg, 
74.0 %). Next, rhodamine-TEG-G3-NH-BOC (20.0 mg 7.4 µmol) was dissolved in TFA (200 µl). 
The reaction was allowed to proceed for 30 min under vigorous stirring. Ether (5 ml) was 
quickly added to the crude reaction mixture under vigorous stirring, subsequently the vial 
was removed from the stirring plate, sealed with a septum and submerged in a dry-ice 
acetone bath for 30 min. The mixture was filtered and the rhodamine-TEG-G3-NH3+ 
collected as a fluffy pink powder.  
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Figure S1. Red-fluorescence images of 1% agar with different concentrations of red-fluorescent 
dendrons, obtained using fluorescence microscopy. Serial dilutions of red-fluorescent dendrons with 
NH3+, OH, COO- peripheral composition were made in 1% agar, after which the agar was cryo-
sectioned, as described for biofilms (see Experimental Section of the chapter) to obtain a standard 
curve of red-fluorescence intensity versus dendron concentration. Note that standard curves differed 
slightly for dendrons with different peripheral composition. Data is expressed as means ± S.D over 
three different samples.  
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Abstract  
Bacterial infections are mostly due to bacteria in their biofilm-mode of growth, while 

penetrability of antimicrobials into infectious biofilms and increasing antibiotic resistance 
hamper infection treatment. In vitro, monolaurin lipid nanocapsules (ML-LNCs) carrying 
adsorbed antimicrobial peptides (AMPs) displayed synergistic efficacy against planktonic 
Staphylococcus aureus, but it has not been demonstrated, neither in vitro nor in vivo, that 
such ML-LNCs penetrate into infectious S. aureus biofilms and maintain synergy with AMPs. 
This study investigates the release mechanism of AMPs from ML-LNCs and possible 
antimicrobial synergy of ML-LNCs with the AMPs DPK-060 and LL-37 against S. aureus 
biofilms in vitro and in a therapeutic, murine, infected wound healing model. Zeta potentials 
demonstrated that AMP release from ML-LNCs was controlled by the AMP concentration in 
suspension. Both AMPs demonstrated no antimicrobial efficacy against four staphylococcal 
strains in a planktonic mode, while a checkerboard assay showed synergistic antimicrobial 
efficacy when ML-LNCs and DPK-060 were combined, but not for combinations of ML-LNCs 
and LL-37. Similar effects were seen for growth reduction of staphylococcal biofilms, with 
antimicrobial synergy persisting only for ML-LNCs at the highest level of DPK-060 or LL-37 
adsorption. Healing of wounds infected with bioluminescent S. aureus Xen36, treated with 
ML-LNCs alone, was faster when treated with PBS, while AMPs alone did not yield faster 
wound healing than PBS. Faster, synergistic wound healing due to ML-LNCs with adsorbed 
DPK-060, was absent in vivo. Summarizing, antimicrobial synergy of ML-LNCs with adsorbed 
AMPs as seen in vitro, is absent in in vivo healing of infected wounds, likely because host 
AMPs adapted the synergistic role of the AMPs added. Thus, conclusions regarding 
synergistic antimicrobial efficacy, should not be drawn from planktonic data, while even in 
vitro biofilm data bear little relevance for the in vivo situation. 
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Introduction 
Bacterial infections have plagued mankind from the onset of human existence. Early 

infection control was based on the use of natural products and metals, such as honey, garlic, 
tree bark extracts, herbs, mercury or silver. The discovery of penicillin in the late 1930ties 
was considered a major breakthrough in infection control. Currently, it is painfully realized 
that the discoveries of penicillin and many other antibiotics are insufficient to beat 
infection. 

A major obstacle in the control of bacterial infections is, that more than 60% of all 
bacterial infections are not due to planktonic bacteria in suspension, but due to bacteria in 
their biofilm mode of growth1. In their biofilm mode of growth, bacteria adhere either to 
other bacterial or mammalian cell surfaces, or the surfaces of bone, teeth or biomaterial 
implants, and grow while embedding themselves in a self-produced matrix of extracellular 
polymeric substances (EPS) that protect biofilm inhabitants against the host immune system 
and antimicrobial treatment2. The protection offered by the biofilm mode of bacterial 
growth was already described by Antonie van Leeuwenhoek in the late 17th century, 
observing that the vinegar he used to clean his teeth, killed only those bacteria that were 
on the outside of what we now call “the biofilm”3. Ever since, the penetrability of infectious 
biofilms by antimicrobials has hampered effective treatment of infection4, that is not taken 
into account when antimicrobials are solely evaluated against planktonic organisms. 
Nanotechnology offers a number of promising ways to prepare antimicrobials and 
antimicrobial carriers that break the biofilm barrier and penetrate over considerably larger 
distances into a biofilm with associated killing of its inhabitants, than conventional 
antimicrobials on their own5.  

A second major obstacle in the control of bacterial infections, is the continuously 
increasing occurrence of bacterial strains and species that have become intrinsically 
resistant to antibiotics, due to their overuse and indiscriminate misuse6. Antimicrobial 
peptides (AMPs) are part of the innate immune system and have emerged as novel 
antimicrobials to treat bacterial infections7. AMPs are positively charged, amphiphilic 
molecules that kill bacteria through membrane disruption and pore formation7. The AMPs 
positive charge is on the one hand pivotal for antimicrobial action7, but on the other hand 
a drawback in their penetration into biofilms, consisting of negatively charged bacteria and 
EPS8. Also, many AMPs are subject to hydrolytic and proteolytic breakdown7. Importantly, 
though around since the onset of human existence, no naturally developing resistance of 
bacteria against AMPs has yet been reported, although long-term culturing in presence of 
AMPs in vitro may create AMP resistance, often associated with a decreased fitness of the 
mutant7. Collectively with the AMP mode of action, the natural development of bacterial 
resistance against AMPs seems improbable9. However, others anticipate bacterial strategies 
of resistance to AMPs, especially when used large-scale in clinical infections10,11.  
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Both obstacles in the control of bacterial biofilm-associated infections, i.e. biofilm 
penetrability and intrinsic antibiotic resistance, may be solved by packaging AMPs in 
suitable nanocarriers12. Various drugs have been successfully encapsulated to eradicate 
bacterial biofilms in vitro and in vivo5,13. Lipid nanocapsules (LNCs) are promising, versatile 
carriers for drugs because they allow drug loading in the core14 as well as drug adsorption 
to their shell15. In vitro, AMPs derived from plectasin adsorbed to monolaurin lipid 
nanocapsules (ML-LNCs), displayed synergistic antimicrobial activity against planktonic 
Staphylococcus aureus of the AMPs and monolaurin, a known antimicrobial surfactant15, 
although to our knowledge their efficacy against infectious biofilms in vivo has never been 
demonstrated. Whereas bacterial resistance against AMPs seems unlikely to develop under 
natural conditions, resistance of S. aureus against monolaurin could not be achieved by 
yearlong in vitro passage under minimal inhibitory concentrations (MIC) of monolaurin, 
suggesting resistance of S. aureus against monolaurin in combination with AMPs is highly 
unlikely to develop6. Since S. aureus is an opportunistic pathogen, often found in wound 
infections17–20 with the potential to develop resistance against multiple known antibiotics, 
ML-LNCs carrying adsorbed AMPs may be considered promising to treat S. aureus 
infections, provided ML-LNCs penetrate into infectious S. aureus biofilms and maintain their 
synergistic activity with AMPs both in vitro and in vivo. 

Therefore, the first aim of this study was to determine the mechanism of controlled 
release of AMPs from ML-LNCs and to establish whether ML-LNCs with adsorbed, AMPs 
DPK-060 or LL-37 are able to penetrate S. aureus biofilms in vitro, while maintaining a 
possible synergistic antimicrobial efficacy with monolaurin. Secondly, this study aims to 
establish whether possible antimicrobial effects of ML-LNCs and synergistic effects with 
adsorbed antimicrobial peptides persist in vivo. To this end, a therapeutic, murine, infected 
wound healing model was applied, using a bioluminescent S. aureus strain and in vivo bio-
optical imaging 
 
Materials and methods  
Antimicrobial peptides 

DPK-060 (98.5% purity, molecular weight 2503 Da) was synthesized by Bachem AG 
(Bubendorf, Switzerland) and provided by Promore Pharma AB (Stockholm, Sweden), while 
LL-37 (94.7% purity, molecular weight 4491 Da) was synthesized and provided by 
PolyPeptide Laboratories (Limhamn, Sweden). DPK-060 is a 17-amino acid AMP derived 
from human endogenous kininogen, with a net charge of +7 at pH 7.0, while LL-37 is an AMP 
found in human immune cells with a net charge of +6 at pH 7.0. 
Preparation of ML-LNCs with adsorbed AMPs 

ML-LNCs were prepared at a concentration of 200 mg/ml, as previously described15. 
Briefly, 0.3 g monolaurin (Sigma Aldrich, St. Louis, Missouri, United States), 0.77 g 
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Ludwigshafen, Germany), 0.93 g caprylic/capric acid triglycerides (Labrafac® CC, kindly 
provided by Gattefossé S.A., Saint-Priest, France) and 0.089 g NaCl (Sigma Aldrich), were 
mixed with 3 ml of demineralized water and heated to 60°C and subsequently cooled down 
to 20°C, after which the sample was diluted to a final volume of 10 ml with demineralized 
water. AMPs dissolved in sterile PBS (5 mM K2HPO4, 5 mM KH2PO4 and 0.15 M NaCl) at pH 
7.0, were adsorbed to the ML-LNCs shells by mixing 0.5 or 1 mg/ml AMPs with 50 or 100 
mg/ml ML-LNCs, as previously described15, yielding ML-LNCs with adsorbed AMPs 
suspended in PBS, as schematically presented in Figure 1. AMP adsorption to ML-LNCs was 
maintained by an adsorption equilibrium with non-adsorbed AMPs in the PBS suspension. 

 
 

 
Figure 1. Schematic presentation of ML-LNCs with adsorbed AMPs. ML-LNCs consist of a triglyceride 
core, with a shell composed of monolaurin and polyethylene glycol (15)-hydroxystearate with the 
polyethylene glycol (PEG) tails pointing outwards and AMPs adsorbed to the liposome shell. Adapted 
from Huynh et al.21. 
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Both obstacles in the control of bacterial biofilm-associated infections, i.e. biofilm 
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Quantitation of non-adsorbed AMPs and AMPs adsorbed to ML-LNCs  
Non-adsorbed AMPs were separated from AMPs adsorbed to ML-LNCs using a 

combined ultrafiltration-centrifugation technique22. To this end, 2 ml of the suspension 
containing ML-LNCs and AMPs was added to an Amicon Ultra 15 centrifugal filter device 
with a 10 kDA molecular cut off (Merck, Darmstadt, Germany), and centrifuged (30 min, 
4500g) for harvesting of the ML-LNCs with adsorbed AMPs in the filter device, and the non-
adsorbed AMPs in the filtrate. The AMPs were extracted from the ML-LNCs suspended in 
PBS by addition of methanol and centrifuged (30 min, 16000 g) to extract the AMPs. 

The amounts of adsorbed and non-adsorbed AMPs were analyzed using high-
performance liquid chromatography (HPLC) with a SymmetryShield TM RP18 5 µm, 4.6 x 
250 mm column (Waters, Milford, Massachusetts, USA)22. In order to calibrate the HPLC, 20 
μl of AMP standard solutions in distilled water (0.001-1 mg/ml) were injected into the 
column. The mobile phase was delivered in a gradient mode consisting of 0.1% 
trifluoroacetic acid in ultrapure water (eluent A) and 0.1% trifluoroacetic acid in acetonitrile 
(eluent B). The eluent flow rate was 1.0 ml/min and the gradient started at 20% of eluent B 
and was held for 25 min. The gradient was increased to 45% eluent B for 0.1 min and 
increased to 100% eluent B for 4.9 min. Then, eluent B was decreased to origin value of 20% 
in 0.1 min, and kept constant for 15 min. UV detection was performed at a wavelength of 
200 nm. The AMP peaks had retention times of approximately 16 min for DPK-060 and 30 
min for LL-37. Peak areas were plotted against the corresponding AMP concentration to 
obtain calibration graphs for both DPK-060 and LL-37 (R2 ≥ 0.9999). The quantification limits 
were 0.5 mg/ml for DPK-060 and 1 mg/ml for LL-37. 
 
The AMP adsorption efficiency (AE) was expressed in percentage, calculated as  
 

AE= (MAMP- MNA )
MAMP

×100%      (1) 

  
where MAMP is the total mass of AMPs added, and MNA is the mass of the non-adsorbed 
AMPs. 
 
Characterization of ML-LNCs: changes in diameters and zeta potentials during adsorption 
and desorption of AMPs  

The diameters, polydispersity indices and zeta potentials of the ML-LNCs with and 
without adsorbed AMPs were determined in ultrapure water (ML-LNC concentration 3 
mg/ml) using dynamic light scattering with 173 degrees backscatter detection. The 
electrophoretic mobilities, measured by laser Doppler velocimetry, were converted to zeta 
potentials using the Smoluchowski equation. Both measurements were conducted on a 
Zetasizer nano series Nano-ZS equipped with a 633 nm laser (Malvern Instruments, 
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Worcestershire United Kingdom). First, zeta potentials and hydrodynamic diameters of ML-
LNCs (3 mg/ml) suspended in water with a concentration of 1 mg/ml AMP were measured 
as a function of time. Then, zeta potentials and hydrodynamic diameters were measured as 
a function of AMP concentration (0.01 to 1 mg/ml), allowing 5 min for equilibration to 
monitor AMP adsorption. Both experiments were performed at 25°C and 37°C. For three 
selected AMP concentrations (0.01, 0.1 and 1 mg/ml), desorption at 25°C was monitored by 
2-fold diluting their concentration in either water or PBS for 30 min, after which zeta 
potentials and hydrodynamic diameters were measured again. 
 
Bacterial strains, culturing and harvesting  

Four staphylococcal strains were used in this study: S. aureus 0701A0095, S. aureus 
ATCC 29213, S. aureus ATCC BAA-1696 (MRSA) (all infected wound isolates) and 
bioluminescent S. aureus Xen36 (PerkinElmer, Inc., Waltham, USA). Strains were cultured 
on blood agar plates, except for S. aureus Xen36, which was cultured on tryptone soya agar 
(Oxoid, Basingstoke, UK) with 200 µg/ml kanamycin. One colony was used to inoculate 10 
ml of tryptone soya broth (TSB) and incubated aerobically at 37°C for 24 h. For culturing S. 
aureus Xen36, 200 µg/ml kanamycin was added to the TSB. Two ml of each culture was 
transferred to 40 ml of TSB and incubated again aerobically at 37°C for 16 h under rotary-
shaking at 150 revolutions per min, after which the bacteria were harvested by 
centrifugation (5000 g, 5 min, 10°C). Bacterial pellets were washed two times with 10 ml 
sterile PBS and the pellet was finally resuspended in 10 ml PBS. Staphylococci were 
sonicated three times 10 s at 30 W in an ice-water bath to disrupt bacterial aggregates and 
suspended in TSB supplemented with 0.25% glucose (TSBg), to concentrations as used in 
the different experiments. Bacterial concentrations were determined by enumeration using 
a Bürker-Türk counting chamber.  
 
Minimal inhibitory (MIC) and bactericidal (MBC) concentrations of ML-LNCs with and 
without adsorbed AMPs  

For determination of the MICs the ML-LNCs (without adsorbed AMPs), DPK-060 and 
LL-37 were 2-fold serially diluted in demineralized water and 100 µl aliquots were pipetted 
into 96 wells plates. Hundred µl of bacterial suspension (2 × 106 bacteria/ml) in TSBg (2 
times concentrated) was added to each well, adding sterile demineralized water as a control 
and plates were incubated at 25°C or 37°C for 72 h or 24 h, respectively. The MIC was taken 
as the concentration at which no visible turbidity was observed. For MBC determination, 30 
µl of each solution not showing visible turbidity was plated on tryptone soya agar plates, 
after which the plates were incubated at 37°C for 24 h. The MBC was taken as the lowest 
concentration that did not show bacterial growth. 
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106 

 

Synergy between ML-LNCs and AMPs 
Combinations of ML-LNCs (without adsorbed AMPs) and DPK-060 or LL-37 were 

evaluated for synergistic antimicrobial action in a checkerboard assay. Two-fold dilutions 
were made of the ML-LNCs (ranging from 2 to 0.156 mg/ml), LL-37 and DPK-060 (ranging 
from 8.192 to 0.128 mg/ml) in demineralized water. In a 96 wells plate, ML-LNCs and DPK-
060 or LL-37 were combined, after which 100 µl of a bacterial suspension (2 × 106 
bacteria/ml in TSBg) was added and incubated at 25°C or 37°C for 72 h or 24 h. The fractional 
inhibitory concentration (FIC) of ML-LNCs and DPK-060 or LL-37 were read out from all wells 
in which no visual bacterial growth was observed and used to calculate a FIC index according 
to 
 

FIC index= MICML-LNC/AMP

MICML-LNC
+ MICAMP/ML-LNC

MICAMP
    (2) 

 
where MICML-LNC is the MIC of ML-LNCs alone, MICAMP is the MIC of the AMP alone, MICML-

LNC/AMP is the MIC of ML-LNCs in presence of a given concentration of AMPs, and MICAMP/ML-

LNC is the MIC of AMP in presence of a given concentration of with ML-LNCs. To achieve 
synergy, the FIC must be < 0.5 and the FIC index is conservatively presented as the minimal 
FIC index calculated. 
 
Penetration and antimicrobial efficacy against staphylococcal biofilms of ML-LNCs with and 
without adsorbed AMPs 

First, staphylococcal biofilms were grown in flat bottom 96 wells plates in TSBg. 
Twohundred µl bacterial suspension (1 × 106 bacteria/ml) in TSBg was pipetted in each well 
and incubated for 24 h at 37°C, after which growth medium was removed from the wells 
and the biofilm was washed once with 200 µl sterile PBS. Next, the ML-LNCs (without 
adsorbed AMPs), DPK-060 or LL-37 solutions, or ML-LNCs with adsorbed DPK-060 or LL-37 
(200 µl) diluted in sterile PBS were added to the biofilm in the wells, and again incubated 
for 24 h at 37°C. To this end, two concentrations of ML-LNCs were used (50 mg/ml and 100 
mg/ml), in combination with two concentrations of DPK-060 or LL-37 (0.5 mg/ml and 1 
mg/ml). Sterile PBS was added as a control. 

After 24 h, ML-LNCs suspensions and AMP solutions were removed and the biofilms 
washed once with 200 µl of sterile PBS, after which 200 µl of sterile PBS was added to the 
biofilms, and biofilms were resuspended by scraping the bottom of the well with pipet tips. 
A plastic sterile sticker was placed over the 96 wells plate to prevent inter-well 
contamination, and the plate was sonicated for 5 min in a sonication water bath to further 
detach the biofilm and break bacterial aggregates. Then, 10-fold serial dilutions were made, 
and two 10 µl drops of each dilution were spotted onto tryptone soya agar plates and 
incubated at 37°C. After 1 day, the numbers of colony forming units (CFU) were counted 
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and expressed as CFU/ml. Antimicrobial efficacies of the ML-LNCs (with and without 
adsorbed AMPs) and AMP solutions were expressed as fold reduction in CFU/ml in 
comparison to PBS as a control. 
 
Efficacy of ML-LNCs with and without AMPs against a staphylococcal biofilm in a murine 
model  

Female BALB/c were obtained from Vital River Laboratory Animal Technology Co. 
(Beijing, China). All animals were housed in the on-site animal facility of Nankai University 
and all experiments were approved by the Institutional Animal Care and User Committee of 
Nankai University, Tianjin, China. To suppress the mice immune system, mice were injected 
with cyclophosphamide four days (150 mg/kg body weight) and one day (100 mg/kg body 
weight) prior to infection. One day prior to infection, hair on the back of the mice was 
removed from the wound sites with an electrical clipper and VEET hair removal cream 
(Reckitt Benckiser, Slough, UK).  

Mice were brought under anesthesia by inhalation of 2.5% isoflurane and a 5 mm 
diameter burn wound was made in the middle of the upper back of each mouse by pressing 
a circular, hot metal rod (75°C)23 on the shaved skin for 1 s. Next, a dose of 1 × 108 
bioluminescent S. aureus Xen36 was inoculated on the wound to create an infection. 
Infected wounds were covered with Parafilm®, held in position with surgical tape for 24 h. 
After 24 h the Parafilm® was removed and bioluminescent images were taken (day 0). Next, 
mice were randomly assigned into six groups of six animals for treatment of the wound with 
PBS (control), ML-LNCs in absence of adsorbed AMPs (100 mg/ml), DPK-060 (1 mg/ml), LL-
37 (1 mg/ml), ML-LNCs (100 mg/ml) with adsorbed DPK-060 (1 mg/ml), and ML-LNCs (100 
mg/ml) with adsorbed LL-37 (1 mg/ml). Treatment included pipetting of 20 µl of a treatment 
fluid directly onto the infected wound, after which a gauze (0.75 x 0.75 cm) was placed on 
top of the wound, and another 80 µl of treatment fluid was pipetted on the gauze. The 
gauze was kept on position with surgical tape and removed for bioluminescence imaging. 
Bioluminescence intensity and area were recorded using a bio-optical imaging system (IVIS, 
30 s exposure time, medium binning, 1 F/Stop, Open Emission Filter). Bioluminescent 
images were taken after 24 h of treatment, after which a new treatment was applied for 4 
consecutive days. After 4 days, the mice were sacrificed, the wound area was cut out for 
CFU determination.  
 
Statistical analysis 

Data was first evaluated for normality, after which statistical significance of the 
difference was determined using analysis of variance (ANOVA), followed by Tukey post-hoc 
or Dunn’s post-hoc test in Graphpad Prism version 7.00 for Windows (GraphPad Software, 
La Jolla California USA). For in vitro experiments, differences were considered significant at 
p < 0.05, while for in vivo experiments differences were considered significant at p < 0.1 



6

106 

 

Synergy between ML-LNCs and AMPs 
Combinations of ML-LNCs (without adsorbed AMPs) and DPK-060 or LL-37 were 

evaluated for synergistic antimicrobial action in a checkerboard assay. Two-fold dilutions 
were made of the ML-LNCs (ranging from 2 to 0.156 mg/ml), LL-37 and DPK-060 (ranging 
from 8.192 to 0.128 mg/ml) in demineralized water. In a 96 wells plate, ML-LNCs and DPK-
060 or LL-37 were combined, after which 100 µl of a bacterial suspension (2 × 106 
bacteria/ml in TSBg) was added and incubated at 25°C or 37°C for 72 h or 24 h. The fractional 
inhibitory concentration (FIC) of ML-LNCs and DPK-060 or LL-37 were read out from all wells 
in which no visual bacterial growth was observed and used to calculate a FIC index according 
to 
 

FIC index= MICML-LNC/AMP

MICML-LNC
+ MICAMP/ML-LNC

MICAMP
    (2) 

 
where MICML-LNC is the MIC of ML-LNCs alone, MICAMP is the MIC of the AMP alone, MICML-

LNC/AMP is the MIC of ML-LNCs in presence of a given concentration of AMPs, and MICAMP/ML-

LNC is the MIC of AMP in presence of a given concentration of with ML-LNCs. To achieve 
synergy, the FIC must be < 0.5 and the FIC index is conservatively presented as the minimal 
FIC index calculated. 
 
Penetration and antimicrobial efficacy against staphylococcal biofilms of ML-LNCs with and 
without adsorbed AMPs 

First, staphylococcal biofilms were grown in flat bottom 96 wells plates in TSBg. 
Twohundred µl bacterial suspension (1 × 106 bacteria/ml) in TSBg was pipetted in each well 
and incubated for 24 h at 37°C, after which growth medium was removed from the wells 
and the biofilm was washed once with 200 µl sterile PBS. Next, the ML-LNCs (without 
adsorbed AMPs), DPK-060 or LL-37 solutions, or ML-LNCs with adsorbed DPK-060 or LL-37 
(200 µl) diluted in sterile PBS were added to the biofilm in the wells, and again incubated 
for 24 h at 37°C. To this end, two concentrations of ML-LNCs were used (50 mg/ml and 100 
mg/ml), in combination with two concentrations of DPK-060 or LL-37 (0.5 mg/ml and 1 
mg/ml). Sterile PBS was added as a control. 

After 24 h, ML-LNCs suspensions and AMP solutions were removed and the biofilms 
washed once with 200 µl of sterile PBS, after which 200 µl of sterile PBS was added to the 
biofilms, and biofilms were resuspended by scraping the bottom of the well with pipet tips. 
A plastic sterile sticker was placed over the 96 wells plate to prevent inter-well 
contamination, and the plate was sonicated for 5 min in a sonication water bath to further 
detach the biofilm and break bacterial aggregates. Then, 10-fold serial dilutions were made, 
and two 10 µl drops of each dilution were spotted onto tryptone soya agar plates and 
incubated at 37°C. After 1 day, the numbers of colony forming units (CFU) were counted 

107 

 

and expressed as CFU/ml. Antimicrobial efficacies of the ML-LNCs (with and without 
adsorbed AMPs) and AMP solutions were expressed as fold reduction in CFU/ml in 
comparison to PBS as a control. 
 
Efficacy of ML-LNCs with and without AMPs against a staphylococcal biofilm in a murine 
model  

Female BALB/c were obtained from Vital River Laboratory Animal Technology Co. 
(Beijing, China). All animals were housed in the on-site animal facility of Nankai University 
and all experiments were approved by the Institutional Animal Care and User Committee of 
Nankai University, Tianjin, China. To suppress the mice immune system, mice were injected 
with cyclophosphamide four days (150 mg/kg body weight) and one day (100 mg/kg body 
weight) prior to infection. One day prior to infection, hair on the back of the mice was 
removed from the wound sites with an electrical clipper and VEET hair removal cream 
(Reckitt Benckiser, Slough, UK).  

Mice were brought under anesthesia by inhalation of 2.5% isoflurane and a 5 mm 
diameter burn wound was made in the middle of the upper back of each mouse by pressing 
a circular, hot metal rod (75°C)23 on the shaved skin for 1 s. Next, a dose of 1 × 108 
bioluminescent S. aureus Xen36 was inoculated on the wound to create an infection. 
Infected wounds were covered with Parafilm®, held in position with surgical tape for 24 h. 
After 24 h the Parafilm® was removed and bioluminescent images were taken (day 0). Next, 
mice were randomly assigned into six groups of six animals for treatment of the wound with 
PBS (control), ML-LNCs in absence of adsorbed AMPs (100 mg/ml), DPK-060 (1 mg/ml), LL-
37 (1 mg/ml), ML-LNCs (100 mg/ml) with adsorbed DPK-060 (1 mg/ml), and ML-LNCs (100 
mg/ml) with adsorbed LL-37 (1 mg/ml). Treatment included pipetting of 20 µl of a treatment 
fluid directly onto the infected wound, after which a gauze (0.75 x 0.75 cm) was placed on 
top of the wound, and another 80 µl of treatment fluid was pipetted on the gauze. The 
gauze was kept on position with surgical tape and removed for bioluminescence imaging. 
Bioluminescence intensity and area were recorded using a bio-optical imaging system (IVIS, 
30 s exposure time, medium binning, 1 F/Stop, Open Emission Filter). Bioluminescent 
images were taken after 24 h of treatment, after which a new treatment was applied for 4 
consecutive days. After 4 days, the mice were sacrificed, the wound area was cut out for 
CFU determination.  
 
Statistical analysis 

Data was first evaluated for normality, after which statistical significance of the 
difference was determined using analysis of variance (ANOVA), followed by Tukey post-hoc 
or Dunn’s post-hoc test in Graphpad Prism version 7.00 for Windows (GraphPad Software, 
La Jolla California USA). For in vitro experiments, differences were considered significant at 
p < 0.05, while for in vivo experiments differences were considered significant at p < 0.1 



108 

 

Results  
Results are divided in two sections: one section dealing with the controlled release 

of the AMPs from ML-LNCs and a second one demonstrating absence or presence of 
antimicrobial synergy of ML-LNCs with adsorbed AMPs against S. aureus biofilms in vitro 
and in vivo. 
 
Controlled release mechanism of AMPs from ML-LNCs 
AMP adsorption efficiency to ML-LNCs 

The AMP adsorption efficiency (AE) for DPK-060 increased from 28 to 42% with 
increasing ML-LNC concentration and for LL-37 ranged between 72 to 77% with no 
significant effect of ML-LNC concentration (Table 1).  
 
 
Table 1. Adsorption of AMPs on ML-LNCs expressed as adsorption efficiency AE (%). Data represent 
means ± SD. Experiments were repeated three times with n = 3. Asterisks represent statistically 
significant differences (p < 0.05) in comparison with other concentrations of the same AMP. 

AMP (mg/ml) ML-LNCs (mg/ml) AE (%) 
 

        DPK-060 
0.5 50 33 ± 5 

0.5 100  42 ± 2* 

1 50 28 ± 2   

1 100  41 ± 3* 
 

            LL-37 
0.5 50 72 ± 1 

0.5 100 77 ± 3 

1 50 72 ± 4 

1 100 77 ± 3 

 
 
Effects of AMP adsorption and desorption on ML-LNCs zeta potentials 

In order to more closely monitor the adsorption and desorption of AMPs by ML-LNCs, 
zeta potentials of the ML-LNCs were measured in presence of different concentrations of 
AMPs in water to monitor adsorption and subsequently to monitor desorption of AMPs 
from ML-LNCs upon dilution. First it was established for an AMP concentration of 1 mg/ml 
that an adsorption equilibrium in water developed for DPK-060 (Figure 2a) and LL-37 (Figure 
2b). No zeta potential changes over time were observed, indicating rapid establishment of 
an adsorption equilibrium. More positive zeta potentials were found at 37°C than at 25°C. 
Subsequently, zeta potentials were measured as a function of AMP concentration while 
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allowing 5 min for equilibration (Figure 2c and 2d). Since in vivo, release of AMPs will occur 
in a physiological environment, desorption of adsorbed AMPs was monitored both upon 
dilution in water and in PBS. Zeta potentials were measured 30 min after AMP dilution 
(Figure 2e and 2f) and became less positive, indicative of AMP desorption. 

 
Effects of AMP adsorption and desorption on ML-LNCs diameters 

A similar series of experiments was carried out with respect to the hydrodynamic 
diameters of the ML-LNCs (Figure 3). Adsorption or desorption of AMPs from ML-LNCs did 
not significantly impact their hydrodynamic diameter. However, at 25°C ML-LNCs 
demonstrated a much smaller hydrodynamic diameter of 32 ± 0.8 nm with a polydispersity 
index of approximately 0.05 than at 37°C (hydrodynamic diameter 135 ± 20 nm, 
polydispersity index 0.35).  
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Figure 2. Zeta potentials of suspended ML-LNCs to monitor adsorption and desorption of AMPs from 
ML-LNCs. 
(a) Zeta potentials of ML-LNCs in water (3 mg/ml) as a function of time in the presence of 1 mg/ml 
DPK-060 at 25°C and 37°C. 
(b) Zeta potentials of ML-LNCs in water (3 mg/ml) as a function of time in the presence of 1 mg/ml LL-
37 at 25°C and 37°C. 
(c) Equilibrium zeta potentials in water of ML-LNCs as function of DPK-060 concentration in water at 
25°C and 37°C. 
(d) Equilibrium zeta potentials in water of ML-LNCs as function of LL-37 concentration in water at 25°C 
and 37°C. 
(e) Zeta potentials in water of ML-LNCs after previous equilibration in presence of 0.01, 0.1 and 1 
mg/ml DPK-060, and after 2-times dilution in water or PBS to monitor desorption of DPK-060 at 25°C. 
(f) Zeta potentials in water of ML-LNCs after previous equilibration in presence of 0.01, 0.1 and 1 
mg/ml LL-37, and after 2-times dilution in water or PBS to monitor desorption of LL-37 at 25°C. 
All data are expressed as means ± S.D. over triplicate experiments. 

111 

 

 
Figure 3. Hydrodynamic diameters of suspended ML-LNCs after adsorption and desorption of AMPs 
from ML-LNCs. 
(a) Hydrodynamic diameters of ML-LNCs in water (3 mg/ml) as a function of time in the presence of 1 
mg/ml DPK-060 at 25°C and 37°C. 
(b) Hydrodynamic diameters of ML-LNCs in water (3 mg/ml) as a function of time in the presence of 1 
mg/ml LL-37 at 25°C and 37°C. 
(c) Equilibrium hydrodynamic diameters in water of ML-LNCs as function of DPK-060 concentration in 
water at 25°C and 37°C. 
(d) Equilibrium hydrodynamic diameters in water of ML-LNCs as function of LL-37 concentration in 
water at 25°C and 37°C. 
(e) Hydrodynamic diameters in water of ML-LNCs after previous equilibration in presence of 0.01, 0.1 
and 1 mg/ml DPK-060, and after 2-times dilution in water or PBS after desorption of DPK-060 at 25°C. 
(f) Hydrodynamic diameters in water of ML-LNCs after previous equilibration in presence of 0.01, 0.1 
and 1 mg/ml LL-37, and hydrodynamic diameters after 2-times dilution in water or PBS after 
desorption of LL-37 at 25°C. 
All data are expressed as means ± S.D. over triplicate experiments. 
 



6

110 

 

 
Figure 2. Zeta potentials of suspended ML-LNCs to monitor adsorption and desorption of AMPs from 
ML-LNCs. 
(a) Zeta potentials of ML-LNCs in water (3 mg/ml) as a function of time in the presence of 1 mg/ml 
DPK-060 at 25°C and 37°C. 
(b) Zeta potentials of ML-LNCs in water (3 mg/ml) as a function of time in the presence of 1 mg/ml LL-
37 at 25°C and 37°C. 
(c) Equilibrium zeta potentials in water of ML-LNCs as function of DPK-060 concentration in water at 
25°C and 37°C. 
(d) Equilibrium zeta potentials in water of ML-LNCs as function of LL-37 concentration in water at 25°C 
and 37°C. 
(e) Zeta potentials in water of ML-LNCs after previous equilibration in presence of 0.01, 0.1 and 1 
mg/ml DPK-060, and after 2-times dilution in water or PBS to monitor desorption of DPK-060 at 25°C. 
(f) Zeta potentials in water of ML-LNCs after previous equilibration in presence of 0.01, 0.1 and 1 
mg/ml LL-37, and after 2-times dilution in water or PBS to monitor desorption of LL-37 at 25°C. 
All data are expressed as means ± S.D. over triplicate experiments. 

111 

 

 
Figure 3. Hydrodynamic diameters of suspended ML-LNCs after adsorption and desorption of AMPs 
from ML-LNCs. 
(a) Hydrodynamic diameters of ML-LNCs in water (3 mg/ml) as a function of time in the presence of 1 
mg/ml DPK-060 at 25°C and 37°C. 
(b) Hydrodynamic diameters of ML-LNCs in water (3 mg/ml) as a function of time in the presence of 1 
mg/ml LL-37 at 25°C and 37°C. 
(c) Equilibrium hydrodynamic diameters in water of ML-LNCs as function of DPK-060 concentration in 
water at 25°C and 37°C. 
(d) Equilibrium hydrodynamic diameters in water of ML-LNCs as function of LL-37 concentration in 
water at 25°C and 37°C. 
(e) Hydrodynamic diameters in water of ML-LNCs after previous equilibration in presence of 0.01, 0.1 
and 1 mg/ml DPK-060, and after 2-times dilution in water or PBS after desorption of DPK-060 at 25°C. 
(f) Hydrodynamic diameters in water of ML-LNCs after previous equilibration in presence of 0.01, 0.1 
and 1 mg/ml LL-37, and hydrodynamic diameters after 2-times dilution in water or PBS after 
desorption of LL-37 at 25°C. 
All data are expressed as means ± S.D. over triplicate experiments. 
 



112 

 

Demonstration of antimicrobial synergy in vitro and in vivo 
Minimal inhibitory (MIC) and bactericidal (MBC) concentrations of ML-LNCs 

The MICs of DPK-060 and LL-37 were evaluated in TSBg up to a concentration of 
8.192 mg/ml without showing inhibitory effects against any of the four staphylococcal 
strains (see Table 2), while for the ML-LNCs alone, the MICs between 0.125 and 0.500 mg/ml 
were found depending on the strain involved (see also Table 2). This was regardless of 
whether carried out at 25°C or 37°C. The staphylococcal MBC for ML-LNCs ranged from 
0.250 mg/ml for S. aureus Xen36 to 1 mg/ml for the other three staphylococcal strains, also 
regardless of temperature (data not shown). 
 
Synergy of ML-LNCs and AMPs against planktonic staphylococci 

The checkerboard assay showed FIC indices < 0.31 at 25°C and 37°C for each of the 
four S. aureus strains when ML-LNCs and DPK-060 were combined in TSBg which is 
considered as a synergistic effect (Table 2). However, synergy was not observed for the 
combination of ML-LNCs and LL-37. The MIC of the ML-LNCs used alone and in combination 
with LL-37 was the same, yielding an FIC index > 1.06. The synergistic effect of DPK-060 
combined with ML-LNCs against the planktonic staphylococcal strains was confirmed in a 
time-kill assay (Supporting Figure S1). 
 
Efficacy of ML-LNCs with and without adsorbed AMPs against staphylococcal biofilms in 
vitro 

After 24 h growth, staphylococcal biofilms were exposed for 24 h at 37°C to AMPs or 
ML-LNCs with and without adsorbed AMPs. Exposure to PBS alone was taken as a control. 
Exposure of staphylococcal biofilms in presence of either DPK-060 or LL-37 did not result in 
a substantial reduction of staphylococcal CFUs as compared to exposure to PBS alone (2.1 
× 107 CFU/biofilm), regardless of the strain involved (log-reductions < 0.3; see Figure 4). 
Exposure to ML-LNCs alone and combinations of ML-LNCs with AMPs resulted in 
significantly higher reductions in staphylococcal CFUs than when exposed to PBS or AMPs 
alone. Higher concentrations of ML-LNCs had no significant effects on CFU reduction, 
neither was there a significant effect of doubling the AMP concentration. 

Adapting a significantly larger reduction in biofilm CFUs in presence of ML-LNCs with 
adsorbed AMPs than observed in presence of ML-LNCs alone as an indication of synergy, it 
can be seen that synergistic effects occurred for the combination ML-LNCs with DPK-060 for 
three out of the four staphylococcal strains at the lower and for all four staphylococcal 
strains, including MRSA S. aureus ATCC BAA-1696 (MRSA) at the higher DPK-060 
concentration (Figure 4). Similarly, also for the combination of ML-LNCs with LL-37 at the 
highest concentration synergy occurred for all four strains, although somewhat smaller than 
observed for DPK-060.  
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Table 2. Minimum inhibitory concentrations (MIC) in TSBg of DPK-060, LL-37 and ML-LNCs used alone 
and limiting values for the fractional inhibitory concentration indices (FIC) quantitating synergy 
between ML-LNCs and the AMP when the FIC is < 0.5 for different S. aureus strains. MIC values of ML-
LNCs and AMPs were determined in triplicate with separately cultured staphylococci, while the 
checkerboard assay yielding the FIC indices was done in single fold. Identical results were obtained at 
25°C and 37°C. 
Staphylococcus aureus MIC AMPs (mg/ml) MIC ML-LNCs (mg/ml) FIC 

                                                                DPK-060 
0701A0095 > 8.192 0.500 < 0.28 

ATCC 29213 > 8.192 0.500 < 0.28 

Xen36 > 8.192 0.125 < 0.31 

ATCC BAA-1696 (MRSA) > 8.192 0.500 < 0.28 

                                                                   LL-37 
0701A0095 > 8.192 0.500 > 1.06 

ATCC 29213 > 8.192 0.500 > 1.06 

Xen36 > 8.192 0.125 > 1.06 

ATCC BAA-1696 (MRSA) > 8.192 0.500 > 1.06 
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Figure 4. CFU reduction at 37°C, expressed as a log10 fold reduction of staphylococcal biofilm grown 
for 24 h and subsequently exposed for 24 h to AMPs and ML-LNCs alone or ML-LNCs with adsorbed 
AMPs. CFU reduction was expressed relative to exposure to PBS alone and evaluated for different 
concentrations of ML-LNCs, and DPK-060 and LL-37 equilibrium concentrations against: 
(a) S. aureus 0701A0095,. 
(b) S. aureus ATCC 29213. 
(c) S. aureus Xen36. 
(d) S. aureus ATCC BAA-1696 (MRSA). 
Data are expressed as means ± S.D. over triplicate experiments with separately cultured bacteria, 
while asterisks represent statistically significant differences (p < 0.05; analysis of variance (ANOVA) 
with Tukey’s post-hoc analysis) compared to exposure to ML-LNCs alone.  
 
 
Efficacy of ML-LNCs with and without adsorbed AMPs against a staphylococcal biofilm in a 
therapeutic, murine wound healing model 

The effect of AMPs and ML-LNCs with and without adsorbed AMPs was further 
evaluated in a therapeutic, murine wound healing model, using bioluminescent S. aureus 
Xen36 to infect the wound. Time series of representative bioluminescence images for one 
and the same mouse taken daily after the initiation of treatment are presented in Figure 5.  

Quantitative analysis of images prior to treatment indicated that the 
bioluminescence radiance (4.6 × 107 ± 2.5 × 107 photons/s/cm2/sr) and the infected wound 
area (94 ± 29 mm2) did not vary significantly over the different groups of animals created 
(Table S1). Treatment with PBS yielded almost full reduction of bioluminescence in the 
majority of mice already at day 2 (Figure 6), concurrent with a decrease in bioluminescent 
area (Figure 7). ML-LNCs alone showed a significant reduction in bioluminescence at day 1 
after treatment with respect to the PBS control, while at all further days after treatment the 
differences between ML-LNCs and PBS treatment disappeared. DPK-060 alone also showed 
reduction in bioluminescence at day 1 after treatment, but LL-37 did not. Moreover, there 
is no synergy between any of the two AMPs and ML-LNCs. Judged from the bioluminescent 
wound area, it may even be concluded that treatment with the combination of ML-LNCs 
and DPK-060 yielded larger bioluminescent areas for longer periods of time after initiating 
treatment. All mice lost weight after inflicting the wound, but regained weight during the 
wound healing period (Figure S2a). Culturing of the infected wound tissue after sacrifice at 
day 4 yielded no significant differences between the different treatment groups (Figure S2b) 
and amounted 3.3 × 105 CFU per wound on average, representing a 300-fold reduction with 
respect to the number of CFUs applied to infect the wound.  
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Figure 5. Time series of bioluminescent images for 6 mice after initiating treatment with 
(a) PBS (control). 
(b) DPK-060 only (1 mg/ml). 
(c) LL-37 only (1 mg/ml). 
(d) ML-LNCs alone (100 mg/ml). 
(e) ML-LNCs (100 mg/ml) with adsorbed DPK-060 at an equilibrium concentration of 1 mg/ml. 
(f) ML-LNCs (100 mg/ml with adsorbed LL-37 at an equilibrium concentration of 1 mg/ml. 
Representative mouse images are shown for each group. Treatment was initiated on day 0, directly 
after making the bioluminescent images. Scale bar represents 0.5 cm. 
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Figure 6. Relative bioluminescence intensity arising from wounds infected with bioluminescence S. 
aureus Xen36 as a function of time after treatment. Treatment was carried out daily prior to 
bioluminescence measurement with 
(a) PBS (control). 
(b) DPK-060 only (1 mg/ml). 
(c) LL-37 only (1 mg/ml). 
(d) ML-LNCs alone (100 mg/ml). 
(e) ML-LNCs (100 mg/ml) with adsorbed DPK-060 at an equilibrium concentration of 1 mg/ml. 
(f) ML-LNCs (100 mg/ml with adsorbed LL-37 at an equilibrium concentration of 1 mg/ml. 
Bioluminescence intensity was set at 100% at day 0 before treatment. Data are expressed as individual 
values with the median. Absolute bioluminescence intensities at day 0 are summarized in supporting 
Table S1. Asterisks represent statistical significance (p < 0.1) compared against the PBS control group 
at the same day and was calculated with ANOVA with Dunn’s post-hoc analysis. 
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Figure 7. Relative bioluminescence area of wounds infected with bioluminescence S. aureus Xen36 
site as a function of time after treatment. Treatment was carried out daily prior to bioluminescence 
measurement with 
(A) PBS (control). 
(B) DPK-060 only (1 mg/ml). 
(C) LL-37 only (1 mg/ml). 
(D) ML-LNCs alone (100 mg/ml). 
(E) ML-LNCs (100 mg/ml) with adsorbed DPK-060 at an equilibrium concentration of 1 mg/ml. 
(F) ML-LNCs (100 mg/ml) with adsorbed LL-37 at an equilibrium concentration of 1 mg/ml. 
Bioluminescent area was set at 100% at day 0 before treatment. Data are expressed as individual 
values with the median. Absolute bioluminescent areas at day 0 are summarized in supporting Table 
S1. Absence of statistical significance was calculated with ANOVA with Dunn’s post-hoc analysis. 
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Discussion  
Release of AMPs from ML-LNCs is controlled by shifting the adsorption-desorption 

equilibrium in reply to changes in AMP concentration in suspension, as demonstrated here 
through the measurement of zeta potentials and unlike operative in most drug release 
systems, that are pH controlled or light activated24,25. ML-LNCs without AMPs were effective 
in killing staphylococci in a planktonic and biofilm mode of growth, but DPK-060 and LL-37 
on their own did not. Both AMPs demonstrated synergistic, antimicrobial efficacy with ML-
LNCs at their highest concentration applied against all four staphylococcal biofilms. In a 
therapeutic, infected-wound healing model in mice, ML-LNCs provided faster initial wound 
healing than PBS, but neither AMPs DPK-060 nor LL-37 yielded faster wound healing nor 
displayed any antimicrobial synergy with MC-LNCs in speeding up wound healing. This is 
likely because host AMPs, as found in neutrophils and epithelial cells26, took over the role 
of the AMPs added through adsorption to monolaurin capsules. 
 
Controlled release of AMPs 

Assuming adsorption of AMPs will be established in water at temperatures around 
37°C, while desorption would take place under ionic strength conditions resembling PBS at 
temperatures closer to body temperatures, we measured zeta potentials during adsorption 
in water at 25°C and 37°C and during desorption in both water and PBS at 25°C. After 
diluting the ML-LNC suspension with dissolved AMPs, there were little differences in zeta 
potentials measured in water or PBS, which all hovered slightly above 0 mV. However, zeta 
potentials of the ML-LNCs were significantly more positive at 37°C than at 25°C (see Figure 
2c and 2d). This is because 25°C is below the phase inversion temperature of ML-LNCs 
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planktonic staphylococci, likely due to the above. Evaluations by others of the antimicrobial 
activities of AMPs, including also DPK-060 and LL-37, have been done in diluted media31–33 
or buffer33–36. In diluted medium (1% BHI, 99% water), MICs of 0.004 mg/ml and 0.016 
mg/ml were found against S. aureus for DPK-060 and LL-37, respectively. Use of diluted 
medium or buffer however, can on its own already inhibit growth, and hence these low 
values may not be directly associated with the AMPs themselves, which is the reason why 
we preferred to evaluate MICs in full medium. 

Whereas for the combination of ML-LNCs with two other AMPs, synergy was 
demonstrated against planktonic S. aureus ATCC 25923 and S. aureus 0702E019615, 
antimicrobial synergy in the current study was only observed for ML-LNCs with DPK-060 
against planktonic S. aureus (Table 2 and Figure S1). However, when in a biofilm mode of 
growth, DPK-060 and LL-37 combined at their highest concentration with ML-LNCs, 
demonstrated synergistic antimicrobial efficacy against S. aureus biofilms in vitro (Figure 4). 
No concentration dependence of the antimicrobial efficacy of ML-LNCs with or without 
adsorbed AMPs against staphylococcal biofilms was observed, as opposite to observations 
on planktonic staphylococci. Likely, the biofilm mode of growth presents a barrier, that 
controls antimicrobial penetration and therewith their efficacy over the concentration 
range involved. 
 
In vivo antimicrobial studies  

In vivo, healing of wounds infected with bioluminescent S. aureus Xen36, treated 
with ML-LNCs alone in a murine model, was faster after infection than when treated with 
PBS. At sacrifice, i.e. four days after infection, bioluminescence intensities and the number 
of staphylococcal CFUs isolated from per wound area were similarly low in all groups. 
Accordingly, conclusions about antimicrobial efficacy and synergy can only be drawn with 
respect to the kinetics of pathogen clearing. This is quite common in infection models in 
animals. Either, the animals die after pathogen inoculation when the dose is too high, or 
manage to fully cure the infection themselves37–39. This not only leaves a narrow window 
for the inoculation dose, but also implies that at end-stage, without clinical signs of 
infection, bacterial contents from the wounds are similarly low. In far most all animal studies 
that are known to us, the advantage of antimicrobial treatment is concluded from a faster 
recovery than the control38,40–43, as we have done.  

While our in vivo study adapted a therapeutic approach to infection control, other in 
vivo studies investigated the ability of monolaurin to prevent infection, which is against 
common clinical practice in which antimicrobial treatment is only initiated after the 
occurrence of infection, as in our therapeutic wound healing model. In murine studies, 
preventive oral44,45 administration of monolaurin successfully reduced bacteremia due to S. 
aureus injection, while prophylactic injection of monolaurin increased survival of rabbits 
due to induced S. aureus toxic shock syndrome46. Opposite to planktonic and in vitro biofilm 
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studies, we observed no therapeutic antimicrobial synergy in healing of infected wounds, 
when ML-LNCs were combined with an AMP, likely because host AMPs, such as cathelicidin 
related antimicrobial peptide in mice47 took over the role of the AMPs added.  
 
Conclusions  
1. Controlled release of AMPs from ML-LNCs occurs through an adsorption-desorption 

equilibrium.  
2. ML-LNCs were effective in killing planktonic staphylococci, and staphylococci in a biofilm 

mode of growth. In a therapeutic, infected wound healing model in mice, ML-LNCs 
provided faster initial wound healing than a PBS control.  

3. The AMPs DPK-060 and LL-37 did not display antimicrobial efficacy against staphylococci 
regardless of their mode of growth, but ML-LNCs with adsorbed DPK-060 and LL-37 
demonstrated synergistic, antimicrobial efficacy at their highest concentrations applied 
against all four staphylococcal biofilms involved in this study. In vivo wound healing was 
not sped up by the AMPs. 

4. Synergistic antimicrobial efficacy of ML-LNCs with DPK-060 and LL-37 as observed in 
vitro, could not be demonstrated to persist in a therapeutic, murine infected wound 
healing model, likely because host AMPs took over the synergistic role of AMPs added.  

 
For future experiments, this study highlights that conclusions drawn regarding 

antimicrobial efficacy and synergy of antimicrobials should not be drawn from planktonic 
data, while even biofilm data in vitro may bear little relevance for the much more complex 
in vivo situation, especially with regards to synergy.  
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Figure S2. 
(a) Weight of the mice before inflicting the wound at day -1 and during the wound healing period, 
starting at day 0, for the different treatment groups. Weight was expressed as a percentage with 
respect to the weight of the mice when entering the experiment (on average, 26.2 g). 
(b) The average numbers of CFUs isolated from the wound area after sacrifice at day 4 for the different 
treatment groups. 
Error bars represent standard deviations over 6 mice per group. 
 
 
Table S1. Absolute bioluminescence radiance and absolute bioluminescence area from untreated 
mice, prior to participating in the different treatment groups on day 0. Standard deviations in the table 
are calculated over 6 mice per group. 
Treatment Radiance (p/s/cm2/sr) (× 107) Bioluminescence area (mm2) 
PBS 3.6 ± 2.9  78 ± 16 

DPK-060 5.8 ± 1.9 104 ± 27 

LL-37 6.2 ± 2.3 97 ± 30 

ML-LNCs 3.7 ± 2.3 98 ± 38 

DPK-060 adsorbed ML-LNCs 4.6 ± 3.3 103 ± 34 

LL-37 adsorbed ML-LNCs 3.8 ± 1.6  82 ± 32 
 
 
References 
1. Pankey, G., Ashcraft, D., Kahn, H. & Ismail, A. Time-kill assay and etest evaluation for synergy with 

polymyxin B and fluconazole against Candida glabrata. Antimicrob. Agents Chemother. 58, 5795–
5800 (2014). 
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General discussion 
Since the onset of human existence bacterial infections have contributed to diseases 

and death. The discovery of antibiotics has limited death rates due to infections for the first 
couple of decades. Still, bacterial infections remain a major cause of death worldwide, 
especially in immunocompromised patients1,2. Bacteria in biofilms are more tolerant to 
antimicrobials than planktonic bacteria3 and therefore are more difficult to treat with 
antimicrobials. In addition, genetic resistance of bacteria against antibiotics has 
dramatically increased the last decade4,5. Continuous development of new antimicrobials 
and targeted delivery strategies of antibiotics are necessary to combat bacterial infections. 
Therefore, in this thesis we have explored methods to improve the penetration and killing 
of infectious biofilms. 
 
Biofilm penetration 

Altering the zeta potential of engineered nanocarriers has been done in several 
studies to optimize penetration in biofilms6–11. Positively charged particles or antimicrobials 
are thought to interact with the negative charges of extracellular polymeric substances 
(EPS) in the biofilm, and it is therefore often assumed that they will remain in the top layers 
of the biofilm12–14. In chapter 5, we show that neutrally, negatively and positively charged 
dendrons all penetrate into Pseudomonas aeruginosa biofilms. Positively charged dendrons 
accumulated faster and in high concentrations in the top layers of the biofilm, but also 
reached the deeper layers, while neutrally and negatively charged dendrons accumulated 
in deeper layers in higher concentrations into the biofilm than positively charged dendrons. 
One critical drawback is that we only tested the penetration of dendrons into one P. 
aeruginosa strain. Bacterial species and strains differ in the composition and production of 
EPS15, which is probably the reason why contradictory results with respect to nanocarrier 
zeta potentials and biofilm penetration are reported6–11. For example, positively charged 
quantum dots were shown to penetrate into Escherichia coli biofilms, while negatively and 
neutrally charged quantum dots did not penetrate6. In contrast, negatively charged 
polystyrene particles were accumulating faster in Alteromonas macleodii biofilms than 
positively charged polystyrene particles8. More research, preferably using different species, 
will be needed on the effect of zeta potentials of nanocarriers and the penetration in 
biofilms. An important aspect to keep in mind for penetration of nanocarriers in biofilms is 
the biofilm thickness and the visualization of penetration. Often studies use thin biofilms of 
10-40 µm6–11, while in vivo biofilms can easily be thicker than 50 µm16. For visualization often 
confocal laser scanning microscopy is used and sometimes depending on the bacterial strain 
it only can visualizes the top 20-40 µm of the biofilm17,18, and also images are made while 
the biofilm is submerged in a buffer. We show in chapter 5 that after the penetration of 
dendrons, submersion in buffer can cause a wash-out of the dendrons depending on the 
charge. If we would have used confocal laser scanning microscopy to visualize the 
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penetration, we would have measured lower concentrations for neutrally and negatively 
charged dendrons in the biofilm.  

An interesting idea to battle biofilms is the dissolution of EPS19. Recombinant human 
DNase is for example used daily in the treatment of cystic fibrosis patients to dissolve the 
DNA present in the mucus layer in the lungs20. DNA or normally called eDNA is a part of EPS 
and is functioning as the glue in the biofilm matrix21. In the treatment of cystic fibrosis 
patients, inhalation of DNase is given before the inhalation of antibiotics, resulting in 
enhanced efficacy of the treatment22 due to a better penetration of the antibiotics in the 
mucus layer. Changing the charge of EPS dissolving agents from a negative to a positive 
charge may result in higher concentrations of the agent at the surface of biofilms (see also 
Figure 3 in Chapter 5), and thereby accelerating the dissolvement of EPS. Therefore, 
combination therapy of dissolving the EPS of a biofilm and target the infectious biofilm will 
be a promising method for the future. An important aspect to keep in mind is that when 
administered intravenously or orally, nanocarriers with adsorbed or encapsulated 
antimicrobials should also be made optimal for systemic longevity in the blood circulation, 
which may need other characteristics than a nanocarrier must possess for optimal biofilm 
penetration. 
 
Antimicrobial peptides 

Antimicrobial peptides (AMPs) have long been mentioned as a potential candidate 
for the treatment of bacterial infections, for the reason that development of bacterial 
resistance against AMPs seemed improbable23. However, recent studies have shown that 
AMP resistance can occur, for example by modifying the cell membrane24. In Gram-positive 
bacteria like Staphylococcus aureus, positively charged molecules such as L-lysine can be 
incorporated into the cell wall teichoic acids25. This reduces the negative charge in the 
bacterial cell wall, and so decreases electrostatic interaction with the cationic AMPs26. In 
Gram-negative bacteria, the charge of the lipopolysaccharide (LPS) can be increased by 
addition of 4-aminoarabinose to lipid A, which decreases the affinity between AMPs and 
LPS. Furthermore, bacteria can produce proteases and activate efflux pumps to frustrate 
AMP activity26.  

Antimicrobial activity of AMPs is often tested in solutions with a low salt 
concentration (10 mM) in which bacteria are not metabolically active27–29. In Chapter 6 we 
argue whether this is relevant for the in vivo situation, in which in addition to proteins also 
high salt concentrations (around 140 mM) are present. The stability of AMPs is depending 
on the salt concentration and decreases when the salt concentration is too high30. The 
antimicrobial activity of the AMPs magainin 1, cecropin P131, and human β-defensin-132 for 
example almost disappeared when tested in 100 mM NaCl in comparison to 0 mM NaCl. 
Another drawback of AMPs is their sensitivity to proteolytic degradation33. Both P. 
aeruginosa and S. aureus can secrete peptidases (elastase and ureolysin) which inactivates 
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LL-3734,35. These proteases hydrolyze positions involving hydrophobic side chains of the 
AMP, resulting in loss of AMP effectivity36. This sensitivity of AMPs to salts and proteolytic 
degradation is probably the reason that in vitro and in vivo biofilm studies only prevention 
or inhibition of biofilm growth is observed, instead of biofilm killing28,37. Considering both 
the development of resistance and the sensitivity towards salts and proteolytic degradation 
are probably reasons that AMPs are less effective as thought for combatting bacterial 
infections. AMPs might still be considered as effective antimicrobials in the future, since 
there are still several AMPs tested in clinical trials38.  

 
Future perspectives 

Within the coming decades, antimicrobial resistance will increase and therewith 
increase the need for continuous development of new antimicrobials and targeted delivery 
strategies. The world health organization launched in 2015 a ‘global action plan on 
antimicrobial resistance’39. Herein, five objectives are mentioned to sustain future 
treatment of infections: ‘(1) to improve awareness and understanding of antimicrobial 
resistance, (2) to strengthen knowledge through surveillance and research, (3) to reduce 
the incidence of infection, (4) to optimize the use of antimicrobial agents, and (5) to ensure 
sustainable investment in countering antimicrobial resistance’39. This must result in 
prevention of further development of antimicrobial resistance, so that infectious diseases 
can still be treated with safe and effective antimicrobials. Exploring synergistic interactions 
of antimicrobials might be one of the options to optimize the use of antimicrobial agents, 
also because treatment with synergistic antimicrobials can slow down the development of 
antimicrobial resistance40. So far, little is known about the underlying mechanisms of 
synergistic interactions of antimicrobials with antibiotics or other antimicrobial compounds 
as monolaurin. Therefore, combinational therapies need to be investigated in order to 
battle future antimicrobial resistance.  

Engineered nanocarriers releasing antimicrobials are heavily investigated, with 
liposomal nanoparticles the most popular one, from which a few are already used in the 
clinic41. Targeted therapies in which nanocarriers with antimicrobials engineered in a way 
that biofilm penetration is achieved, longtime circulation in blood is guaranteed and release 
of antimicrobials only occurs in the biofilms would be ideal to kill the bacteria in the biofilm 
and to prevent development of antimicrobial resistance. 
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Initial bacterial adhesion to surfaces in the human body can result in biofilm 
formation, which plays a critical role in bacterial infections. It is estimated that 
approximately 60% of all bacterial infections are caused by microbial biofilms. In a biofilm, 
bacteria embed themselves in a matrix of extracellular polymeric substances (EPS), acting 
as ‘the house of the biofilm cells’. EPS consists of water, polysaccharides, proteins, 
extracellular DNA (eDNA) and other molecules and protects the biofilm from the human 
immune system, mechanical forces, penetration of antimicrobials, and desiccation. In 
comparison with planktonic bacteria, biofilm can be up to 1000 times more resistant to 
antimicrobials. Antimicrobial peptides (AMPs) have been mentioned to battle antimicrobial 
resistance and in order to let them penetrate into biofilms development of nanocarriers has 
been suggested (Chapter 1). Therefore, the aim of this thesis was to investigate the 
penetration of AMPs and nanocarriers in infectious biofilms in vitro and in vivo. 

In Chapter 2, a protocol is presented how to grow biofilms with a well-defined 
thickness to match the thickness of clinically occurring biofilms in a constant depth film 
fermenter (CDFF). In a CDFF, biofilms are grown on the bottom of wells with set depths, 
while a scraper blade removes biofilm growing above the wells. Proper fixing of well-depth 
and use of smooth scraper blades are critical steps for growing biofilms of constant 
thickness over their entire surface area. Biofilm thickness can be measured with confocal 
laser scanning microscopy (CLSM), low load compression testing (LLCT) or optical coherence 
tomography (OCT). CLSM is mostly used, but relies on penetration of fluorophores and 
laser-light through the biofilms. This makes CLSM unsuitable for relatively thick CDFF 
biofilms, leaving LLCT and OCT preferred. The relatively low resolution of OCT enables to 
determine thickness over an entire biofilm surface area, constituting a major advantage 
over CLSM. The reproducible thickness of CDFF biofilms facilitates high-throughput studies 
and is important for studying antimicrobial penetration in biofilms. 

OCT is a non-destructive tool for biofilm imaging, not requiring staining and used to 
measure biofilm thickness and putative comparison of biofilm structure based on whiteness 
distributions in OCT-images. Quantitative comparison of biofilm whiteness in OCT images, 
is impossible due to the auto-scaling applied in OCT-instruments to ensure optimal quality 
of individual images. In Chapter 3, we developed a method to eliminate the influence of 
auto-scaling in order to allow quantitative comparison of biofilms in different images. Auto- 
and re-scaled whiteness intensities could be qualitatively interpreted in line with biofilm 
characteristics expected on the basis of literature for biofilms of different strains and 
species, demonstrating qualitative validity of auto- and re-scaling analyses. However, 
specific features of pseudomonas and oral dual-species biofilms were more prominently 
expressed after re-scaling. Quantitative validation was obtained by relating average auto- 
and re-scaled whiteness intensities across biofilms with volumetric bacterial densities in 
biofilms, independently obtained using enumeration of bacterial numbers per unit biofilm 
volume. Opposite to auto-scaled average whiteness intensities, re-scaled intensities of 
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different biofilms increased linearly with independently determined volumetric bacterial 
densities in the biofilms. Herewith, the proposed re-scaling of whiteness distributions in 
OCT-images significantly enhances the possibilities of biofilm imaging using OCT.  

EPS provides biofilms with viscoelastic properties, causing time-dependent 
relaxation after stress-induced deformation, according to multiple characteristic time-
constants. These time-constants reflect different biofilm (matrix) components. Since 
viscoelasticity of biofilms has been related with antimicrobial penetration, but not yet with 
bacterial killing, this study aimed to relate killing of P. aeruginosa in its biofilm-mode of 
growth by three antimicrobials with biofilm viscoelasticity (Chapter 4). P. aeruginosa 
biofilms were grown for 18 h in a CDFF, either with mucin-containing artificial sputum 
medium (ASM), artificial sputum medium without mucin (ASM-), or Luria-Bertani broth (LB). 
This yielded 100 µm thick biofilms, that differed in their amounts of matrix eDNA and 
polysaccharides. LLCT followed by three-element Maxwell analyses, showed that the fastest 
relaxation component, associated with unbound water, was most important in LB grown 
biofilms. Slower components due to water with dissolved polysaccharides, insoluble 
polysaccharides and eDNA, were most important in relaxation of ASM grown biofilms. ASM-

grown biofilms showed intermediate stress relaxation. P. aeruginosa in LB grown biofilms 
were killed most by exposure to tobramycin, colistin or an antimicrobial peptide, while ASM 
provided the most protective matrix with less water and most insoluble polysaccharides 
and eDNA. Concluding, stress relaxation of P. aeruginosa biofilms grown in different media 
revealed differences in matrix composition that, within the constraints of the antimicrobials 
and growth media applied, correlated with the matrix protection offered against different 
antimicrobials. 

Development of antimicrobial dendritic polymers is considered promising as an 
alternative infection control strategy. Therefore, this work aimed to determine the role of 
dendron peripheral composition in their penetration into P. aeruginosa biofilms (Chapter 
5). For antimicrobial dendritic polymers to effectively kill bacteria residing in infectious 
biofilms, they have to penetrate and accumulate deep into biofilms. P. aeruginosa biofilms 
were exposed to red-fluorescent dendrons with different peripheral compositions. 
Dendrons with NH3+ peripheral groups accumulated faster into P. aeruginosa biofilms than 
dendrons with OH or COO- at their periphery, and accumulated near the top of the biofilm, 
due to electrostatic double-layer attraction with negatively-charged biofilm components. 
Distribution of dendrons with OH and COO- peripheral groups was more even across the 
depth of the biofilms. Unlike dendrons with NH3+ groups at their periphery, dendrons with 
OH or COO- peripheral groups, lacking strong electrostatic double-layer attraction with 
biofilm components, were largely washed-out during exposure to phosphate buffered 
saline (PBS) without dendrons. Thus penetration and accumulation of dendrons into 
biofilms is controlled by their peripheral compositions through electrostatic double-layer 
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interactions, which is important for the development of new antimicrobial or antimicrobial-
carrying dendritic polymers. 

In Chapter 6 we investigated the release mechanism of AMPs from monolaurin lipid 
nanocapsules (ML-LNCs) and possible antimicrobial synergy of ML-LNCs with the AMPs DPK-
060 and LL-37 against Staphylococcus aureus biofilm in vitro and in a therapeutic, murine, 
infected wound healing model. Zeta potentials demonstrated that AMP release from ML-
LNCs was controlled by the AMP concentration in suspension. Both AMPs demonstrated no 
antimicrobial efficacy against four staphylococcal strains in a planktonic mode, while a 
checkerboard assay showed synergistic antimicrobial efficacy when ML-LNCs and DPK-060 
were combined, but not for combinations of ML-LNCs and LL-37. Similar effects were seen 
for growth reduction of staphylococcal biofilms, with antimicrobial synergy persisting only 
for ML-LNCs at the highest level of DPK-060 or LL-37 adsorption. Healing of wounds infected 
with bioluminescent S. aureus Xen36, treated with ML-LNCs alone, was faster when treated 
with PBS, while AMPs alone did not yield faster wound healing than PBS. Faster, synergistic 
wound healing due to ML-LNCs with adsorbed DPK-060, was absent in vivo. Summarizing, 
antimicrobial synergy of ML-LNCs with adsorbed AMPs as seen in vitro, is absent in in vivo 
healing of infected wounds, likely because host AMPs adapted the synergistic role of the 
AMPs added. Thus, conclusions regarding synergistic antimicrobial efficacy, should not be 
drawn from planktonic data, while even in vitro biofilm data bear little relevance for the in 
vivo situation. 

In Chapter 7, the results of this thesis are discussed regarding the penetration of 
nanocarriers into biofilms and the use of AMPs against biofilms. Future perspectives for 
antimicrobial treatments are proposed, such as investigating synergistic interactions of 
antimicrobials with antibiotics or other antimicrobial compounds. Ongoing research about 
new antimicrobials therapies and strategies to deliver antimicrobials into the biofilms are 
still direly needed to keep treating biofilms infections in the future. 
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Bacteriële hechting aan oppervlakken in het menselijk lichaam kan resulteren in de 
vorming van biofilms. Biofilms spelen een belangrijke rol in infecties in het menselijk 
lichaam. Geschat wordt, dat ongeveer 60% van alle bacteriële infecties worden veroorzaakt 
door microbiële biofilms. In een biofilm, zitten bacteriën ingebed in een zelf-geproduceerde 
matrix van extracellulaire polymere substanties (EPS). Deze matrix fungeert als het ‘huis van 
de cellen in een biofilm’. EPS bestaat uit water, polysachariden, eiwitten, extracellulair DNA 
(eDNA) en andere moleculen die een biofilm beschermen tegen het humane 
immuunsysteem, mechanische krachten, penetratie van antimicrobiële stoffen en 
uitdroging. Biofilms kunnen tot 1000 keer meer resistent zijn tegen antimicrobiële middelen 
dan bacteriën in een planktonische toestand. Antimicrobiële peptiden (AMPs) zijn 
veelbelovende antimicrobiële stoffen omdat ze geen resistentie vertonen, tenminste tot 
dusver. Om AMPs te laten penetreren in biofilms wordt het gebruik van nanocarriers 
gesuggereerd (Hoofdstuk 1). Daarom was de doelstelling van dit proefschrift gericht op het 
bestuderen van de penetratie van AMPs en nanocarriers in infectieuze biofilms in vitro en 
in vivo. 

In Hoofstuk 2 wordt een protocol beschreven hoe biofilms gegroeid kunnen worden 
met een van tevoren gedefinieerde dikte, die overeenkomt met de dikte van klinische 
biofilms, in een ‘constant depth film fermentor’ (CDFF). In de CDFF groeien biofilms op 
oppervlakken die op een bepaalde diepte liggen, zogenaamde putjes die in een draaitafel 
gemaakt zijn, terwijl een schraper de biofilm verwijdert die boven de putten uitgroeit. Het 
fixeren van de put-diepte en het gebruik van een gladde schraper zijn kritische stappen voor 
het groeien van biofilms met gelijke dikte. De dikte van biofilms kan gemeten worden met 
‘confocale laser scanning microscopy’ (CLSM), ‘low load compression testing’ (LLCT) en 
‘optical coherence tomography’ (OCT). CLSM is de meest gebruikte techniek, maar is 
afhankelijk van de penetratie van fluorophoren en laser licht in de biofilm. Dit maakt CLSM 
ongeschikt om de dikte van relatief dikke biofilms te meten, waardoor LLCT en OCT de 
voorkeur hebben. Met de OCT kan met een lage resolutie de dikte van de biofilm over bijna 
het gehele oppervlak van een putje worden gemeten, wat een voordeel is in vergelijking 
met CLSM. Het groeien van biofilms met een reproduceerbare dikte maakt het mogelijk om 
studies te doen met veel biofilms tegelijk hetgeen belangrijk is voor het bestuderen van 
antimicrobiële penetratie in biofilms.  

OCT is een manier om de dikte van een biofilm te meten zonder dat het de biofilm 
beschadigd wordt en waarbij het gebruik van kleuringen niet nodig is. De structuur van 
biofilms kan met behulp van witheidsintensiteit verdeling in OCT-afbeeldingen bepaald 
worden. Kwantitatieve vergelijking van biofilm witheid verdeling in OCT afbeeldingen is 
echter onmogelijk doordat het OCT-apparaat afbeeldingen automatisch herschaalt om een 
optimale kwaliteit van afbeeldingen te garanderen. In Hoofdstuk 3 hebben we een methode 
ontwikkeld om de invloed van automatische schaalaanpassing te elimineren om 
kwantitatieve vergelijking van biofilms in verschillende afbeeldingen mogelijk te maken. 

141 

 

Automatisch geschaalde en herschaalde witheidsintensiteiten konden kwalitatief worden 
geïnterpreteerd in lijn met de verwachte biofilmeigenschappen uit de literatuur voor 
biofilms van verschillende bacterie stammen, hetgeen een validatie van auto- en 
herschalinganalyses is. Echter, specifieke kenmerken van pseudomonas en orale dual-
species biofilms werden prominenter uitgedrukt na onze herschaling. Kwantitatieve 
validatie werd verkregen door het relateren van gemiddelde auto- en herschaalde 
witheidsintensiteiten van de biofilms met bacteriële dichtheden in deze biofilms. De 
bacteriedichtheden per volume eenheid werden onafhankelijk verkregen door het tellen 
van het aantal bacteriën per biofilm volume eenheid. In tegenstelling tot auto-geschaalde 
gemiddelde witheidsintensiteiten, namen de herschaalde intensiteiten van verschillende 
biofilms lineair toe met bacteriële dichtheden per volume eenheid. Zo werd de ontwikkelde 
schaal verder kwantitatief gevalideerd. Hiermee wordt de voorgestelde 
witheidsverdelingen in OCT-afbeeldingen aanzienlijk verbeterd, wat de mogelijkheden van 
OCT biofilm-beeldvorming ten goede komt 

EPS voorziet de biofilm van visco-elastische eigenschappen. Na een vervorming van 
de biofilm zorgen deze visco-elastische eigenschappen voor tijdsafhankelijke relaxatie met 
kenmerkende tijdsconstanten. Deze tijdsconstanten zijn kenmerkend voor de verschillende 
matrix componenten van de biofilm. De visco-elastische eigenschappen van biofilms zijn 
eerder gerelateerd aan de penetratie van antimicrobiële stoffen in biofilms, maar nog nooit 
aan het doden van bacteriën in de biofilm. In Hoofdstuk 4 wordt de relatie tussen de visco-
elasticiteit van biofilms met het doden van P. aeruginosa in biofilms na blootstelling aan 
drie antimicrobiële stoffen bestudeerd. P. aeruginosa biofilms werden gedurende 18 uur 
gegroeid in een CDFF met een mucine bevattend ‘artificial sputum medium’ (ASM), ‘artificial 
sputum medium’ zonder mucine (ASM-), of ‘Luria Bertani medium’ (LB). Dit resulteerde in 
biofilms van 100 µm dikte met verschillende concentraties eDNA en polysachariden in hun 
matrices. LLCT gevolgd door drie-elementen Maxwell analyse toonde aan dat de snelste 
relaxatie componenten, geassocieerd met ongebonden water, het belangrijkste waren in 
de relaxatie van LB gegroeide biofilms. Langzamere relaxatie componenten, geassocieerd 
met opgeloste polysachariden, onoplosbare polysachariden en eDNA, waren het 
belangrijkst in de relaxatie van ASM gegroeide biofilms. Biofilms gegroeid met ASM- 
toonden relaxatie componenten met waarden tussen die van ASM en LB gegroeide biofilms 
in. LB gegroeide biofilms waren het gevoeligste voor tobramycine, colistine en een 
antimicrobiële peptide. ASM gegroeide biofilms bevatte de meest beschermende biofilm 
matrix met het minste water en meeste opgeloste polysachariden en eDNA. In deze studie 
concludeerden wij dat de stress relaxatie van biofilms die gegroeid werden met 
verschillende soorten media, correleert met de bescherming die de matrix geeft aan de 
bacteriën in de biofilm tegen antimicrobiële stoffen. 

De ontwikkeling van antimicrobiële dendritische polymeren wordt gezien als een 
veelbelovend alternatief om infecties te bestrijden. In Hoofdstuk 5 hebben we de invloed 
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van de perifere compositie van dendrons op de penetratie van de dendrons in P. aeruginosa 
biofilms bestudeerd. Rood fluorescerende dendrons met verschillende perifere composities 
werden hiervoor gebruikt. Om bacteriën in de biofilm effectief te doden is het belangrijk 
dat antimicrobiële dendritische polymeren diep penetreren en accumuleren in biofilms. 
Dendrons met NH3+ perifere groepen accumuleerden sneller in P. aeruginosa biofilms dan 
dendrons met OH en COO- groepen. Dendrons met NH3+ perifere groepen accumuleerden 
in de bovenste laag van de biofilm, door interacties van de positieve lading van de NH3+ 
groepen met de negatief geladen componenten in de biofilm. De verdeling van dendrons 
met OH en COO- groepen aan hun periferie was gelijkmatiger over de gehele diepte van de 
biofilms. In tegenstelling tot dendrons met NH3+ aan hun periferie, verdwenen dendrons 
met OH en COO- aan hun periferie uit de biofilm na wassen met fosfaat gebufferde 
zoutoplossing (PBS) doordat er geen elektrostatische interacties plaatsvonden tussen de 
dendrons en de biofilm. Penetratie en accumulatie van dendrons in biofilm wordt derhalve 
gecontroleerd door de perifere compositie van de dendrons. Deze informatie is belangrijk 
voor de ontwikkeling van nieuwe antimicrobiële stoffen of antimicrobiële dendritische 
polymeren. 

In Hoofdstuk 6 wordt de afgifte van AMPs, geadsorbeerd aan monolaurin lipid 
nanocapsules (ML-LNCs) bestudeerd. Er wordt onderzocht of de AMPs DPK-060 en LL-37 
samen met ML-LNCs een synergetisch interactie hebben tegen Staphylococcus aureus 
biofilms in vitro, alsook in een in vivo therapeutisch wondgenezing model in muizen. Zeta 
potentialen van AMPs geladen ML-LNCs toonden aan dat de afgifte van geadsorbeerde 
AMPs van de ML-LNCs gecontroleerd werd door de AMP-concentratie in de omringende 
vloeistof. De AMPs DPK-060 en LL-37 hadden beide geen antimicrobieel effect tegen vier 
stafylokokken stammen in planktonische toestand. Met een checkerboard analyse werd 
synergie tussen ML-LNCs en DPK-060 aangetoond. Echter, er werd geen synergie gevonden 
tussen ML-LNCs en LL-37. Synergie werd alleen aangetoond tegen vier gegroeide 
stafylokokken biofilms wanneer ML-LNCs werden gecombineerd met de hoogste 
concentratie van DPK-060 en LL-37. Geïnfecteerde wonden in muizen met bioluminescente 
S. aureus Xen36 genazen sneller door behandeling met ML-LNCs dan met PBS. De 
behandeling met AMPs had hetzelfde effect als de controle behandeling met PBS. De 
snellere wondgenezing met de combinatie van DPK-060 en ML-LNCs die werd verwacht op 
basis van de in vitro resultaten was afwezig in vivo. Waarschijnlijk werd er geen snellere 
wondgenezing in vivo gevonden doordat lichaamseigen AMPs van de muizen zelf het 
synergetische effect van de toegevoegde AMPs overnamen. Deze resultaten laten zien dat 
conclusies getrokken uit planktonische en biofilm data in vitro soms weinig relevantie 
bevatten voor de in vivo situatie.  

In hoofdstuk 7 worden de resultaten uit deze thesis besproken ten opzichte van 
penetratie van nanocarriers in biofilms en het gebruik van AMPs. Toekomstperspectieven 
voor antimicrobiële behandeling worden voorgesteld, zoals het onderzoeken van 
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synergetische interactie tussen antimicrobiële stoffen en antibiotica of andere 
antimicrobiële stoffen. Onderzoek naar nieuwe antimicrobiële behandelingen is nog steeds 
nodig om in de toekomst biofilm infecties te kunnen bestrijden. 
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