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ABSTRACT: Disaccharides are well-known for their mem-
brane protective ability. Interaction between sugars and
multicomponent membranes, however, remains largely unex-
plored. Here, we combine molecular dynamics simulations and
fluorescence microscopy to study the effect of mono- and
disaccharides on membranes that phase separate into Lo and
Ld domains. We find that nonreducing disaccharides, sucrose
and trehalose, strongly destabilize the phase separation leading
to uniformly mixed membranes as opposed to monosacchar-
ides and reducing disaccharides. To unveil the driving force for
this process, simulations were performed in which the sugar
linkage was artificially modified. The availability of accessible
interfacial binding sites that can accommodate the non-
reducing disaccharides is key for their strong impact on lateral membrane organization. These exclusive interactions between the
nonreducing sugars and the membranes may rationalize why organisms such as yeasts, tardigrades, nematodes, bacteria, and
plants accumulate sucrose and trehalose, offering cell protection under anhydrobiotic conditions. The proposed mechanism
might prove to be a more generic way by which surface bound agents could affect membranes.

■ INTRODUCTION

One of the most intriguing phenomena in biology is the
occurrence of anhydrobiosis in the life cycle of several
organisms from all kingdoms of life such as yeasts, tardigrades,
nematodes, bacteria, and plants. In the anhydrobiotic state, the
amount of liquid water in the organism is reduced to a level
where the metabolism is completely (but reversibly)
stopped.1−3 A common physiological response to anhydrobio-
sis is the synthesis of cryo-protective sugars, such as the
disaccharides sucrose (by plants) and trehalose (mostly by
animals), which are accumulated intracellular also during
temperature drifting, osmotic shifting, and oxidative stress.4,5

The role of those nonreducing sugars in the protection against
the dehydration damage is not fully understood. However, they
have been shown to stabilize protein conformations and lipid
bilayers.6

The direct interaction between lipid and sugar molecules has
been demonstrated by a diversity of experimental techniques,
including infrared spectroscopy, differential scanning calorim-
etry, nuclear magnetic resonance (NMR), and X-ray
diffraction.7−12 Sugars have proven to be effective in protecting
membranes by lowering the gel−fluid phase transition upon
dehydration. This phenomenon has been observed for the
monosaccharide glucose and the disaccharides sucrose and
trehalose.13−15 The effect can be explained by a direct

replacement of the water molecules by the sugars, preventing
the increase in the packing of the lipid acyl chains in the dry
state. This effect is called the “water replacement” hypoth-
esis.16−18 Other explanations for the protection ability of sugars
during dehydration are the “vitrification”, the “water-entrap-
ment”, and the “hydration repulsion” hypotheses, which
indicate that sugars protect biomolecules by the formation of
amorphous glasses, by concentrating water molecules close to
the membrane, or by being excluded from the surface.19−21 The
latter would reduce the compressive stress of the membrane
upon dehydration. Even though different hypotheses have been
put forward, several studies have indicated that different
mechanisms of protection may act simultaneously.18

In fully hydrated membranes, the nature of sugar−lipid
interactions is debated, and they have been classified on the
basis of either “interaction” or “exclusion” hypotheses. In the
first one, the sugars interact directly with the lipid membranes
as seen by an expansion of the phospholipid monolayers when
sucrose or trehalose is added.22−25 The increased membrane
area is caused by the sugars intercalating between the lipid
headgroups. On the contrary, the “exclusion” hypothesis
describes a partial depletion of sugar in the hydration zone of
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the lipid bilayer.11,13,21,25 Andersen and co-workers demon-
strated that the two opposing views on lipid−sugar interactions
might both be true and take place simultaneously. At low sugar
concentration the attractive contribution between sugar and
lipid by hydrogen bonding dominates, resulting in the
intercalation of the sugars in between the lipid headgroups.
At higher concentrations the interface saturates, and kosmo-
tropic contributions dominate, causing a general depletion of
additional sugars from the interface.25

So far, studies have been mostly directed at simplified model
membranes. Real membranes, however, consist of a complex
mixture of hundreds of different lipid types and proteins. The
current view describes biomembranes as a heterogeneous
material in which preferential association of certain lipids,
sterols, and proteins can lead to the formation of nanodomains,
so-called “lipid rafts”. Such rafts, enriched in cholesterol and
saturated lipids, display physicochemical properties different
from those of their disordered fluid surroundings, and they are
believed to play an important role in the self-assembly of
membrane proteins into functional platforms.26,27 Thus, a
complete overview of the mechanism of action of different
sugars should be analyzed and compared in terms of
membranous lateral heterogeneity.
In this work we have used molecular dynamics (MD)

simulations together with fluorescence confocal microscopy to
study the effects of sugars on membranes with coexisting liquid-
ordered (Lo) and liquid-disordered (Ld) domains, a proto-
typical raft-mimicking model system. We find that the lateral
organization of the membrane is affected by the interaction
with small sugars. Single monosaccharides (glucose and
fructose) and reducing disaccharides (including palatinose,
maltose, and gentiobiose) do not affect coexisting Lo and Ld
phases, while nonreducing disaccharides (e.g., trehalose and
sucrose) disrupt the domains and promote lipid remixing,
resulting in more vesicles with a single phase of mixed lipids.

■ RESULTS
Liquid-Ordered Domains Dissolve When Coated with

Disaccharides in Computer Simulations. To probe the
effect of sugars on phase-separated membranes, we modeled a
ternary membrane system composed of dipalmitoylphosphati-
dylcholine (DPPC), dilinoleylphosphatidylcholine (DLiPC),
and cholesterol (4:3:3 molar ratio), which is laterally
partitioned into two coexisting fluid domains: a Lo domain
rich in saturated lipids (DPPC) and cholesterol, and a Ld
domain containing a high amount of the polyunsaturated lipid
(DLiPC) and a reduced level of cholesterol. We performed MD
simulations of this system at a coarse-grained (CG) level of
resolution, using the Martini force field.28

Figure 1A shows the CG topology for the different lipid and
sugar molecules simulated, together with the starting structure
of the system. In the absence of sugars, the domain separation
is stable, in line with the experimental phase diagram for similar
ternary mixtures.29 However, after the addition of 200 mM of
sucrose, we observe a clear destabilization of the Lo and Ld
domains as illustrated in the graphical snapshots from the
simulation (Figure 1B). To quantify the mixing of the lipid
constituents, the fraction of contacts between the saturated and
unsaturated lipids was calculated (Figure 1C). The number of
contacts steadily increases during the simulation, pointing to a
destabilizing effect of sucrose on the domains. Toward the end
of the simulation, after 2 μs, an almost homogeneously mixed
membrane is observed. The mixing process seems to occur very

fast, with nearly 75% of the final fraction of contacts established
within 0.5 μs. We obtain similar results when we replace
sucrose by another disaccharide, trehalose (Figure 1C). While
the disturbing effect is observed with both disaccharides, the
lateral distribution is more strongly affected by the addition of
sucrose. At high sugar concentrations, 600 mM, the effect of
trehalose is smaller than that of sucrose and even smaller than
that of 200 mM trehalose.
Remarkably, performing the simulations with the mono-

saccharide glucose, the domains appear perfectly stable (Figure
1C). To make sure this difference does not arise solely from the
amount of sugar rings, we compared different concentrations of
monosaccharide and disaccharides containing the same moles
of rings, e.g., 400 mM glucose compared to 200 mM trehalose/
sucrose, and 200 mM glucose compared to 100 mM sucrose.
The results indicate that even when the same number of rings is
present only trehalose and sucrose are affecting the membrane
organization.

Figure 1. Domain mixing induced by disaccharides. (A) Starting
configuration, membrane phase separated into Lo and Ld domains
enriched in saturated DPPC (green) and unsaturated DLiPC (red)
lipids, respectively. Cholesterol (gray) and sugars (white) are also
depicted. Water is not shown. (B) Time series of lipid mixing after the
addition of 200 mM sucrose. The membrane is viewed from the top;
sugars and water are not shown. Scale bars represent 5 nm. (C)
Number of contacts between saturated and unsaturated lipids,
normalized for the total number of lipids, after the addition of 600
mM sucrose (red diamonds), 600 mM trehalose (blue diamonds), 200
mM sucrose (red squares), 200 mM trehalose (blue squares), 100 mM
sucrose (red circles), 400 mM glucose (black diamonds), and 200 mM
glucose (black squares). (D) Number of contacts between saturated
and unsaturated lipids, normalized for the total number of lipids, after
the addition of 200 mM artificially modified sucrose, either with
weaker interactions between the sugars and lipid headgroups (orange),
or with a more flexible glycosidic bond between the sugar rings
(purple), or with a longer glycosidic bond (magenta). The profile for
normal sucrose at 200 mM is shown as reference (red).
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Confocal Imaging Confirms the Potent Effect of
Nonreducing Disaccharides on Membrane Organiza-
tion. To test the in silico predictions, we analyzed the lipid
organization of GUVs by confocal fluorescence microscopy at
20, 40, and 50 °C; the latter is above the phase transition
temperature of sphingomylin, and one expects mixing of the
lipids irrespective of the presence of sugars. GUVs composed of
sphingomyelin (SSM), dioleoylphosphatidylcholine (DOPC),
and cholesterol (4:3:3) were formed in the presence of different
saccharides (see Supporting Information Figure S1 for
structures of all compounds used). We quantified the
disruption of the membrane organization by calculating the
percentage of vesicles that show full mixing of the two lipid
phases, i.e., fluorescence colocalization of Lo and Ld domains in
the presence of sugars. To visualize both domains we first
tested three different ways of labeling the Lo and Ld domains
(see Supporting Information Methods and Figure S2). In all the
experiments, we found the pair DiI-C18 and AF-CTB bound to
the GM1 as Ld and Lo marker, respectively,30 to be the best Lo/
Ld labeling pair, i.e., when compared to DiI-C18 with either
head- or tail-labeled GM1 (see Supporting Information Figure
S2). Figure 2A,B shows an example of a vesicle with lipids from
the Lo and Ld domain mixing and no mixing, respectively. The
quantification of the vesicles with lipid mixing in the presence
of different concentrations of glucose, sucrose, and trehalose is
shown in Figure 2C. The two disaccharides, sucrose and
trehalose, increased the mixing of the lipid domains more than
the monosaccharide glucose did. At the highest concentration

of trehalose, 800 mM, the mixing effect seems to decrease,
while sucrose reaches maximum mixing at 800 mM. In line with
the simulations, high concentrations of trehalose have a less
disruptive effect on the membrane organization than sucrose
(Figure 1C). In addition we tested glycerol, which also has no
effect on the lipid organization (see Table S1 of Supporting
Information).
The number of sugar rings cannot explain the remarkable

effect of the disaccharides; doubling the concentration of
monosaccharides would yield the same effect, and it clearly
does not as shown in Supporting Information Figure S3A. The
lipid mixing by 600 mM glucose is almost negligible (less than
1%) and lower than the 4.3% mixing of 300 mM sucrose.
Furthermore, if we compare 300 mM sucrose with a mixture of
the two monosaccharides that constitute sucrose, i.e., glucose
and fructose at equal concentration, the lipid mixing is again
much lower in the presence of the two monosaccharides (less
than 1%). These results indicate that the linkage between the
two rings of the sucrose is crucial for the effect on the
membrane organization of this nonreducing disaccharide. MD
simulations confirm the importance of the linkage, as discussed
further below.
The fact that disaccharides are able to alter the membrane

organization could be due to a change in the lipid compositions
of the GUVs by the presence of the sugars during vesicle
formation. To rule out this possibility, we analyzed the vesicle
samples at 20 and 40 °C. We find an increased lipid phase
mixing at the higher temperature with sucrose but not with

Figure 2. Domain mixing induced by saccharides in GUVs. (A) 3D projection of a GUV showing lipid mixing with the Lo and Ld domains
colocalized. (B) 3D projection of a GUV with no lipid mixing, the Lo and Ld domains are segregated. Scale bars represent 2 μm. (C) Percentage of
vesicles with mixed lipid phases upon addition of glucose (full squares), sucrose (full circles), and trehalose (empty circles) to
SSM:DOPC:cholesterol (4:3:3) GUVs. (D) 3D projection of a GUV showing lipid mixing and (E) phase separation with only DiD as a lipid
marker, scale bars represent 10 μm. (F) Percentage of vesicles with mixed lipid phases for GUVs containing a single lipid marker, the Ld marker DiD,
formed at 50 °C and analyzed first at 40 °C, and then again at 50 °C (above the Tm of the lipid with the highest melting temperature). Black bars
represent vesicles formed in water and gray in 400 mM sucrose. Errors represent standard deviation from two independent experiments.
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glucose, maltose, or buffer control (Figure 3A and Table S2 in
Supporting Information). The experiment also shows a phase
transition temperature above 40 °C for the lipid mixture
SSM:DOPC:cholesterol (4:3:3), because no lipid phase mixing
is observed in the control vesicles made in buffer. Next, we
quantified the phase mixing of one and the same batch of
vesicles at different consecutive temperatures: starting at 20 °C,
then heating the sample to 40 °C, followed by cooling to 20 °C
again (Figure 3B). We clearly see that the lipid phase mixing is
caused by interactions of the disaccharide with the membrane
rather than sugars affecting the lipid composition during vesicle
formation.
The vesicle formation is very heterogeneous with not all the

vesicles constituted by a ternary mixture of SSM, DOPC, and
cholesterol. This observation is known to occur during GUV

electroformation of ternary mixtures.31 In all the samples we
observe a substantial fraction of vesicles with only Lo or Ld

staining, which we assume to be caused by the presence of
predominantly one or two types of lipid (see Table S1 in
Supporting Information). To increase the fraction of vesicles
with both Lo and Ld domains, we formed the vesicles in water
instead of phosphate buffer. To rule out possible effects on the
lipid mixing by AF-CTB binding to GM1, we also analyzed the
vesicles by using DiI-C18 only. Figure 2D,E shows an example
of a vesicle with lipids from the Lo and Ld domain mixing and
no mixing, respectively. In this approach of vesicle formation
and domain analysis, we find a higher fraction of vesicles with
distinct Lo and Ld domains, but the effect of sugars is
qualitatively similar. The disaccharide sucrose induces lipid
mixing when the vesicles are analyzed below the phase

Figure 3. Temperature and lipid composition dependence of lipid phase mixing. (A) The percentage of vesicles with mixed lipid phases by sucrose,
maltose, glucose, and buffer in SSM:DOPC:cholesterol (4:3:3) GUVs at 20 °C (empty bars) and 40 °C (full bars). The concentration of all sugars
was 400 mM. Error bars represent standard deviations of the biological replicates. (B) Percentage of vesicles with mixed lipid phases by sucrose
(black bars) or glucose (gray bars), measured consecutively at 20 °C, after heating at 40 °C and subsequently upon cooling of the vesicle sample at
20 °C. The concentration of sugars was 400 mM. Error bars represent standard deviations of technical replicates.

Figure 4. Interaction of Lo and Ld domains with sugars. Electron density profiles for glucose, sucrose, and trehalose interacting with Lo (A−C) or Ld
(D−F) membranes. Panels A and D show a close up of the interaction between the sugars and the membrane (glucose in black, sucrose in red, and
trehalose in green) at different concentrations (open circles represent 60 mM, closed squares 200 mM, and open diamonds 600 mM). The total
membrane density is represented by the gray area. The average position of the lipid glycerol moiety is located at z = 2.0 nm (Lo) and z = 1.5 nm
(Ld). Snapshots of the sugar distribution across the lipid−water interface for glucose interacting with Lo (B) and Ld (E); sucrose interacting with Lo
(C) and Ld (F) membranes at 200 mM sugar. Interfacially embedded sugars are indicated by white arrows.
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transition temperature (Figure 2F); the control experiment at
50 °C shows that sucrose has little effect above the phase
transition temperature of SSM. Thus, in the alternative protocol
we find a higher fraction of vesicles with distinct Lo and Ld
domains, and accordingly, we observe a higher fraction of
vesicles with lipid mixing in the presence of sucrose. Overall,
the MD simulations and experimental data are in qualitative
agreement with each other.
Saccharides Interact with Lipid Headgroups in a

Concentration-Dependent Manner. We have shown that
disaccharides are able to modify the lateral organization of
lipids in model bilayers, whereas monosaccharides do not.
Moreover, the strength of the effect depends on the amount of
carbohydrates in solution. A direct interaction between the
sugars and lipids seems required to explain these effects. We
therefore investigated the membrane surface affinity of the
sugars by analyzing the electron density profiles across the
membrane, obtained from additional simulations of Lo and Ld
membrane mimetics. The resulting profiles are shown in Figure
4A,D; a close up of the interfacial distribution is shown in
Supporting Information Figure S4. In general, we see that
sugars are able to reside at the membrane−water interface up to
the level of the glycerol linkage, both for Lo and Ld mimicking
membranes. At higher sugar concentrations (600 mM),
saturation of the interfacial sugar population is observed with
a concomitant increased tendency toward clustering of the
carbohydrates in the aqueous subphase. Although the absolute
number of sugars at the interface still increases with increasing
concentration, the relative concentration with respect to the
bulk concentration decreases (Supporting Information Figure
S4). Interestingly, the interfacial accumulation of sugars is more
pronounced for the disaccharides, in particular in the Ld phase,
whereas the Lo phase appears to accommodate glucose more
easily (especially noticeable at the highest concentration of 600
mM). A graphical view of the binding mode of glucose and
sucrose, at 200 mM, is shown in Figure 4B,C (Lo) and Figure
4E,F (Ld). The presence of both a membrane-bound (indicated
by white arrows) and membrane-depleted population at this
concentration is visible. Noticeable is the stronger embedding
of the disaccharide in the Ld phase. The embedding of the
interfacially bound sugars is in fact very similar to that observed
in all-atom MD simulations.32,33 Our results are also consistent
with the experimental data reported by Andersen and co-

workers.25 On the basis of neutron scattering data combined
with thermodynamic measurements, they show strong binding
of sugars to membranes at low concentration and gradual
repelling at concentrations exceeding ∼200 mM when the
interface is saturated.
Taken together, our results indicate that sugars are in direct

contact with the phospholipid headgroups, and that this
interaction is strongly affected by the amount of carbohydrates
in solution. The Ld membrane favors direct interactions with
disaccharides, whereas the Lo membrane interface more readily
accommodates monosaccharides. However, bilayer properties
such as membrane thickness or area per lipid are hardly affected
by the presence of the sugars, and a destabilization of either Ld
or Lo phase seems an unlikely mechanism to account for the
lipid mixing.

Surface Defect Hypothesis To Account for Disacchar-
ide Induced Lipid Mixing. Despite a stronger interfacial
binding of disaccharides compared to monosaccharides, we find
no clear evidence for a destabilizing effect of disaccharides on
either the Ld or Lo phase. The only way to account for the
disappearance of the domain segregation is, it seems, to assume
stabilization of the mixed state with respect to the domain
segregated state. Here, we put forward a hypothesis that would
explain such an effect, involving surface defects, i.e., sites
available at the interface that can accommodate a sugar
molecule. The notion of surface defects is similar to the packing
defects recently introduced by Vamparys et al.34 to account for
differences in membrane binding of amphipathic peptides.
However, whereas in the work of Vamparys et al. packing
defects were defined as local surface areas exposing part of the
hydrophobic interior, here we consider more shallow defects
exposing the lipid glycerol moieties. In Figure 5A we show the
distribution of these surface defects (visible as white spots in
the figure) in the initial, phase-separated system. A striking
difference can be observed between the surface density, as well
as size, of such defects in the Ld versus the Lo domain,
rationalizing the increased affinity of disaccharides for the Ld
phase (cf., interfacial peak of the sugar distribution, Figure 4D,
Supporting Information Figure S4A). Upon domain mixing,
however, the total amount of surface defects increases, as
illustrated in Figure 5B. Thus, our hypothesis is that the
availability of surface defects that are large enough to bind a
disaccharide, a favorable interaction, drives domain mixing. If

Figure 5. Surface defect hypothesis. (A, B) Top view of the initial, phase separated membrane (A) and the final mixed membrane after 2 μs upon
addition of 200 mM sucrose with glycerol exposing areas (“surface defects”) visible as white spots. Only headgroups (green, DPPC; red, DLiPC;
gray, cholesterol) are shown. (C) Time evolution of the number of sugar−lipid contacts upon addition of 200 mM sucrose (open symbols) or 600
mM glucose (solid lines). In case of sucrose, the total number of contacts increases during mixing of the domains, in particular due to an increase in
sugar−DPPC contacts (dashed lines).

Journal of the American Chemical Society Article

dx.doi.org/10.1021/ja505476c | J. Am. Chem. Soc. 2014, 136, 16167−1617516171



this is true, one anticipates an increase in lipid−sugar contacts
during domain mixing. This is indeed the case, as shown in
Figure 5C.
To test our surface defect hypothesis, we performed

additional MD simulations in which the pairwise interaction
between the sugars and the headgroup part of the lipids was
weakened (see Supporting Information Methods for details). If
interfacial embedding of the disaccharides is to drive the lipid
mixing, we expect to see less efficient binding of the
“weakened” disaccharides, and hence a reduced driving force
for domain mixing. The results, shown in Figure 1D in terms of
a plot of the contact fraction between saturated and unsaturated
contact lipids over time, confirm our expectation. To further
test our hypothesis, we focused on the importance of the
disaccharide geometry. Therefore, we performed MD simu-
lations in which the glycosidic linker was either made longer
(an increase in size from 0.429 to 1.0 nm), or made completely
flexible (i.e., all the dihedral terms corresponding to the plane−
plane orientation were excluded, as explained in Supporting
Information Methods). The effect of these changes in
disaccharide geometry on lipid mixing is shown in Figure 1D
in the case of 200 mM sucrose. Remarkably, sucrose in which
the two monomers are linked at a larger distance is unable to
disperse the domains. Keeping the linkage at the natural
distance but increasing its flexibility, on the other hand, results
in fast mixing of the lipids. The magnitude of the domain
disruption and lipid remixing is even larger compared to normal
sucrose.
We conclude that the close proximity of two sugar rings, a

distinguishing feature of disaccharides, causes the destabiliza-
tion of Lo/Ld coexistence via a mechanism involving surface
defects. The amount of surface defects that can accommodate a
disaccharide is optimized in the mixed state, providing the
driving force for domain mixing.
Membrane Organization Is Exclusively Altered by

Nonreducing Sugars. We show that sucrose and trehalose
affect the lipid organization of the membranes, whereas glucose
does not. Our in silico data suggest that the presence of two
sugar rings linked closely together is a prerequisite for this
effect. To further prove that we need disaccharides to disrupt
the membrane organization, we checked other disaccharides
with our experimental setup. Surprisingly, none of the
disaccharides tested (palatinose, gentiobiose, and maltose)
have an actual effect on mixing the lipid domains at 400 mM
(Supporting Information Figure S3B). As opposed to sucrose
and trehalose, which are nonreducing disaccharides, these
disaccharides are reducing sugars. In solution, reducing sugars
can have one of the monosaccharide rings (reducing ring) open
containing an aldehyde group, which is in equilibrium with the
hemiacetal (when the pyranose ring is formed) and can act as a
reducing agent. In order to verify whether the lack of lipid
mixing of the reducing sugars is due to the opening of the
hemiacetal to aldehyde, we analyzed two analogues of maltose,
maltitol, and methyl-maltoside (see structures in Supporting
Information Figure S1). Maltitol is a hydrogenated maltose and
does not possess an aldehyde in its open form, so the reaction
back to the hemiacetal (closed pyranose) is not possible, giving
rise to a fully open ring. In contrast to maltitol, methyl-
maltoside has an extra methyl group in the hydroxyl of the
hemiacetal, eliminating the equilibrium toward the aldehyde
and locking the saccharide in its closed form. As shown in
Supporting Information Figure S3B, maltitol acts similarly to
the regular maltose, having a low effect on lipid mixing. On the

contrary, methyl-maltoside causes a significant increase in the
percentage of vesicles with lipid phase mixing. These results
show that only disaccharides containing two closed rings, either
the two nonreducing (sucrose and trehalose) or the synthetic
maltose analogue methyl-maltoside, are able to disrupt the lipid
organization.
To test whether the ring opening of the reducing saccharides

is favored upon binding to the lipid bilayer, we performed
measurements of maltose in solution and in the presence of the
SSM:DOPC:cholesterol (4:3:3) bilayer using solid-state NMR
spectroscopy (ssNMR). We compared 13C ssNMR spectra of
maltose in solution, and in the presence of membranes
(Supporting Information Figure S5A). In the latter case, a
reference spectrum, using dipolar CP transfers that are most
sensitive to rigid molecular components, was dominated by
lipid signals. This observation implies that maltose remains
loosely associated with the membrane and allowed us to
concentrate on spectral regions characteristic of maltose ring
positions. In this spectral region, we observed small chemical
shift changes for the anomeric carbons of maltose (Supporting
Information Figure S5A). Second, we detected an additional
peak at 81.0 ppm which resonates downfield of the fourth
position of maltose (80.0 ppm) in line with the 13C spectrum of
maltitol (85.1 ppm) in which the reducing ring is irreversibly
opened (Supporting Information Figure S5B).
Taken together, the NMR measurements provide qualitative

evidence that there is a change in the maltose structure in the
presence of membranes. We speculate that a significant fraction
of maltose has the reducing ring in an open form in the
presence of membranes, which might be the reason that
maltose is not able to disrupt the membrane organization. Our
work thus indicates that not all disaccharides are able to disturb
the membrane organization. The closed conformation of the
second monosaccharide ring is a key factor in the lipid mixing.
Among all saccharides tested, the nonreducing sugars sucrose
and trehalose are the only two capable of reorganizing the lipids
of the membranes.

■ DISCUSSION
The picture emerging from our combined computational and
experimental approach is the following. Mono- and dis-
accharides interact with the lipid membrane by direct
interactions of the carbohydrates with the phospholipid
headgroups as shown by the MD simulations. These
interactions affect the organization of lipid domains present
in membranes formed by saturated lipids, unsaturated lipids,
and cholesterol. The extent of lipid mixing is directly related to
the amount of sugar present in solution. However, the
disruptive properties are exclusive to nonreducing disaccharides
such as sucrose and trehalose, which insert quite deeply at the
membrane/water interface when compared to glucose. More-
over, sucrose and trehalose are composed of two pyranoses
without a free hemiacetal. Those disaccharides are much bulkier
and require more space to fit in between the lipid headgroups.
We show that interfacial spaces, or sites, to accommodate the
disaccharides are more abundant in the disordered state, and
hence provide a driving force for disappearance of the Lo phase
as formulated by our surface defect hypothesis. In other words,
both the Ld and the mixed phase exhibit defects to which
disaccharides can bind and thus lower the free energy. Any
membrane area taken up by an Lo phase is “wasted” for this
effect. This shifts the balance away from demixing. Thus, the
disaccharides promote mixing by lowering the free energy of
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the mixed state. Monosaccharides, on the other hand, are small
enough to even fit in the surface defects present in the ordered
domains. Reducing sugars, once they are bound to the lipids,
might be stabilized in the open form where only the first
pyranose ring is present. This conformation might not be bulky
enough to require lipid mixing, i.e., essentially they behave as a
monosaccharide. Reducing sugars change their structure in
water almost without any energy loss, so opening the reducing
ring does not require a lot of energy. There is no quantitative
data available about the opening and closing of reducing sugars
in the presence of membranes, but the observations of maltose
and maltitol opposed to those of methyl-maltoside in the lipid
mixing together with the structural observations by ssNMR
support this hypothesis.
The MD simulations and the experimental observations are

in qualitative agreement, even though the level of mixing
observed in the experiments (up to 25%) is lower than what is
seen in the simulations (effectively 100% mixing). However, it
is important to keep in mind the limitations of the simulation
setup. First of all, to be able to observe domain mixing, a
coarse-grain model was used. Although our specific model has
been validated with respect to a large variety of both
experimental data and results from all-atom simulations (see
Supporting Information), eventually our predictions should be
reproduced using more detailed models. One of the main
limitations in the representation of sugars, as well as the
aqueous solvent, is the loss of the directionality of hydrogen
bonds. Within the resolution of the Martini model, hydrogen
bonds are necessarily isotropically averaged. Interestingly, the
H-bond directionality does not seem to play a major role in
reproducing the key experimental findings, in particular the
behavior of mono- versus disaccharides. The disordered nature
of the membrane/water interface likely accounts for the
decreased importance of H-bond directionality compared to
overall H-bonding strength. Nevertheless, capturing the subtle
differences between sucrose and trehalose is challenging.
Furthermore, to make the simulations feasible, the in silico
membranes are limited in size to the nanometer length scale.
Domain mixing on this scale cannot be quantitatively compared
to domain mixing on the scale of full liposomes, as probed
experimentally. Importantly, the qualitative trends of lipid
mixing as a function of sugar type are in agreement. Another
difference is that, in the initial experiments, the Lo phase was
composed of a different type of saturated lipid. The MD
simulations were performed with DPPC, whereas in the
experiments SSM was used. A control experiment showed the
same behavior on lipid mixing by sucrose, maltose, and glucose
with membranes composed of DPPC instead of SSM (Figure
S3C and Supporting Information Table S3). Finally, we
emphasize that vesicles with Lo and Ld staining have the
three types of lipids, but the ratio of SSM:DOPC:cholesterol
can vary among the vesicles. We attribute the incomplete lipid
phase mixing in the experiments to heterogeneity in the lipid
composition of the vesicles, which precludes quantitative
comparisons with the MD simulations.
We note that nematodes, embryonic cysts of crustaceans and

yeast/fungi, can accumulate high amounts of trehalose up to
30% of their dry weight, which is equivalent to concentrations
in the molar range. The nonreducing sugars sucrose and
trehalose are the only two saccharides known to accumulate in
molar amounts by numerous organisms under conditions of
complete dehydration.35,36 Sugars like trehalose are also
synthesized or taken up under conditions of osmotic stress

(partial dehydration), in which case the cytoplasmic levels are
in the submolar range.37 It is well-accepted that these sugars
may replace the water molecules around the polar residues of
membranes and proteins. This stabilizes the membranes by
avoiding the shrinkage, lateral stress, and the increase in the
phase transition temperature when water is removed in the
process of drying.38 Here, we add the possibility that sucrose
and trehalose prevent membrane phase separation. If these
sugars have similar effects on the structure of native
membranes, then the synthesis or accumulation of nonreducing
disaccharides might dissolve the nanoscale assemblies present
in the plasma membrane of eukaryotes, which may impact the
functioning of several membrane proteins. The change in the
membrane lipid environment could affect the function and
more importantly the stability of proteins, which is likely to be
critical during anhydrobiosis. This membrane domain destabi-
lization effect could be a more general mechanism of action of
membrane-active compounds including anesthetics, phyto-
chemicals, and amphiphilic drugs. A comprehensive study on
a large array of small hydrophobic molecules, lowering critical
mixing temperatures in plasma membrane vesicles, corroborates
this idea39 and provides a possible general mechanism for
anesthetic action.40 Hydrophobic compounds in general were
found to reshape membrane domains, with aromatic ones
stabilizing, and aliphatic compounds destabilizing, domains.41

Vitamin E, an example of an amphipathic compound, has been
shown to decrease the tendency to form domains in ternary
model membrane systems.42 Alcohols, including benzyl alcohol
and ethanol, were also found to destabilize ordered membrane
domains.43,44 Similarly, a series of 2-hydroxyfatty acid
derivatives affects lipid mixing and the localization and activity
of membrane proteins involved in signaling cascades.45 Taken
together, there is growing evidence for the role of membrane
active compounds as powerful modulators of cell response
through lateral membrane reorganization.

■ METHODS
Molecular Dynamics Simulations. All simulations were carried

out with the Gromacs MD package, version 4.0.5. The MARTINI
coarse grained (CG) force field for lipids46,47 was used to describe the
interactions. The MARTINI model has been previously applied to
study a variety of ternary membrane systems,48−50 including sugar−
membrane interactions.51 For an elaborate discussion on the
limitations of the MARTINI model we refer to Marrink and
Tieleman;28 validation of the parameters used in the current study is
discussed in the Supporting Information. Molecules considered here
are the saturated lipids dipalmitoyl-phosphatidylcholine (DPPC), the
unsaturated lipid dilinoleoyl-PC (DLiPC), cholesterol, and the sugars
glucose, trehalose, and sucrose at a range (60−600 mM) of
concentrations. An equilibrated Lo/Ld lipid bilayer was used as initial
configuration for our simulations. The system is composed of 769
DPPC, 507 DLiPC, and 538 cholesterol molecules (4:3:3 molar ratio).
Additional simulations of Lo and Ld mimetic membranes were used to
probe the structural effects of sugar binding. The Lo membrane
consists of 328 DPPC and 164 cholesterol molecules (2:1 ratio), the
Ld membrane of 448 DLiPC and 44 cholesterols (10:1 ratio).
Temperature in each case was maintained by coupling to a heat bath at
288 K. More details are given in the Supporting Information.

GUVs Preparation. GUVs were prepared by electroformation.52,53

Briefly, a lipid mixture of N-stearoyl-D-erythro-sphingosylphosphor-
ylcholine (SSM), 1,2-dioleoyl-sn-glycero-3-phosphocholine (DOPC),
and cholesterol was prepared from the lipid stock solution in
chloroform/methanol (9:1) with a molar ratio of 4:3:3 (lipids were
purchased from Avanti Polar Lipids). The fluorescent lipid marker DiI-
C18 (1,1′-dioctadecyl-3,3,3′,3′-tetramethylindodicarbocyanine perchlo-
rate, Molecular Probes, Invitrogen) dissolved in chloroform, and the
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ovine brain ganglioside GM1 (GM1, Avanti Polar Lipids) dissolved in
methanol:H2O (1:1) were added to the lipid mixture at the amount of
0.1 mol %. The lipid mixture was applied to indium-tin-oxide-coated
glasses, solvents were evaporated, and glasses were prewarmed at 50
°C before placing them in the electroformation chamber of Nanion
Vesicle Prep Pro (Nanion Technologies GmbH, Munich, Germany).
The chamber was filled with buffer (10 mM KPi, pH 7.2) or water, or
buffer or water containing different concentrations of saccharides,
prewarmed at 50 °C. An alternating current was applied across the cell
unit with 1.1 V, 10 kHz of frequency, and 50 °C for 1 h. Sugar
solutions osmolarities were checked on OSMOMAT 030 (Genotec).
GUVs had a diameter of 5−15 μm. As a control we repeated some of
the experiments with DPPC instead of SSM similar to the MD
simulations (data shown in Supporting Information Figure S3C and
Table S3).
Confocal Fluorescence Microscopy and Data Analysis. GUVs

were incubated for 10 min with the Alexa Fluor 488 conjugate of
cholera toxin B subunit (AF-CTB, Molecular Probes, Invitrogen), for
which GM1 is the natural receptor; the complex GM1-CTB was
detected only in areas from which DiI-C18 was strongly excluded.54

Thus, AF-CTB reports SSM-enriched (Lo) domains and DiI-C18
reports DOPC-enriched domains. After incubation, GUVs were
immobilized with the hydrogel ArtiCYT (Nano-FM), previously
adjusted to the desired saccharide concentration to avoid osmotic
stress. Samples were imaged on a commercial laser-scanning confocal
microscope, LSM 710 (Carl Zeiss MicroImaging, Jena, Germany),
using an objective C-Apochromat 40×/1.2NA, a blue argon ion laser
(488 nm), and a red He−Ne laser (633 nm) at 20 or 40 °C. The pixel
dwell time for the laser-scanning was 2.55 μs with a pixel step of 0.2
μm. Images were collected from at least two independent lipid
preparations (biological replicates) for each sugar concentration, and
each preparation was analyzed three times (technical replicates). A
total of 500 GUVs were analyzed from randomly chosen images of
each sugar concentration. GUVs were classified in four categories:
mixed (where the probes of the liquid-ordered and disordered phases
colocalize), separated (where the two probes are localized in different
domains), red (vesicles stained with DiI-C18 and reporting the liquid-
disordered phase), or green (vesicles stained with AF-CTB and
reporting the liquid-ordered phase). The purely red and green vesicles
are likely due to the heterogeneity in the GUV formation; i.e., not all
the vesicles constitute a ternary mixture of SSM, DOPC, and
cholesterol as observed by Kahya and co-workers for the same
vesicles.30 For each concentration, weighted averages and standard
deviations were calculated (considering the number of GUVs per
image) for the technical replicates and for the biological replicates. The
percentages of vesicles with lipid phase mixing were also calculated
considering only vesicles with ternary mixture of lipids by omitting the
red and green vesicles. These effective percentages were plotted in the
all the figures and are shown together with the rest of the statistics in
Table S1 of Supporting Information. The standard deviation of the
percentage of vesicles of a given category varies, in particular when the
fraction is low. Taking the data as a whole we estimate the uncertainty
in the measurements to be on the order of 20% of the value presented.
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