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Chapter 1  

General introduction and the outline of the thesis 

1.1 General introduction 

The leading cause of premature death among citizens of developed countries is Cardiovascular 

Disease (CVD) [1], [2]. Endothelial dysfunction can be characteristic for different stages of 

progression for CVD [1], [3]. However, we currently lack the tools for monitoring those ample 

changes in the endothelium which lead to the development of a disease. It is therefore no surprise that 

the need for new ways to monitor the human endothelium is mentioned in World Health Organization 

reports on major causes of death in Western societies [1], [2]. This need has served as an important 

motivation for the work in this thesis, the focus of which is on the development of microsystems to 

study endothelial cell behavior. 

The first challenge in this work was to understand how to prepare a suitable laboratory environment 

for cells that normally live in a human body. This environment needs to be adapted as much as 

possible to natural conditions to gain the best possible insight into the behavior of living cells taken 

out of a body. For this purpose, we employed microfluidic techniques to create microchannels with 

different dimensions to better represent the human vasculature in vitro. Additionally, we applied flow 

to recreate shear stress conditions, which are always present in an in vivo situation. In this way, we 

realized a microfluidic system for in vitro cell cultures which allows one to study the human 

endothelium under conditions which better correspond to those observed in microvasculature.  

Afterwards we present the development of an optical tool which can non-invasively monitor 

endothelial behavior in cell cultures. This project focused on a novel analytical approach and therefore 

required not just setting up the system but also understanding which phenomena we were observing 

and how to interpret them. It took some time before we understood that registered signals from the 

optical chip represent a phenomenon called cellular micromotion [4]. Micromotion is in essence the 

cytoskeletal rearrangement in response to external and internal stimuli, which results in changes in 

cell morphology. The potential of the optical chip in work with endothelial cells was verified in a 

number of experiments, which are described in this thesis.  

The last part of this thesis revolved around 3D-printing. Throughout my PhD research, we benefited 

from using a 3D printer to facilitate experiments or improve the laboratory environment. Our 

experience has taught us about the possibilities and limitations of this technology. The application of 

3D printing in daily laboratory work has been of great help to make my research easier.  

All in all, my PhD research period has been an exciting journey both scientifically and personally for 

me. I successfully finished a number of research projects and acquired skills which allow me to say 

that I am a specialist in the field of microfluidics. The work performed within my PhD studies will 

positively contribute to different scientific endeavors in the next few years. 
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1.3 Outline of the thesis 

In the first part of this thesis, we introduce the reader to the motivation for this work (Chapter 1) and 

methodology applied currently in cell culture research which served as an inspiration for the 

development of a new label-free approach in cell culture monitoring (Chapter 2). The second part of 

this work is dedicated to the presentation of an optimized microchannel design for microfluidic 

endothelial cell culture with detail protocols (Chapter 3). In Chapter 4, the continuation of the work 

with the optimized microchannel design is presented. In this Chapter endothelial cell cultures were 

submitted to different shear stresses, and occurring changes in protein distribution and cytoskeletal 

(re)arrangements in cells were observed with a confocal fluorescent microscope. The third part of this 

thesis describes the design, development and testing of a new label-free monitoring approach for 

endothelial cell culture, which works by propagating light through a few cells in a confluent cell 

culture (Chapter 5). In Chapter 6, xenobiotics which influence the cytoskeleton were added to 

endothelial cell cultures, and their effects were monitored with the developed optical chip. Chapter 7 

is dedicated to the presentation of a versatile integrated cell culture platform, which was developed 

to improve performance of the optical chips developed in Chapter 5. Additionally, a microfluidic 

interface is added to the optical chip and tested. The fourth part of this thesis is dedicated to the 

application of 3D-printing technology in microfluidic research (Chapter 8). In this Chapter we present 

opportunities and limitation of 3D-printing technology based on our experience. The fifth part 

(Chapter 9) of this thesis discusses the impact of this work on the microfluidic field and strives to 

indicate future directions of development for microfluidic cell culture monitoring. 
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Chapter 2  

Optical research tools for real-time cell and tissue culture monitoring 

Maciej Grajewski and Elisabeth Verpoorte 

Pharmaceutical Analysis, University of Groningen, Groningen Research Institute of Pharmacy, The 

Netherlands 

Abstract 
Rapid technological development in recent years has led to the development of new tools for on-line 

monitoring of in vitro cell/tissue culture experiments in real time. Optical research tools in particular 

have seen important advances. Examples of this are the development of two-photon microscopy and 

the broad application of flow cytometry in cell culture research. A third approach that is gaining 

more attention is evanescent waveguide sensing, due in part to the advances in the (micro)fluidic 

components of these systems. In this work, we review the current application of these three optical 

technologies to real-time monitoring of cell and tissue models, to better understand their strengths 

and limitations. Furthermore, this review serves as a guideline to help define the method and 

parameters to be monitored for specific experimental goals in such research. To assess the 

applicability of the optical tools in in vitro research, we reviewed the following specifications: sample 

preparation (necessity of labelling, demand for material extraction), time of analysis, possibility of 

real-time monitoring, and sensitivity. Taking these specifications into consideration allows one to 

reliably select an optical method for monitoring cell cultures for a given application, as well as giving 

a perspective on future developments in this field. Finally, we point out possible directions of 

development for the technologies under consideration, which are influenced by the trend towards 

miniaturization in laboratory equipment. One important factor contributing to this trend is 

microfluidics, which offers solutions for current limitations in real-time cell/tissue culture monitoring 

with respect to engineering cellular microenvironments and controlling experimental conditions.  

Keywords: cell and tissue in vitro cultures, label-free optical methods, microscopy, flow cytometry, 

evanescent waveguide sensing 
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2.1. Introduction 

The field of cell biology has great significance in not just billion-dollar businesses, like the 

pharmaceutical industry, but also in understanding life and its origin. As we learn more about the 

living cell, its behavior, and communication with other cells, we grow to appreciate how complex it 

actually is, and how much we still need to discover. In order to continuously broaden and deepen our 

fundamental knowledge of the cell, we depend on engineers to provide us with the tools that allow 

even better data extraction from our biological models in biomedical research. Recent work has led 

to a number of significant discoveries contributing to the fields of tissue engineering and 3D 

cell/tissue cultures [1]–[4]. One of the big players in such work on the engineering side is 

microfluidics, both for the miniaturization of laboratory equipment and for the integration of many 

functions into a single device [5], [6]. Moreover, microfluidic concepts for flow application, gradient 

creation, and optimization of device geometries to experimental demands has stimulated the 

development of new analytical methodology in numerous research areas [6]–[8].  

One of the most vibrant areas of interest in biomedical-research-tool development is real-time cell 

culture monitoring, which is expected to deliver systems for continuous observation of cellular 

behavior and simultaneous information acquisition about the health status of the cell(s) [9]–[12]. To 

gauge research interest in cell culture experiments we searched with the Medline (PubMed) search 

engine for the number of papers with the keyword “Real-time cell culture monitoring” that were 

published in the past decade. The results showed a growing yearly number of publications (Figure 1), 

in total summing up to 570 publications in peer-reviewed journals in the past ten years. In this work, 

we critically assess the progress made in the field of real-time cell culture monitoring, to identify 

which approaches will help us to answer today’s questions, or yield opportunities for further 

development of the technology. Specifically, we will focus on optical methods, because these have 

always been popular in cell biological research. In this, microfluidics was identified as a driving factor 

in enabling future developments of optical research tools for cell culture (especially live cell culture) 

[13]–[15]. 

 

Figure 1. Graph representing the result of the literature search with the keyword: “Real-time cell culture 

monitoring” over a period of 10 years. We observe dynamic growth in publishing between 2008 and 

2012, after which the number of publications per year stabilized. Data obtained from Medline (PubMed). 

 

[Alexandru Dan Corlan. Medline trend: automated yearly statistics of PubMed results for any query, 

2004. Web resource at URL:http://dan.corlan.net/medline-trend.html. Accessed: 2017-03-13. (Archived 

by WebCite at http://www.webcitation.org/65RkD48SV)] 
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2.1.1. Importance of real-time measurements 

In the context of this work, real-time measurement refers to an experimental approach involving 

microfluidics in which the experimental system (cell culture) can be monitored continuously without 

extracting cells from the culture. Data is acquired for selected experimental parameters at the moment 

that the measured event occurs, without interrupting the experiment. The obtained data can be 

analyzed during the experiment or after. Furthermore, the nature of the data can be quantitative, 

qualitative or both [16], [17]. The time resolution of collected datasets during an experiment strongly 

depends on the method itself, as well as the nature of the process being observed in the cells. For 

example, the cellular response to changes in shear stress requires a couple of hours to develop, 

whereas the binding of membrane-soluble drugs to their targets in cytoplasm can be observed within 

minutes. 

As a result of the application of real-time measurements in an experiment, it is possible to acquire 

data continuously, which increases the information density. Therefore, better insight into the 

experimental system on a relevant time scale is achieved compared to a setup in which data is 

collected in a discrete fashion, which results in incomplete or fragmented information (Figure 2). 

Real-time measurements in cell and tissue research are important to detect changes occurring in the 

respective biological system over the duration of an experiment. In this context, the key factor that 

determines the value of an analytical method is the frequency with which the measurements are 

performed. Again, the possible frequency solely relies on the method, whereas the required frequency 

is determined by the process that is being observed [18]. For example, binding of a substrate to a 

membrane receptor occurs within minutes of its addition to the culture and therefore requires a 

relatively high sampling frequency [12], whereas the effect on the culture of the substrate addition 

can take an hour or more and thus requires a lower sampling frequency to monitor [19]. Researchers, 

thus, have to be aware of the time scale that is associated with a particular cellular process in response 

to experimental conditions to select an adequate scientific method to observe the cellular response.  

However, when a new parameter for cell culture observation is introduced, little may be known about 

the dynamics of the occurring changes. Thus, it is important to have the opportunity to sample the 

cell/tissue culture in real-time at a high frequency to gain insight into the nature of those cellular 

changes.  
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Figure 2. The chart presents a schematic view of how less-frequent data acquisition over the course of an 

experiment can yield a significantly different perspective of observed behavior than when that behavior is 

monitored with a higher frequency. The graph represents the data density obtained with a real-time data 

acquisition method (the blue line) and a discrete monitoring method (the red dots). Every red dot 

represents an individual experiment/separate measurement, whereas the real-time method allows the 

collection of data from the entire time line of the experiment. Additionally, gaps between the red dots 

represent time periods within the measurement where no information about the experiment status was 

acquired, thus the trend of changes is unknown. 

 

2.1.2. Optical inspection of cell cultures 

In this work, we focus specifically on optical methods for real-time monitoring of cell and tissue 

cultures. Optical methods are broadly applicable in research [17], and great advances have been made 

in recent years with these methods (including a Noble Prize in Chemistry in 2014 "for the 

development of super-resolved fluorescence microscopy") [20]–[22]. There is also a diversity of 

optical methods available on the market [23]. The most popular method used in cell/tissue culture 

experiments for visual inspection is light microscopy (usually contrast phase for adherent cell 

cultures). However, the employment of visual inspection for real-time monitoring and data 

acquisition is rare. In most cases, visual inspection of cell culture serves rather as a method to check 

the cells’ health status and the growth phase of the cell culture [24]. However, it does not provide 

quantitative information about specific processes in cells. Therefore, a number of improvements in 

methodology and microscopy equipment have been introduced to facilitate real-time monitoring of 

intra- and intercellular processes in cultures under different experimental conditions. Besides 

microscopy, we will consider other analytical approaches such as flow cytometry and optical sensors 

based on evanescent waveguide technology for cell/tissue culture monitoring in this work. These 

optical methods are promising tools for cell monitoring in the biomedical field, because of their non-

contact nature and minimal adverse effects on cell/tissue cultures compared to non-optical 

alternatives.  
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2.2. State-of-the-art optical methods for cell and tissue culture  

In this section we consider the characteristics of three optical methods which are applied in in vitro 

biomedical research: two-photon (2p) microscopy, flow cytometry and evanescent waveguide 

sensing. Additionally, we present examples, in which the described methods were applied in an 

innovative way, resulting in a higher information yield. Finally, we will indicate possible directions 

of evolution for these methods. 

2.2.1. Two-photon microscopy 

Two-photon microscopy is a live imaging technique in which fluorescence can be used to observe 

cells and tissues with penetration up to 1.6 mm into the observed object (Figure 3) [21], [22], [25]. 

The differentiating factor between standard fluorescent microscopy and two-photon microscopy is 

the fact that in the latter, a collision of two photons (rather than one) with the sample is required to 

excite it, resulting in light emission with a shorter wavelength than the individual wavelengths of 

exciting photons [20], [26]. Two-photon microscopy usually utilizes near-infrared light to excite 

fluorescent dyes in tissue. The major benefit of the application of infrared light is the low absorbance 

and limited light scattering in living tissues. This results in better light penetration into the sample 

[26], [27]. Additionally, the red light induces no adverse effects in living animal cells [23], therefore 

causes less phototoxicity than other fluorescent microscopy techniques [26]. Furthermore, two-

photon microscopy provides the possibility to selectively excite a specific sample region, without 

excitation of cells above and below the focal plane. Due to this precise light focusing, protein and 

lipid oxidation during exposure to the microscope laser are significantly reduced as compared to other 

microscopy techniques. Additionally, the precision of light delivery positively contributes to the 

reduction of bleaching of fluorescent dyes, and in consequence facilitates longer observation of 

samples without the need of adding additional dye [21], [26]. Two-photon microscopy has a 

comparable resolution to that obtained with confocal microscopes [26]. 

 

Figure 3. Graphical representation of a two-photon microscope. A laser (1) emits infra-red light (10) 

through a beam expander (2). The expanded infra-red light beam is reflected by a dichroic mirror (3) and 

passes a scanning lens (4) and focusing lens (5). The focused infra-red light shines on the stained sample 

(7) in the focal plane (8), which, upon an excitation, emits (in this example) a green signal (11), which is 

guided to a light detector (9). The sample is positioned on a microscope table (6). 
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Two-photon microscopy is thus the preferred method for cell observation in thick samples, such as 

cell spheroids and tissue cultures, where by definition cells grow into a three-dimensional structure 

(Figure 4 and Figure 5). It can serve as a tool to provide insight into the culture interior without the 

necessity of dissecting the tissue into thin slices [28]. On the other hand, thin samples, such as 

endothelial monolayers, do not necessarily benefit from the use of two-photon microscopy in 

comparison to confocal microscopy. However, the application of the two-photon technique to monitor 

in real-time molecules like nicotinamide adenine dinucleotide (NADH), is beneficial regardless of 

sample thickness. This is because UV light is typically used to excite the NADH, which in turn is 

related to an increased production of reactive oxygen species (ROS) and oxidation of proteins and 

lipids, which leads to cell damage. The use of two-photon microscopy ensures that such harmful 

effects can be avoided, because of application of red light for sample excitation [29]. Studies of small 

cell populations with two-photon microscopy is another prominent application of this technique. 

Those studies are possible because of the low phototoxic effects caused by this technique during cell 

observation, as well as the precisely defined focal plane for the laser light. The latter ensures that 

surrounding cells are not affected by the laser that is needed for excitation and thus microscopy 

observation. This characteristic makes two-photon microscopy interesting for the real-time 

monitoring of tissue heterogeneity in living organs (liver, kidney, brain) or in observation of gas, 

nutrient or drug gradient creation in cell spheroid research [26]. 

The fact that two-photon microscopy offers deep sample penetration (up to 1.6 mm) (Figure 4 and 

Figure 5) compared to different microscopy techniques, has led to application in many areas. An 

example is related to in vivo imaging of living animals [21], [27]. For this purpose, the access window 

for the microscope laser is created in the animal by making a surgical opening and positioning a sterile 

coverslip against the tissue that is to be observed. Conventionally, a fluorescent probe is delivered to 

the animal prior to the observation. Alternatively, genetically modified organisms can simply express 

a reporter fluorescent protein in the entire organism. In the latter case, the method will not be limited 

by dye penetration into the tissue. Additionally, expression of a reporter gene might be induced by, 

for example, exposure to a certain molecule or physical factor. Theoretically, the deep penetration 

and superior focus of two-photon microscopy can be exploited in such a model to not only observe 

changes, but to induce localized chemical reactions as well, a concept which is called photochemistry 

and was proposed in 1977 [30], [31]. Such an approach has recently been utilized to switch on drugs 

upon irradiation with UV light in a 2D cell culture [32]. However, the practical exploration of 

photochemistry in complex biological models has not yet been reported, due to limitations in 

penetration. 



Chapter 2 

 

19 

 

 

Figure 4. Comparison of two-photon and confocal microscopy. The two techniques were used for 

imaging (A) a mouse liver and (B) a mouse tongue. (A) The mouse expressed red (m-tomato) and cyan 

(m-GFP) labelled peptides which target cell membranes. The mouse hepatocytes could be visualized up 

to 90 µm with confocal microscopy, whereas with two-photon microscopy they could be imaged up to 

250 µm. (B) A blue stain for nuclei (Hoechst) was injected into the mouse. Penetration depth was 100 

µm with confocal microscopy and 300 µm with two-photon microscopy. The figure is adapted from [33]. 

 

 

Figure 5. Two-photon life imaging of neurons in an anesthetized mouse. The hippocampus was imaged 

up to 1.4 mm inside the brain with the open skull method.  

Photographed by: Drs. Ryosuke Kawakami, Terumasa Hibi and Tomomi Nemoto, Research Institute for 

Electronic Science, Hokkaido University Source: https://www.nikoninstruments.com/en_EU (Accessed 

on 12.10.2017). 
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One drawback of using microscopy in general is that it often requires fluorescent dye for imaging of 

biological material, which can be metabolized by living cells, resulting in a weak fluorescent signal. 

Interestingly, this effect can be avoided to a large extend by the application of two-photon 

microscopy; due to the focus of the beam, only a limited amount of fluorophore in the sample is 

excited and thus rapidly replaced by non-bleached fluorophores. Theoretically, two-photon 

microscopy can be exploited to improve diffusivity measurements of fluorophores in cell membranes 

with fluorescence recovery after photobleaching (FRAP), which is currently done with one-photon 

continuous wave lasers [34]. In this method, an area of the membrane is photo-bleached and the 

dynamics of recovery of the fluorescent signal provides insight into the dynamics of diffusion. FRAP 

is used in research to determine diffusion characteristics of fluorescently-labelled molecules in tissues 

and cellular membranes, and molecular interactions between proteins. However, due to the structure, 

complexity and thickness of a cell culture, this type of analysis is limited to the simplest experimental 

models, usually lipid bilayers containing only the components of interest. Since two-photon lasers 

give better tissue penetration, in combination with decreased phototoxicity, and, most importantly, a 

more precise light delivery, its employment should result in better resolution. By application of two-

photon microscopy, it should be possible to apply FRAP to more complex samples, such as tissue 

and even animal models to monitor cell dynamics. 

2.2.2. Flow Cytometry  

Screening through large cell populations requires fast and reliable methods. Currently, the dominant 

method in this area of research is flow cytometry. Flow cytometry was initially developed for cell 

sorting purposes, and later evolved towards numerous different applications [35]. Flow cytometry is 

a technology in which the physical and chemical characteristics of particles in a fluid, usually cells, 

are measured as the fluid passes through a laser beam and past a detector. Afterwards, collected data 

can be plotted to give an overview of the screened populations and analyzed with dedicated software 

[36]. Before an experiment, cells are fluorescently labelled to emit light at varying wavelengths 

(Figure 6). With flow cytometry, it is possible to analyze multiple chemical and physical properties 

of tested cells, including cell size, gene expression, cell granularity, protein and lipid content [35], 

[37]. To extract information from cells it is necessary to apply at least one laser source (numerous 

lasers are also possible) and fluorescent labels (application up to seventeen different dyes in one 

experiment has been reported) [38]. Currently, the most potent commercially available flow 

cytometers utilize ten different lasers (from BD Sciences, June 2017) and can identify up to thirty 

different fluorescent dyes in one experiment (BD Sciences, June 2017). These fluorescent labels are 

most often linked to their target with an antibody. Obviously, these antibodies need to be selective 

for the target property of the cell of interest, whereas the probe itself needs to be compatible with the 

available laser source and detector [35], [37]. 
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Figure 6. Schematic representation of a flow cytometer and its working principle. Biological material is 

introduced through a capillary (1) to the flow cytometer. A laser (2) emits a light beam (3), which interacts 

with a cell (4) and light is forward scattered (5) or sideways (8). Forwardly-scattered light (5) passes the 

bandpass filter (6) and reaches a suitably positioned detector(7). Side-scattered light (8) is divided over an 

array of consecutive dichroic mirrors (9) and guided to side-scatter detectors (10) through bandpass filters. 

The obtained signal is collected (11) and registered by a computer (12). 

 

For successful analysis with a flow cytometer, it is important to ensure that the cells in a sample will 

be delivered to the sensing area individually. However, most eukaryotic cells (except blood cells) 

form tissues composed of thousands of individual cells and different cell types, which are all bound 

together with extra cellular matrix (ECM) and cell connective proteins. Therefore, tissues or tightly 

connected cell cultures have to be prepared for flow cytometry by removal from the ECM and 

separation. The latter can be facilitated by microfluidic droplet technology, which enables capture of 

individual cells in discrete droplets for analysis. However, even then, cells tend to form aggregates 

and negatively influence experiments [37], resulting in poor quality of the obtained information. 

The main advantage of flow cytometry is the possibility of performing high-throughput analysis. With 

this method, it is possible to screen millions of cells within seconds to a couple of minutes [35], [37]. 

An additional benefit of this high-throughput screening is that it enables the screening of a cell 

population for its heterogeneity (with selected antibodies for this purpose), which is particularly 

important aspect for emerging fields like personalized medicine. Cell heterogeneity is also important 

in tissue studies, where it is a result of function differentiation between cells of the same type in 

different tissue regions [35]. This is, for example, the case with endothelial cells, which line all human 

blood vessels and fulfill different functions, depending on their location and the (patho)physiological 

parameters of the blood flowing past them (such as oxygen and nutrient concentrations, or the 

presence of inflammation markers) [39]. 

Flow cytometry not only allows the measurement of cells and cell types, but can be used as well for 

active cell sorting. This can be achieved with a method called fluorescence-activated cell sorting 

(FACS) (Figure 8). With this method, heterogeneous cell populations are sorted into separate 

containers based on specific fluorescent labelling of the cells [37], [40]. Cells that emit light at 

different wavelengths can be distinguished by the sensor and allocated to a prescribed cell container. 

Sorted cell populations can be cultured for further tests or immediately analyzed for their protein and 

gene content [35]. Cell sorting with a flow cytometer has found an important application in selecting 

successfully transformed cells after genetic modification from the entire population. Genes can be 
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added to the genome of an organism to add new capabilities to the cell [40]. However, the process of 

gene introduction to a cell genome is usually inefficient; thus, only a limited number of all the cells 

that were submitted to the process will eventually carry and express the new gene. For this reason, it 

is important to be able to discriminate between populations of transformed and non-transformed cells 

to significantly improve the efficiency. This discrimination and subsequent sorting can be achieved 

with FACS, by not only introducing a new functional gene, but also a reporter gene (such as GFP) 

into the genome via a single genetic construct. The expression of the functional gene can then be 

confirmed by fluorescence of the reporter molecule in a flow cytometer [40]. Cells recognized as 

transgenic are then separated from non-transformed cells and can be used in further experiments. 

 

 

Figure 8. (A) Schematic representation of a flow cytometer for FACS (figure elements from 1 to 12 as in 

Figure 7). For sorting purposes, an electrical charging ring (13) is mounted at the point where the stream 

breaks into droplets (containing single cells). An electrical charge is placed on the ring based on 

fluorescence intensity measured for every element passing a light detector. The charged droplets with 

cells then are passed through an electrostatic deflection system (14 and 15) that guides droplets into 

dedicated cell containers based upon their charge (16). (B) Image of BD Sciences FACS machine; 

source: http://www.bdbiosciences.com/flowcytometry/ (Accessed: 12.10.2017)  

 

Real-time monitoring with flow cytometry can be employed in the evaluation of signal changes within 

a very short period of time. Tested cells can be scanned with a laser for possible changes in, for 

example, the cytoplasmic calcium content in response to drugs [41]. Another application is the 

observation of the formation of reactive oxygen species during apoptosis. These applications of flow 

cytometry open new avenues for the methodology and give valuable insight into rapid processes 

occurring in cells [42]. However, application of cell cytometry in research requires tissue or cell 

culture removal from the growth environment, which can affect cellular behavior during analysis and 

impair understanding of the obtained data. 

A B 

61 cm 
91 cm 

64 cm 
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2.2.3. Evanescent waveguide sensing 

Evanescent waveguide sensing approaches are based on optical waveguides that are either planar or 

composed of optical fibers. Devices utilizing evanescent waveguides for sensing purposes are 

composed of a material with a high refractive index and a surrounding material with a lower refractive 

index (Figure 9) [43], [44]. Light hitting the boundary between these materials will be totally reflected 

if the angle of incidence is larger than the critical angle specific to those materials. Therefore, light 

with incidence above the critical angle stays within the boundaries of the material with the high 

refractive index, as it results in total internal reflection (TIR), thus acts as a waveguiding structure 

[45]. To create a sensing region in an evanescent waveguide sensor, it is necessary to create a space 

where sample can interact with the higher refractive index material. Therefore, the lower refractive 

index material is precisely removed at designated areas of the sensing device (Figure 9). These 

waveguides interact with sample solution to light going through the sensor. The light collected after 

the interaction with sample is delivered to a detector (Figure 9). The regions of the sensor that are 

exposed can directly interact with the sample or can be modified with antibodies to selectively detect 

molecules. The nature of the interaction between sample and the waveguide is dependent on the 

designed test and can vary from application to application. Different physicochemical principles can 

be combined with evanescent waveguiding for detection purposes: (i) fluorescence, (ii) light intensity, 

(iii) changes in light scattering patterns, (iv) changes in refractive indices, and (v) a spectroscopic 

shifts [45]. Those parameters can deliver information about the nature of the analyzed sample. The 

most popular methods employ fluorescence emission upon dye excitation of a (stained) sample or 

changes in light scattering patterns due to sample presence on the evanescent waveguide sensor [43], 

[45], [46]. In the field of bio-sensors, evanescent waveguide sensors are often applied to the detection 

of specific proteins which can bind to antibodies on the surface of the evanescent waveguide. 

Evanescent waveguide sensors are also applied to the detection and identification of microorganisms, 

via binding to an antibody [45], [47], [48]. However, the application of evanescent waveguide sensors 

in cell and tissue research is underexplored [46], [49]–[51], even though the concept itself it already 

well-known. 

 

 

Figure 9. An evanescent waveguide chip is composed of a bottom (1) and top cladding (2) material with 

a relatively low refractive index, with a light waveguiding core (with relatively high refractive index) (3) 

deposited between the two cladding layers. Light (4) is guided by waveguiding structures to the sensing 

location, which is formed by removal of part of the top cladding. At the sensing window, light interacts 

with the sample (cell culture in this case) (5) and can be side-scattered or reflected back to the waveguide 

(6). The collected fraction of light (7) is guided to a light detector and analyzed by computer. Medium 

(8) is used to sustain the cells, and its constitution depends on the nature of experiment. Usually, water-

based solutions are used as medium in experiments utilizing evanescent waveguide sensors.  
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The fabrication process of sensors for biological models requires optimization for each specific study 

due to physiological requirements (e.g. cells vs. proteins, adherent vs. non-adherent cells) and 

selected detection parameters (e.g. light scattering, fluorescence). Microfluidics can contribute to 

customization of cell culture setups at a reasonable cost [8], [52], [53]. A recent example of real-time 

data acquisition from a cell culture with an evanescent waveguide sensor is dynamic mass 

redistribution. This technique allows the user to detect refractive index alterations in cells present on 

a waveguide sensor, originating from environmental cues. Such developments indicate that there is 

in fact potential to increasingly employ evanescent waveguide-based devices in cell and tissue culture 

research (Figure 10) [12].  

 

 

 

Figure 10. Schematic representation of DMR detection principle [12].  

 

As mentioned above, it generally requires a high level of customization to adapt evanescent 

waveguide technology towards a specific application. This complicates a comprehensive overview of 

all components that are necessary to build a typical setup for such an analysis. However, we can 

identify a couple of elements that are found in every experimental setup based on evanescent 

waveguide technology. Obviously, a light source is an absolute necessity. Usually, monochromatic 

light from a laser diode is used, which is then coupled into a evanescent waveguide structure (e. g. by 

optic fibers). The wavelength has to be tuned to the type of waveguide and to the (biological) sample 

to deliver useful information. Since evanescent waveguide structures can be adjusted to a broad range 

of light wavelengths, it is generally the biological component that constitutes the limiting condition 

in experiments. This is especially true if multiple light wavelengths are to be used in single 

experiments [45]. These limitations originate from the fact that cells are negatively affected by light 

with certain wavelengths, especially in the high-energy, ultraviolet range (<400 nm) [54]. The least 

harmful wavelengths for the application of evanescent waveguide technology in cell research are 

those in the red and infra-red bands (600 nm to 1100 nm) [54].  
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2.3. Applicability of optical methods to real-time cell and tissue culture research 

In this section we consider the applicability and limitations of optical methods for real-time 

monitoring of cell and tissue cultures. The methods that are reviewed in this section have been 

described in detail in section 2 of this chapter. Although these are perhaps not used excessively for 

real-time monitoring of biological models, they do show potential for doing so. The main focus in the 

discussion in this section is on the biological component, because it is crucial to understand not only 

what information can be extracted from a given system, but even more so how you affect the system 

by that measurement. The crucial issues that arise have to do with the integration of the analytical 

technique with the incubation setup for the biological system, the influence of light on the biological 

model, the physical constraints and complementarity of the analytical principle with the biological 

model, and finally applicability of the platform to give new insights, such as intercellular 

communication or interaction. 

2.3.1. Integration of optical methods with cell and tissue culture setup 

The main challenge with living material in complex systems is to make sure that it stays alive. Most 

biological model systems need at least three different, regulated types of life support, namely 

temperature, gas composition, and specific medium with sufficient nutrients, as well as growth 

factors, antibiotics and other components. In many cases, additional parameters, such as humidity of 

a culture environment also require regulation [52], [55]. In conventional in vitro studies, which are 

conducted in well plates, we can simply put the samples in an incubator, in which all parameters are 

precisely regulated. The introduction of real-time monitoring instruments leads to increased 

difficulty, as they cannot be put into the incubator, due to problems related to geometry, humidity, 

temperature, and accessibility for a researcher for manual operations.  

For experiments under a microscope, these issues are usually solved by building an incubation setup 

around the microscope, which is what we see as well with two-photon microscopy [27], [52]. Due to 

the development of microfluidics and the progress in optimization of cell culture setups it has become 

possible to mount an independently controlled microfluidic chip on a microscope stage. Gas and 

nutrient exchange are ensured by the microfluidic chip and the peripheral instruments located nearby 

[52]. As a results, the necessity for the installation of an incubator around the microscope can be 

circumvented. Furthermore, digital cameras have been developed into miniaturized microscopes, 

with a laser light source that can be fitted in an incubator. This concept is slowly entering research 

laboratories in the form of miniaturized microscopes equipped with contrast-phase [52] or fluorescent 

cameras [56], [57]. Due to the development of cheap laser diodes, miniaturized fluorescent 

microscopes start appearing in biological research laboratories as commercially available products 

(e.g. EVOS cell imaging system from Thermo Fisher Scientific Inc.). Consequently, we observe more 

applications utilizing this type of light source in different microfluidic cell culture devices. Based on 

this trend, it is likely that they will find applications in more advanced solutions for real-time cell 

culture monitoring. 

In the case of flow cytometry, every measurement is essentially an interruption of the cell culture 

process. Therefore, the main focus in cell experiments with flow cytometry is on performing the 

analysis and getting the cells back to the culture as fast as possible [37]. Therefore, flow cytometers 

are not equipped with life support features. Thus, less attention is paid to assuring optimal conditions 

for cells in a flow cytometer, simply because of the fact that they ideally only reside there for the 

briefest time.  

Whether or not an evanescent waveguide sensor needs to incorporate incubation capabilities depends 

on the purpose of that sensor. If it is used solely as a detector for medium composition, there is no 



26 

 

need for integrated incubation. However, if the cell culture itself needs to be monitored, it will have 

to be grown on the evanescent waveguide sensor. In that case, it is necessary to adapt the sensing 

device for cell culture purposes [46], [48]. Microfluidics contributes to the facilitation of system 

integration and allows one to implement microchannels, wells, and cultivation chambers in the sensor, 

but also to couple the system to peripheral equipment for life support [52]. Moreover, microfluidics 

can also contribute to engineering in vivo-like microenvironments [8], [58]. 

2.3.2. Influence of a light source on cultured cells 

An important implication of working with optical devices based on microscopy or evanescent 

waveguide sensing is the need for a light source, which may have an influence on cultured cells [54]. 

Furthermore, if the analysis technique requires labelling of the target analyte, chemical interference 

could also occur. Such labels emit light upon excitation, and might be for example fluorescent, or 

chemiluminescent. However, the use of such labels might influence cell cultures [54]. In the case of 

label free approaches, only the light itself can interfere with the culture. The harmfulness of light is 

strongly related to the photonic energy, which is of course determined by its wavelength, and its 

influence on free radicle creation and oxidation of biomolecules in exposed cells [54]. In general, red 

light is thus less harmful to the cells than blue or UV light. This knowledge can be applied in 

developing methodology for real-time monitoring of cells. To make sure that cells are exposed to 

minimally harmful conditions one can use either short exposures to high-energy light or light with 

long wavelengths (starting from 600 nm) [21], [42]. The latter is seen in two-photon microscopy, 

which, as a consequence, has become a valuable method for in vivo studies in living animal models 

[26], [27]. An additional advantage of the application of longer wavelengths is the improved 

penetration into and through mammalian cells in comparison with shorter wavelengths [27]. Based 

on the above, the use of red light would be recommended for optical analysis of living samples. 

However, if an experiment requires the simultaneous analysis of several parameters, multiple dyes 

and thus light with different wavelengths will have to be used. This makes it more difficult to avoid 

shorter wavelengths, which in turn can increase the formation of toxic molecules due to photo-

oxidation. In case of flow cytometry, the influence of light wavelength is seen as negligible due to 

short cell exposure time to a laser light [37].  

To avoid photo-toxicity, even when using multiple dye systems, two-photon microscopy can be 

employed. The application of 2 separate photons to excite a molecule ensures that longer wavelengths 

can be used to achieve the same effect of excitation with a single photon with more energy. However, 

since this solution still relies on the use of a label, the problem of possible cell intoxication by the 

label or its side-products remains valid. In general, we can distinguish between three types of 

solutions to circumvent this problem. First of all, the development of new generations of labels is 

considered, which will not produce toxic by-products. GFP is an example of a reporter that does not 

produce toxic side products, is widely applicable in biological models, and has no adverse effects on 

the cell by itself [41]. However, it does require cell transformation, and excitation with high-energy 

light (475 nm). The second solution is to avoid having to use labels altogether. In that scenario, 

scientists do not apply dyes or stains, but will develop methods which allow insight into the cell’s 

physiology in a label-free fashion. A number of approaches for label-free monitoring of cell cultures 

based on two-photon microscopy and evanescent waveguide sensors have already been published 

[12], [16], [59]. The third solution involves constructing a setup which can actively remove toxic 

photo-oxidation products. This can be achieved by application of perfusion of the sample, but requires 

integration of cell culture into a system of pumps and channels. 
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2.3.3. Influence of cell/tissue culture dimensions on selection of optical method 

The sample itself also has direct influence on how suitable an approach is for its analysis. In the case 

of optical methods, this mainly has to do with the size of the sample, and the penetration depth of 

light wavelengths employed by the methods in question. This poses a significant limitation, especially 

for (high resolution) microscopy techniques, which have focal planes close to the lens, yet are often 

employed to analyze thick samples, such as tissue slices [26], [27]. Additionally, we often obtain poor 

clarity of the inspected sample, due to the presence of naturally occurring colored substances in the 

cells [60]. In terms of deep sample penetration, the best performance was reported with two-photon 

microscopy, namely 1.6 mm penetration into tissue using a wavelength of 1280 nm [27]. In the case 

of evanescent waveguides, the average penetration is around hundreds of nanometers [61]. While this 

is sufficient for monitoring of cellular monolayers [43], this poor penetration results in limited 

applicability in tissue research. Flow cytometry is a method that, by definition, is not suitable for 

large sample dimensions, since the analysis principle relies on single cell measurements. Therefore, 

flow cytometry requires cell culture suspension, which contain as few cell aggregates as possible. 

Flow cytometry can be very well employed to analyze large cell populations (tens of thousands of 

cells per minute) [62], but no information about tissue structure and no insight into cellular 

interactions is obtained from this type of analysis [37]. 

2.3.4. Real-time monitoring of cell-cell interactions 

Real time monitoring of cell-cell interactions have been the subject of substantial attention in the 

scientific world, and new methods have been developed to achieve this [12], [19], [63]. These 

methods deliver information about cell-cell interactions by monitoring of cell morphological changes 

and internal changes caused by cytoskeletal rearrangements. However, most optical methods, 

including those described in this work, are limited in monitoring such processes because they work 

with light-emitting labels, which limits spatial resolution [52], [54]. Two photon microscopy can be 

used for the observation of individual cells and transport of molecules between cells in real-time. 

However, but it cannot reveal the details of the underlying processes orchestrating these actions such 

as (changes in) transcription and translation [26].   

2.4. Future directions of development for optical methods in cell and tissue 

research 

This section offers a perspective on future developments in the field of optical methods for real-time 

cell and tissue culture monitoring. Real-time insight into living cells and tissues would provide 

information that is otherwise unavailable to us, and facilitate a more fundamental understanding of 

biological models in response to external stimuli (such as pharmaceutical compounds). Although new 

advances in methodology are clearly visible through the scientific output in recent years, it is 

important to understand which optical method to apply when as discussed in section 3, when 

designing and carrying out experiments. Microfluidic chips, and complementary platforms offer 

possibilities to overcome many technical challenges, such as integration of cell/tissue culture analysis 

and its control [52]. 

If microscopes (including two-photon microscope) can be miniaturized, it has the potential to 

revolutionize real-time cell culture experiments as a minimally disruptive, highly flexible analysis 

tool. In this case, it will become possible to conduct a complex experiment with not just one sample, 

but at least with a number of biological repetitions. Importantly, it would mean that touching and 

handling of the sample becomes obsolete, which reduces the likelihood of microbiological 

contamination of the cell culture.  
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Evanescent waveguide-based sensors are flexible to adapt for different applications and the 

requirements of cell cultures. In combination with microfluidics, which can deliver solutions for flow 

application, nutrient/drug gradient creation, and geometry optimization for a biological model, 

evanescent waveguide technologies can offer a new standard in in vitro real-time monitoring of cell 

cultures. Importantly, the integration of a microfluidic element could reduce harmful effects on 

cultured cells by precise control of the culture environment with integrated sensors (e.g., pH, oxygen) 

and by reducing the manual operations performed on the experimental setup. There are already a 

number of examples that employ this strategy [7], [64]–[67]. However, due to limited penetration 

into the sample, evanescent waveguide sensors cannot be applied broadly in tissue studies, which is 

an obvious drawback of the method. While tissue studies are a better model for testing the influence 

of (chemical) stimuli on functional level, cell-based research is equally important for a more basic, 

fundamental understanding of underlying mechanisms, such as ligand-receptor interaction. A good 

example for the latter is the study of the endothelium, which is the one-layer thick barrier that lines 

all blood vessels. In this monolayer, which can be monitored with an evanescent waveguide sensor, 

cellular behavior is constantly changing in response to physiological stimuli, cell-cell 

communication, and molecule transport through the endothelial monolayer [68]. A drawback of this 

technology, though, is the limited throughput. That is, analysis of multiple samples is a time-

consuming endeavor. Furthermore, signals obtained with EWS are always one-dimensional, whereas 

microscopy delivers multidimensional output.  

Future developments in the field of flow cytometry will evolve around decreasing the cost for 

analysis, as well as the application of more dyes per experiment. The latter will increase the 

information yield from a single experiment. From a technological point of view, the miniaturization 

and in-line integration with cell cultures would be profitable in many experimental approaches. 

Furthermore, it would be interesting to develop methods that allow the observation of cell-cell 

interactions. However, to achieve this, it should be made possible to physically trap an object (in this 

case a cell) inside the sensing region of the flow cytometer. Adequate technology to achieve this has 

already been reported, namely optical tweezers (single-beam gradient force trap) which can be used 

to capture an object by applying a laser beam to provide a repulsive or attractive force [69].  

Finally, there are interesting developments in label-free approaches for optical analysis. Certain 

cellular behavior, such as cellular micromotion can be monitored in real-time by following 

alternations in light scattering patterns instead of labelling appropriate structures for this purpose [19]. 

Another example of label-free monitoring of cells is related to the natural potential of biomolecules 

in a biological sample (cells and ECM) to emit light upon excitation with light of a proper wavelength. 

This is the case with collagen excitation with light with wavelengths between 730 nm and 880 nm 

[25]. The application of label-free methods, which are not the most obvious choice, is often based on 

different physicochemical parameters than the more conventional methods that employ labels. 

Inventing label-free approaches for real-time cell and tissue culture monitoring might lead to novel 

strategies to increase the information yield from biological experiments.  
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Abstract 
The growing interest in microfluidic endothelial cell culture has resulted in a number of devices 

facilitating the in vitro investigation of the behavior of these vascular cells. With microchannels 

generally on the order of hundreds of micrometers in diameter, these devices are not optimal for 

mimicking the microvasculature, in which the endothelium is highly responsive to inflammatory 

stimuli. Channels with sufficiently small width are needed, and perhaps more importantly, robust 

strategies and protocols on how to reproducibly work with endothelial cells in such challenging 

geometries. In this report, we describe the optimization of microchannel geometry and protocols for 

endothelial cell cultures in narrow microchannels for the use in the context of cardiovascular 

research. 

The goal of this work was to develop a channel geometry for efficient and reproducible cell seeding 

in microchannels as narrow as 60 µm. Decreased channel widths, as compared to previously 

published approaches, allow better recreation of the in vivo dimensions of human microvasculature. 

Three different channel geometries to optimize the cell seeding process were considered in this study. 

The first channel design consisted of a straight channel with fluid reservoirs; the second design was 

shorter and had smaller reservoirs than the first channel design; in the third channel design, narrow 

channels serving as fluidic resistors were introduced between the cultivation channel and fluid 

reservoirs, but otherwise had the same dimensions as the second channel design. The third channel 

design led to the most consistent cultivation parameters (good cell density and even cell distribution, 

both of which are determined during the cell seeding process). The resistors in this design lead to 

improved retention of the introduced cell suspensions in the microchannels during cell seeding, and 

therefore to more consistent cell seeding and culture. Robust protocols were then established for 

coating, controlled seeding, cultivation, fixation and staining of Human Umbilical Vein Endothelial 

Cells (HUVEC) in these microchannels. The HUVEC concentration used was 5000 cell/µL. Volumes 

seeded ranged from 3 µL for 60 µm wide channels to 15 µL for 360 µm wide channels. 

This work provides a complete description of chip fabrication and preparation, as well as cell culture 

protocols. Finally, we discuss the impact of channel geometry on cell seeding in microchannels.  

Keywords: Microfluidic cell culture, Channel geometry, Primary endothelial cells  
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3.1. Introduction 

The endothelium is of great scientific interest, because of its involvement in numerous  

(patho-)physiological processes, including macro- and micromolecular transportation to and from 

organs, blood coagulation, and blood pressure regulation in the human body [1]. Conventional in vitro 

culture has generally involved culturing endothelial cells in 2D layers on the bottom of well plates. 

Physiological conditions in blood vessels are vastly different from those offered by standard flasks 

and well plates in cell culture laboratories. Currently, we observe progress in the adaptation of 

endothelial cell culture conditions towards better resemblance of the in vivo status [2]–[4]. Human 

vasculature is heterogeneous with different functions and dimensions [1], [5]–[7]; the use of in vitro 

systems tailored to a specific vasculature region might benefit the study of endothelial cells from that 

region [2]. Microfluidics offers a solution in this regard by enabling the fabrication of channels and 

channel networks with the desired dimensions, branches, and curvatures, and by allowing the 

application of shear stress, to which endothelial cells are exposed naturally, in a controlled fashion 

[2], [8], [9]. 

Over the past two decades, numerous microfluidic cell culture systems have been developed for 

biomedical research [3], [8]–[11]. This interest has resulted in the application of microfluidic devices 

in cardiovascular research has led to a discussion about whether and how channel geometries and 

dimensions affect cellular behavior both in vitro and in vivo [2], [4]. Since the vascular bed consists 

of vessels with lumen dimensions varying from centimeters (in the aorta) to micrometers (in the 

organs), its adequate representation in in vitro cultures requires a variety of culture devices with 

dimensions corresponding to those occurring in in vivo. In reality, however, we find that to date, most 

of the (commercially) available microfluidic devices are straight channels with widths ranging from 

5 mm to 400 µm. Moreover, many of these in vitro models employ larger channel dimensions to 

facilitate translational and fundamental studies, because they are easier to work with and result in a 

larger amount of material for analysis [2], [9], [12]. Until now, little research has been dedicated to 

the in vitro study of endothelial cells in microchannels that actually mimic the microvasculature from 

a geometric perspective.  

A second important parameter for reproducing in vivo-like in vitro systems is controlled perfusion of 

endothelial cell layers, as demonstrated for the first time by Fernandez et al. [13]. Significant 

discrepancies between static and perfused systems were demonstrated by checking gene expression 

profiles of endothelial cell markers from cells cultured in both types of systems. Moreover, research 

performed with perfusable microfluidic devices for endothelial cell cultures have helped address 

many questions related to the role shear stress in controlling cell morphology, cell alignment, 

cytoskeletal regulation, gene and protein expression [12], [14]–[16]. 

However, there is a lack of standardized channel geometry which allows closer scrutiny of the human 

microvasculature (100 - 500 µm) in vitro [3]. Interesting work attempting to culture endothelial cells 

in narrow channels was performed by Esch et al., in which the influence of microchannel shape 

(rectangular vs. circular) was assessed for endothelial cells (HUVEC) [17]. Esch et al. managed to 

seed HUVEC in channels as narrow as 50 µm, their protocol, however, did not describe the seeding 

procedures and injected cell suspension volumes in full detail [17]. 

In this work, we pursue the development of a channel geometry which allows endothelial cell cultures 

to be set up and maintained in channels significantly narrower than 400 µm. Additionally, we improve 

the seeding efficiency in our microchannels, while avoiding the injection of large numbers of cells. 

In doing so, we address the issue of uneven cell distribution along the length of the microchannels, 

which is a result of the seeding procedures and, as observed in this study, causes problems in obtaining 
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a confluent endothelial cell layer. The above-mentioned issues result in a loss of cells, time, and 

money. This can be especially problematic when only limited numbers of cells are available, as is the 

case when experimenting with primary cells from e. g. patients’ biopsies or transgenic cells harvested 

from animals [18]. 

In this report, we present an optimized channel geometry which allows reproducible seeding of a 

primary endothelial cell type obtained from umbilical cord veins (HUVEC) in microchannels with 

dimensions ranging from 360 µm down to 60 µm using a single experimental protocol. Additionally, 

we optimized cell concentrations and the cell suspension volumes required to obtain even seeding 

along microfluidic channels having lengths in the order of 1 to 2.5 cm. 

3.2. Materials and Methods 

3.2.1. Microchannel/chip design and experimental setup 

All microchannel designs were drawn in CleWin, a mask layout editor (MESA Research Institute, 

University of Twente and Deltamask, The Netherlands), and printed as negative masks by ProArt BV 

(The Netherlands). The negative masks used in this work contain the inverse (or photographic 

"negative") of the pattern to be transferred to a wafer covered with negative photoresist (procedure 

below). The channel diagrams and tested dimensions are presented in Table 1, with total channel 

volumes in Table 2. Three channel designs were tested: (i) Design 1 is the initial design and comprises 

a straight microchannel of uniform cross-section and a length of 25 mm; (ii) Design 2 differs from 

Design 1 in that it has a shorter channel length of 10 mm. Additionally, the diameter of inlets/outlets 

was decreased from 2.5 mm to 1 mm; (iii) Design 3 consists of a cultivation channel with inlet and 

outlet channels (fluidic resistors, function explained below) having widths half that of the cell 

cultivation channel. Every fluidic resistor is 0.5 cm long, while the cell cultivation channel is 1 cm 

long. Additionally, the third design (Design 3) of the microchannels has 3D-printed reservoirs made 

in polylactic acid (PLA) (Figure 1), which facilitate coupling of syringe pumps to the device, as well 

as ensure that cells are in continuous contact with cell medium during the experiments. All channels, 

independent of design, have a depth of 100 µm determined by the velocity used to spin coat a UV-

curable resin during the fabrication of device masters (described below). Additional parts like liquid 

reservoirs and chip holders were designed in Solid Works (Waltham, MA, USA) and 3D-printed in 

polylactic acid (PLA) (filament thread diameter = 1.75 mm) (EasyFil, Formfutura, The Netherlands) 

with a Felix v3.0 (nozzle diameter = 0.35 mm) (Felix printers, the Netherlands) (Figure 1). 
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Table 1. Overview of the different microfluidic devices made and tested.  

 Design 1 Design 2 Design 3 

Sketch 

   

Cultivation 

channel length 

[mm] 

25 10 

Diameter of 

inlet/outlet holes 

[mm] 

2.5 1 

Channel depth 

[µm] 
100 

Tested widths 

[µm] 
360, 120, 100, 80, 60 

1.Inlet/outlet channel; 2. Cultivation channel 

 

Table 2. Overview of the total volumes of the tested microchannels 

 Channel width 

[µm] 

Channel volumes [nL] 

 Design 1 Design 2 Design 3 

 360 900 360 540 

 120 300 120 180 

 100 250 100 150 

 80 200 80 120 

 60 150 60 90 

 

 

 

Figure 1. (A) Chip Design 3 with 3D-printed reservoirs (green) mounted over the inlets/outlets to the 

microchannels; (B) Experimental setup mounted on a microscopic stage, where the original microscope 

table inset was replaced by a 3D-printed inset (pink) to provide stable positioning of the chip holder with 

microfluidic devices (green). 
 

A B 

1 
2 
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3.2.2. Microchannel fabrication 

Microchannels with rectangular cross-sectional profiles were replicated from molds made using SU-

8 50 photoresist (MicroChem Corp., MA, USA) on borofloat glass (Borofloat 33 wafers: diameter 

100 mm; thickness 0.7 mm; Handelsagentur Helmut Teller, Germany). SU-8 50 photoresist resin was 

spin-coated to a thickness of 100 µm with a spincoater CEETM (Brewer Science; MO, USA). The 

soft-bake step for the photoresist layer was performed on a hot plate (precision hotplate & program 

controller PR 5-3T: Harry Gestigkeit GmbH, Germany) with the following temperature program: (i) 

heating with a ramp of 1oC per minute from 20oC to 65oC, (ii) followed by 10 min heating at 65oC 

(iii) then the photoresist was heated at a ramp of 1oC per minute from 65oC to 95oC and (iv) 

maintained for 30 min at 95o C. After cooling down the photoresist to room temperature (20oC ), the 

photoresist coated wafers were exposed through the mask with ultraviolet light (365 nm, power: 250 

mJ/cm2) (collimated UV light source, OAI, San Jose, CA, USA) for 25 seconds. The post-UV-light-

exposure baking step was performed as follows: (i) wafers were heated with a ramp of 1oC per minute 

from 20oC to 65oC, (ii) followed by 1 min incubation at 65oC. (iii) The photoresist was then heated 

with a ramp of 1oC per minute from 65oC to 95oC and (iv) heated for 10 min at 95o C. After cooling 

down the wafers to room temperature, they were developed for 15 min in SU-8 developer 

(MicroChem Corp., MA, USA) until unexposed SU-8 50 residues were washed away. To extend the 

lifetime of the molds, developed wafers were silanized with hexamethyldisilazane (HMDS; Sigma-

Aldrich Co Ltd, UK) for 30 min under vacuum. The silanization step covers SU-8-50 structures and 

borofloat glass with alkoxysilane groups, resulting in a hydrophobic surface [19], [20], which allows 

cured PDMS to be peeled more easily from the master. It is thus less probable that SU-8 50 structures 

are dislodged from the glass surface during the peeling step. As a consequence it is possible to perform 

more replication cycles with one master and significantly reduce the number of borofloat glass wafers 

used. 

3.2.3. Casting of PDMS and PDMS bonding to glass slides 

For replica molding of microchannels, we used poly(dimethylsiloxane) (PDMS) (Sylgard 184, Dow 

Corning Corp., USA), a pliable silicone rubber, based on its optical transparency, solvent 

compatibility, gas permeability and biocompatibility with the selected biological model and solutions 

[21], [22]. Biocompatibility is defined in this case as not harmful or toxic for cultured cells. 

Microchannels are obtained by casting a PDMS monomer mixed with a PDMS curing agent (Dow 

Corning Corp., USA) in a ratio of 10:1 (PDMS resin: curing agent) on an SU-8 50 master mold and 

curing at 62°C for a 2h (approximately 70 g of PDMS per wafer; final thickness of the PDMS chip 

was approximately 3 mm). Before the bonding procedure, inlets/outlets were punched with biopsy 

punchers (Kai punchers; D-Care B.V., The Netherlands) having an appropriate diameter (2.5 mm or 

1 mm). The microchannels replicated in PDMS were sealed irreversibly to glass slides (75 mm x 26 

mm x 1 mm) (Thermo Fisher Scientific Gerhard Menzel & Co., Germany) by prior exposure of both 

parts to oxygen plasma (30W) (Harrick Plasma Cleaner; Harrick Plasma, USA). The chips used for 

cell observation with a confocal microscope were bonded to coverslips (21 x 26 x 0.17 mm) (Thermo 

Fisher Scientific Gerhard Menzel & Co., Germany). Oxygen plasma treatment involved a 20-second 

exposure to oxygen at a pressure of 350-380 mTorr. Directly after plasma treatment, the microchannel 

structures were brought into contact with the glass slides and pressed against each other. Irreversible 

bonding occurs after a few minutes. The same bonding procedure of PDMS to glass was applied for 

both glass slides and glass coverslips. Liquid reservoirs were mounted over the punched reservoirs 

using silicon glue (Silicon Rubber Compound – Flowable Fluid, RS 692-542; The Netherlands) in 

Design 3. Oxygen plasma exposure can also act as a chip sterilization step [23]. All fabrication steps 
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performed after oxygen plasma treatment were performed in a laminar flow hood to ensure a sterile 

environment for the experiments. 

3.2.4. Gelatin coating protocol 

After PDMS bonding to glass slides, a sterile solution of 1% porcine gelatin (Sigma code G9382; 

Sigma-Aldrich Co Ltd, UK) diluted in sterile and filtered phosphate-buffered saline (PBS; pH=7.4) 

(Sigma-Aldrich Co Ltd, UK) was introduced to the channels and incubated at room temperature (RT) 

for 45 min. The gelatin acts as a substitute for extracellular matrix (ECM), which encourages HUVEC 

(or potentially other adherent cell types) to adhere to a surface. After incubation with gelatin solution, 

0.5% glutaraldehyde solution (20 µL of 25% glutaraldehyde stock solution diluted in 980 µL of sterile 

PBS; Polysciences Europe GmbH, Germany) was introduced to the microchannels to cross-link the 

gelatin layer.. The crosslinking reaction was carried out at RT, and the duration of the process was 

experimentally optimized for every channel width (Table 3) and was independent of channel design. 

The optimization of cross-linking time was dictated by differences in microchannel volumes, and 

aimed to avoid clogging channels with cross-linked gelatin, which occurred when cross-linking times 

were too long. The purpose of the cross-linking step is to ensure that deposited gelatin remains in the 

channel upon flow application introduced by consequent rinsing steps and cell injection). 

Glutaraldehyde is toxic for cells, thus three rinsing steps with sterile PBS were performed to remove 

possible residues of glutaraldehyde with 10 min incubation at RT in between rinses. Afterwards, the 

channel was rinsed with PBS to remove unbound gelatin and glutaraldehyde solution from its interior. 

The last preparation step was chip conditioning with endothelial cell medium (EC medium; 

composition below) in a cell incubator (37°C, 95% air, 5% CO2) (Thermo, model 3111, USA) for 

approximately 1h before cell seeding. During all the described preparation steps it is important to 

protect the inlet and outlet of the channel from drying by deposition of extra solution in the reservoirs. 

Otherwise undesirable effects might occur, like the appearance of air bubbles in the channels. All the 

described steps were performed with a 1-mL syringe (Omnifix-F B Braun, The Netherlands).  

Table 3. Overview of the cross-linking times with 0.5% glutaraldehyde solution.  
Channel width [µm] 360 µm 120 µm 100 µm 80 µm 60 µm 

Cross-linking time 

[min.] 
15 10 8 6 3 

3.2.5. Cell harvesting protocol 

HUVEC were isolated from healthy umbilical cords in Endothelial Cell Facility of the University 

Medical Center Groningen and cultured to confluence in T25 flasks for at least 2 passages before 

being seeded in microfluidic channels. For seeding efficiency tests only HUVEC from between 

passages 2 and 5 were used for the experiments [5]. HUVEC were removed from the T25 bottles by 

trypsinization (0.05% trypsin solution in sterile PBS; 20 µL of trypsin solution per cm2of HUVEC) 

at 37°C for approximately 2 min. Afterwards, cells were counted in a Neubauer chamber using 

microscope, centrifuged (1800 rpm, 5 min.) (Rotina 48S, Hettich GmbH, Germany) and re-suspended 

in cold (4°C) EC medium at a concentration of 5000 cells/µL. After harvesting, HUVEC were kept 

on ice (4°C) for no longer than 60 min. The cell suspension was gently shaken in the Eppendorf tube 

to resuspend cells directly before injection to the channels. In this way, we ensured the same cell 

concentration in all injected suspension volumes to the channels. 

3.2.6. Endothelial cell medium 

Endothelial cell medium (EC medium) consists of RPMI 1640 (Lonza Benelux BV, Breda, The 

Netherlands); endothelial cell growth factor (ECGF) (50 g/mL isolated from bovine brain);  
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L-glutamine (2 mM; Gibco-BRL, Paisley, Scotland); heparin (5 U; Leo Pharm. Prod., Weesp, The 

Netherlands); K-penicillin G (100 IE/mL; Astellas Pharma Europe B.V., Leiderdorp, The 

Netherlands); streptomycin (100 g/mL; Fisiopharm, Italy); Fetal Calf Serum (FCS) (20% v/v; 

Hyclone, Perbio Science, Etten-Leur, The Netherlands). 

3.2.7. HUVEC injection to the microchannels and culture protocol  

HUVEC were injected with an Eppendorf Research plus pipette (0.5 – 10 µL) (ref. number 

3120000020; Eppendorf, Germany) into pre-warmed microchannels at a concentration of 5000 

cells/µL. Suspension volumes were selected to obtain sufficient cell loading to allow HUVEC to grow 

to confluency in less than 24h, without overcrowding and clogging the microchannels (especially the 

fluidic resistors in the third channel design). These volumes were adjusted for the channel width and 

did not vary between channel designs (Table 4). For Design 1, HUVEC injection was performed by 

introduction of the cell suspension volume in an inlet reservoir (diameter of 2.5 mm) and the removal 

of an equal volume of fluid from an outlet reservoir. Hydrostatic pressure was thus employed for cell 

distribution along the microchannels. Cell suspension injection for Designs 2 and 3 was performed 

by inserting the pipette tip (1 - 20 µL) (reference number: 7320 02; Brand GmbH, Germany) into the 

inlet (diameter of 1 mm) of the channel until the PDMS tightly sealed around the tip. It was important 

to avoid touching the bottom glass surface of the device with the pipette tip during this procedure, as 

the cell suspension might have been pushed upwards and leaked from the chip instead of entering the 

channel. The injection was performed gradually until the pipette tip was empty, at a rate which slowed 

as microchannel widths shrunk. This reduced the shear stress during cell injection in microchannels 

to a minimum. Therefore, cell injection times varied from approximately 3 seconds for 360-µm-wide 

channels to approximately 15 seconds for 60-µm-wide channels. After the injection of the cell 

suspension, chips were left for 3 min, after which they were moved to the cell incubator. All three 

channel designs were tested simultaneously with the same cell batch to avoid differences between 

cell cultures originating from donor variation. Chips were placed in the incubator for 60 min to allow 

HUVEC to attach in the microchannel. Afterwards, unattached HUVEC were removed by rinsing 

with a 1-mL syringe containing pre-warmed EC medium, after which chips were placed back into the 

incubator for 120 min. For successful culture of HUVEC in microchannels, every reservoir should be 

filled with a few microliters of EC medium to at all times prevent the culture channel from drying out 

under cell culture conditions (37⁰C). Furthermore, the presence of a meniscus on top of the inlet 

reservoir prevents the introduction of air into the channel upon injecting fresh medium with a 1-mL 

syringe. The latter could lead to detachment of cells from the channel during medium exchange. As 

a positive control, cell culture in a standard 96-well-plate was carried out in parallel to each tested 

width of microchannels (well-plate culture protocol based on reference [24]). 

Table 4. Overview of the conditions for HUVEC seeding and cultivation in the microfluidic devices tested. 

These conditions were used for cell cultures in all three designs. Injected cell suspension volumes were 

experimentally adjusted to channel widths. 

Cell type Human Umbilical Vein Endothelial Cells (HUVEC) 

Cell concentration 5,000 cells/µL 

Injected volume of cell 

suspension in single channel 

360µm 120 µm 100 µm 80 µm 60 µm 

8 µL 6 µL 5 µL 4 µL 3 µL 
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3.2.8. Microscope setup and 3D-printed chip holders 

The microscope setup for cell inspection and characterization consisted of a phase-contrast 

microscope with a fluorescent light source (DM-IL, Leica Microsystems, Germany) with a Leica 

DFC300FX camera (Leica Microsystems, Germany). For visualization of nuclei staining, the CFP 

ET (ex/em 430-445/460-500 nm) filter cube from Leica Microsystems was applied. We noted that 

visual inspection of cultured cells is time consuming (~5 min.) and possibly harmful for cells, because 

of heat dissipation in the microchannels during inspection. The temporary change of external 

temperature from 37°C to RT is not a problem for well plate-cultured cells, since wells contain 

significantly more warm medium than microfluidic cell cultures (mL vs nL volumes), resulting in 

much slower temperature decreases than in microfluidic cell cultures. To solve this issue, we adapted 

the microscope table by inserting a 3D-printed holder (made in PLA) (Figure 1B) for precise 

positioning of the chip under the microscope, thus. eliminating the need to position the chip manually 

under the microscope. Furthermore, this reduced the risk of contamination to the cell culture, because 

the culture spent less time outside of the sterile incubation environment. The microscope stage 

adaptation reduced the number of components/materials between the microscope objective and a 

sample, which made it easier and faster to focus on the cell layer and acquire an image. The 

microfluidic chips were inserted into the 3D-printed holder (made in PLA), which was in turn 

positioned in the adapted microscope table (Figure 1B). 

3.2.9. Cell fixation protocol  

Autoclaved PBS was additionally filtered in order to remove PBS crystals, which could perturb good-

quality image acquisition in microchannels by scattering light and blurring the picture. For PBS 

filtration, the Millex-GP syringe filter unit (0.22 µm) from Merck Millipore (USA) was used. All the 

described steps were performed with a 1-mL syringe. 

HUVEC were fixed in the microchannels approximately 3h after cell seeding with 4% formalin 

(Sigma Aldrich Co Ltd, UK) in autoclaved and filtered PBS (Sigma Aldrich Co Ltd, UK). The fixative 

solution was introduced to the microchannels for 3 min while chips were kept at RT. Afterwards, 

microchannels were rinsed three times with PBS, with 10 min incubation steps between consecutive 

rinses.  

3.2.10. Staining protocols  

3.2.10.1. Nucleus staining protocol 

To assess the number of seeded HUVEC, cell nuclei were stained with 4',6-diamidino-2-phenylindole 

(DAPI, stock solution 2 mg/mL of DMSO) (Sigma Aldrich Co Ltd, UK) solution in PBS (1:150) 

(Sigma Aldrich Co Ltd, UK). DAPI selectively binds to deoxyribonucleic acid (DNA) by 

intercalation in DNA chains in the cell nucleus. After a 10-min incubation with DAPI, three 

consecutive rinses with PBS were performed for every microchannel with a 1-mL syringe to remove 

the excess of DAPI.  

3.2.10.2. Vascular Endothelial Cadherin (VE-cadherin) staining protocol 

VE-cadherin (CD-144) is an adhesion protein specifically expressed by endothelial cells that is 

located in the membranes and is involved in creating intracellular connections [25]. The distribution 

of this protein in HUVEC cultured in microchannels provides information about the quality of the 

cell culture. Additionally, we wanted to confirm confocal imaging compatibility with the latest chip 

design (Design 3). HUVEC fixation was performed after 24h cell culture in the cell incubator with 

the protocol described above. Confluent cell cultures were incubated with primary VE-cadherin 

antibody (Concentration: 5 µg/mL; labelled with AlexaFluor488; excitation: 488 nm emission: 519 
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nm); (Thermo Fisher Scientific Inc., MA, USA) diluted forty times in PBS (1:40; 50 µL per channel). 

This solution was then added to microchannels and incubated for 90 min at RT in the presence of 

fixed HUVEC culture. Afterwards, stained cell cultures were rinsed three times with PBS with 10 

min incubation steps between consecutive rinses. After the VE-cadherin staining, DAPI staining was 

performed according to the protocol described above. The results were visualized with a confocal 

fluorescence microscope (Confocal Laser Scanning Platform Leica TCS SP8; Leica Microsystems, 

Germany). All the described staining steps were performed in Design-3 microchannels bonded to 

0.17-mm-thick coverslips, and 1-mL syringes were used in all described actions. 

3.2.11. Cell counting protocol and data analysis  

HUVEC seeded in microchannels of different widths in the three chip designs were fixed, and their 

nuclei were stained with DAPI according to the protocol described above before imaging. Photos of 

designated microchannel sections were taken (objective magnitude 10x). The spots chosen for 

imaging were as follows: (i) For Design 1, pictures were taken 5 mm, 15 mm, and 20 mm from the 

inlet. (ii) For Design 2, pictures were taken 3 mm, 5 mm and 7 mm from the inlet. (iii) For Design 3, 

pictures were taken 3 mm, 5 mm and 7 mm from the entrance to the cultivation channel. All chips 

incorporated a molded “ruler” next to the cultivation channels, to be able to monitor changes in cell 

culture at defined distances along the channel. Afterwards, the photos were transferred to ImageJ 

software [26] and cells were counted in the field of view (n=5 per experimental condition), which 

was dependent on the channel width (Table 5). Results were inserted to Microsoft Excel calculation 

sheet (Microsoft Inc.; USA) and two parameters were analyzed: cell density and cell distribution. Cell 

density was calculated by adding the cell counts from all three observation windows and relating 

them to the total area of those windows (n = 5 per condition). Cell distribution was obtained by 

calculating the relative distribution per channel first, and averaging these normalized values per 

condition (n = 5). 

 

Table 5. Channel areas in which cells were counted for different channel widths. 

 Channel width 

[µm] 

Imaged channel 

length [µm] 
Area [µm2] 

 360 

796.5 

286740 

 120 95580 

 100 79650 

 80 63720 

 60 47790 
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3.3. Results and Discussion 

3.3.1. Testing of three different channel geometries 

HUVEC exhibit differences in morphology depending on their location in the body, as this dictates 

to which physical and physiological factors they are exposed and to what extent [2]. In our initial 

experiments, endothelial cells were cultured in well plates and exhibited a cobblestone morphology, 

but when cultured in narrow channels without flow, they tended to align along the channel walls 

(Figure 2) [27]. Based on the observation made in this simple experiment, we hypothesize that the 

elongated morphology of endothelial cells in microchannels is dependent on both channel geometry 

and applied flow. When using a straight channel of uniform cross-section (Design 1), our initial 

culture experiments showed imperfections in terms of seeding efficiency and experimental 

reproducibility. This originated from difficult, irreproducible control over cell distribution along the 

channels during the cell seeding procedure. This is particularly problematic when the number of cells 

available is limited, which is often the case in work with primary cells. Moreover, control over cell 

transport through microchannels diminished as channel widths shrunk (Design 1). Therefore, we 

designed a channel geometry which allows for efficient and reproducible cell seeding in the 

microchannels, independent of the channel width.  

 

Figure 2. Comparison of HUVEC morphology in a 96 well plate (A) and in microfluidic channels (B, C, D) 

after 24h culture without application of flow. These results were obtained with channels corresponding to 

Design 1 (straight, uniform width, 25-mm-long channels). Results showed that HUVEC exhibited increased 

alignment with respect to the channel walls as channel widths decreased. The cobblestone morphology of 

HUVEC in the (A) 96 well plate and (B) 400-µm-wide microchannel is different from HUVEC cultured in 

channels with widths of (C) 120 µm and (D) 80 µm which are elongated and aligned with the channel walls. 

Magnification: 10x; all scale bars (lower right): 100 µm 

 

Initially tested devices (Design 1) consisted of channels having a height of 100 µm, a length of 25 

mm, and different widths ranging from 360 µm to 60 µm (Figure 3). Reproducible seeding of HUVEC 

in these channels proved to be difficult, as cells tended to flow unhindered through the channels 

without settling. Therefore, cultures in Design 1 exhibit a large variation in cell distribution along the 

microchannels, especially in microchannels narrower than 360 µm (Figure 3 and Figure 4). A solution 

to this problem is the application of a slight backpressure by plugging the outlet reservoir with a 

syringe filled with cell medium, but this approach was difficult to implement both manually and with 

syringe pumps. Moreover, the level of difficulty in seeding cells into Design 1 chips increased in 

narrower channels due to decreasing channel volumes, making fluid and cell manipulation operations 

in the channel with a syringe or a pipette impossible to control. 
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All three channel geometries were compared in terms of cell density (per mm2) in different channel 

widths (Figure 5) and reproducibility of the cell seeding protocol. Design 1 showed good results only 

for channels with a width of 360 µm and it was not possible to reproducibly seed HUVEC in channels 

narrower than 360 µm. Design 2 showed significant improvement in the number and distribution of 

seeded HUVEC in microchannels narrower than 360 µm. This was achieved by decreasing inlet/outlet 

diameter and channel length (from 25 mm to 10 mm). However, for channels narrower than 100 µm 

we noticed that Design 2 is suboptimal for cell cultures due to insufficient number of seeded cells in 

the microfluidic channels. Therefore, we developed Design 3 in which an additional improvement of 

cell density, especially for the smallest channel widths, is observed, with an equally good cell 

distribution compared to Design 2 (Figures 3 - 5). Furthermore, we did not observe gaps between 

seeded HUVEC in Design 3, which was the case in other two designs. 

The reason for enhanced cell seeding results in Design 3 lies in the incorporation of inlet and outlet 

channels having a width which is half that of the cultivation channel. These additional structures act 

during cell injection to force the fluid containing cells to slow down when it reaches the cultivation 

channel. Additionally, the outlet channels act as fluidic resistors, presenting a backpressure at the end 

of the cultivation channel. These effects promote cell retention in the cultivation channel in 

comparison to Design 1 and 2. Moreover, even cell distribution throughout the microchannels was 

achieved for Design 3 in all tested channel widths, which was not the case for Design 1 and 2. 

 

Figure 3. An overview of HUVEC distribution after seeding in channels of designs 1, 2, and 3 with widths 

of 360 µm, 120 µm and 60 µm, using the developed seeding protocol. Photos were taken 3 h after cell 

seeding at 5 mm from the inlet reservoir for Design 1, or 3 mm from the inlet to the cultivation channel 

for Design 2 and 3. Magnification: 10x; scale bar in the bottom right corner applies to all presented 

images: 200 µm 
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3 mm 5 mm 7 mm 

   

 

Figure 4. The top panel presents an overview of evenly distributed HUVEC in an 80-µm-wide Design 3 

microchannel. Photos were taken 3h after cell seeding into the device. Magnification: 10x; scale bar: 200 

µm. The chart presents an overview of HUVEC distribution 3h after seeding into 80-µm-wide channels for 

all tested designs. Each bar (n = 5) represents a separate cell-counting spot within the tested channel 

designs. When working with Design 1 we obtained an insufficient cell number in the microfluidic channel 

to achieve a confluent HUVEC culture, which is reflected by the uneven cell distribution. Data obtained for 

Designs 2 and 3 shows an even cell distribution along the microchannel. 

 

It is worth mentioning that all experimental steps were accomplished using a 1-mL syringe or 

Eppendorf pipette (0.5 -10 µL). No special tools were needed to seed cells into channels as narrow as 

60 µm. Therefore, the presented experimental approach can be adapted in every biomedical laboratory 

interested in microfluidic cell cultures. 
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Figure 5. Overview of the number of cells attached in the channels with different widths 3h after seeding 

at a concentration of 5000 cells/μL. Working with design 3 led to a high cell density in all tested channel 

widths. Design 2 shows considerably more variation between different channel widths and on average a 

lower cell density than Design 3. Design 1 is unsuitable for cell cultivation in channels narrower than 

360 μm; Each bar represents the average number of cells counted at three different microchannel 

locations (see Section 2 Material and methods 2.11 for details);[n=5].  

 

3.3.2. Influence of channel geometry on HUVEC 

The microchannels developed in this work have rectangular cross-sections, which might be regarded 

as insufficient for resembling natural blood vessels for certain experimental purposes [3]. This is 

supported by research performed by Forouzan et al., where a geometry dependence of leukocyte 

adhesion to endothelium was shown [28]. It was shown that in channels with rectangular cross-

section, leukocytes tend to adhere in the corners of the channel, while in channels with circular cross-

section, leukocyte adherence was random [28]. In work from Frame et al., it was shown that device 

geometry influences the number of newly formed actin stress fibers in endothelial cells cultured under 

flow [29]. It was estimated that endothelial cells cultured in curved vessels express only half of the 

actin stress fibers that endothelial cells growing on flat surfaces do. Additionally, exposure to the 

shear stress in circular channels decreases the number of stress fibers in endothelial cells, while no 

influence of shear stress on endothelial cells growing on flat surfaces was observed [29]. However, 

Esch et al. indicated that shear stress was a more important factor than channel geometry (semi-

circular vs. rectangular channels) in terms of influence on endothelial cells [17]. Hence, the 

development of microchannels with rectangular cross-section was appropriate for our future 

experiments with microvascular endothelial cells under flow.  

3.3.3. Characterization of HUVEC cultures with confocal microscopy 

When designing cell culture systems for cell behavior studies, compatibility with analytical approach 

needs to be taken into consideration. One method used for cell culture inspection is microscopy. Our 

microfluidic chips were thus also designed and developed to be compatible with light, fluorescent, 

and confocal microscopy techniques.  

We have tested the compatibility of the developed microfluidic devices with confocal microscopy 

techniques by staining HUVEC cultures with fluorescently labelled antibodies for VE-cadherin. VE-

cadherin, an adherent junction protein, is found predominantly in the junctions between endothelial 
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cells [30]. Green staining in the image in Figure 6(B) confirms that cell junctions have been formed 

between HUVEC cultured in the microchannels. The presence of evenly distributed cell-cell 

connections between cultured HUVEC indicated their good health status in microfluidic culture, and 

thus confirmed the compatibility of our devices and protocols with HUVEC culture.  

In future research, the channel geometry used in Design 3 could be implemented in more complex 

culture systems containing on-line sensors, to allow for the extraction of more information about 

HUVEC in a test cell culture. This optimal channel geometry allows cells to be cultured in channels 

as narrow as 60 µm, thus enabling closer examination of human microvasculature [2], [3].  

 

3.4. Conclusions 

Our research approach complies with the need for flexible cell culture systems capable of maintaining 

multiple cell types as reported by Hospers et al. [5]. In addition our technology will allow to integrate 

sensors regardless of exact channel geometry. Microchannel Design 3 facilitates the choice of channel 

widths which might be required for the cell culture needs, allowing for cell cultures in channels as 

narrow as 60 µm. This design is also suitable for numerous analytical approaches (e. g. microscopy). 

Protocols applied for this research have been optimized in terms of the ECM used (gelatin), cell type 

(HUVEC). Moreover, significant improvement of cell seeding reproducibility was achieved by 

introduction of fluidic resistors before and after the cell culture chamber in Design 3. As a result, 

retention of cells, during cell seeding in the culture chamber is prolonged, and a greater number of 

cells have time to adhere to the ECM. Therefore, the channel geometry presented in Design 3 is easy 

to use.  
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Figure 6. (A) Confocal image of HUVEC in a 360-µm-wide channel stained with DAPI.; Scale bar: 80 µm; 

(B) A uniform layer of HUVEC in a 360-µm-wide channel, stained with fluorescently labelled VE-cadherin 

antibodies. Green fluorescence signal is observed in cell membranes and confirms proper cell-cell 

interaction formation in the device. Scale bar: 100 µm 
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Abstract 
In the past decade, the study of cellular behavior in microfluidic devices has rapidly developed and 

started to contribute to numerous research areas. Microfluidic devices have been applied to study 

the endothelium, in which their use allows the application of flow and the emulation of blood vessels. 

The endothelium is involved in many physiological events such as molecular trafficking between the 

blood stream and surrounding tissues, blood coagulation, and immunological response to 

pathological conditions. However, studies of the endothelium are often limited by the dimensions of 

in vitro systems, which poorly represent the (diverse) dimensions of blood vessels and thus flow 

conditions. In previous work (Chapter 3), we optimized microchannel geometry to allow the study of 

endothelial cells in channels with dimensions of 60 - 360 µm . The next step is to introduce shear 

stress in these channels, because endothelial cells in the body experience shear stress from flowing 

blood. The phenotype of the endothelial cells is influenced by such factors, as the cells align 

themselves with flow. These morphological rearrangements are executed by the cytoskeleton, while 

intercellular interactions are coordinated by membrane proteins. The aim of this work was to identify 

whether we can reproduce these changes in microchannels. In order to achieve this we applied flow 

(0 – 10 dyn/cm2) to microchannels of varying widths (80 – 360 µm) using a customized setup. We 

specifically looked at changes in the actin cytoskeleton, and the expression and distribution of several 

membrane proteins in human umbilical vein endothelial cells (HUVEC). We used confocal 

fluorescent microscopy to obtain high-resolution images for inspection. The molecules that were 

selected for this study have a proven responsiveness towards different shear stress levels. We could 

thus inspect both the influence of shear stress level and microchannel width on cellular structure. The 

results revealed differences in HUVEC behavior dependent both on applied shear stress and 

microchannel dimension. 

Keywords: Microfluidic cell culture, Microvasculature, Human Umbilical Vein Endothelial Cells 

(HUVEC), Shear stress, Confocal imaging  
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4.1. Introduction 

The endothelium is the one-cell thick layer barrier between the blood and the rest of the body. It 

constitutes a total surface of 7 m2 [1] which is spread out over blood vessels ranging in size from as 

small as 8 µm (in capillaries) to as large as 3 cm in diameter (in aorta) [1], [2]. Endothelial cells 

exhibit natural heterogeneity dependent on where blood vessels are located in the human body [3]. 

Endothelial cells also respond to cues from surrounding cells [4], local partial oxygen pressure (pO2) 

changes [5], [6], oxidative stress [7], [8], and pH alterations [9] which contribute to constant cellular 

adaptation to environmental conditions. The endothelium is important in different pathologies, such 

as coronary artery disease (aorta) [10] and diabetes-associated renal dysfunction (capillaries) [11]. In 

all cases, however, in vitro tests are generally performed with cells being cultured on the bottom of 

standardized wells. The dimensions of these wells, as well as the absence of flow, poorly represent 

the conditions in human blood vessels. The lack of these in vivo occurring stimuli might lead to 

differences between data obtained from in vitro endothelial cell culture research and in vivo studies 

on the endothelium [7], [8], [12]–[14].  

In order to address this discrepancy between in vitro and in vivo studies, there is a need for a versatile 

cell culture platform which allows modification of the cell culture environment. Recent research by 

Varma and co-workers has shown that the use of microchannels is in fact strongly correlated to 

cellular behavior, due to their operation in the laminar flow regime. However, in this work little 

attention was paid to the possible influence of the diameter of the channels on cellular behavior [15]. 

In Chapter 3 we have introduced an optimized channel geometry that allows the successful seeding 

of HUVEC in channels down to 60 µm, whereas other available microfluidic cell culture devices 

offer channels with a minimum width of 400 µm. Those are useful for studying large-vessel 

phenomena, but from a dimensional standpoint less suited to the study of human microvasculature 

(dimensions <100 µm) [14]. The latter is regarded as a physiologically dynamic structure involved in 

molecular trafficking, inflammatory response, and blood coagulation [16]–[18]. In this follow-up 

study we exposed HUVEC in microchannels (80 – 360 µm wide) to shear stress (0 – 10 dyn/cm2) to 

further approximate the in vivo situation in blood vessels. Previous research on the effect of shear 

stress on endothelial cells indicated that these cells are less prone to inflammation, which indicates 

the importance of this parameter. However, this research was carried out in devices with channel 

widths above 400 µm, thus those results are not immediately applicable to microvasculature [12], 

[14].  

In this study, the aim was to investigate the influence of (i) channel width and (ii) shear stress in 

different combinations on HUVEC. In the blood vessels these factors affect the phenotype of 

endothelial cells as well as the interaction between the cells. These phenotypical changes were 

visualized with immuno-histology and observed with confocal fluorescent microscopy. The cell 

morphology under different experimental conditions was visualized by staining of actin cytoskeleton. 

The intercellular interaction between neighboring endothelial cells was visualized by staining several 

membrane proteins (Vascular Endothelial Cadherin (VE-Cadherin), Zonula occludens-1 (ZO-1), and 

Platelet Endothelial Cell Adhesion Molecule-1 (PECAM) [19]–[25]). The function of these molecules 

and their relation to the blood vessels conditions are described in the Theory section below. 

4.2. Theory 

The conditions in human blood vessels have an influence on endothelium. These effects can be seen 

within the cells and in the interaction between them. Therefore both types of effects need to be 

visualized when trying to assess the influence of in vitro parameters on endothelial cells in newly 
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developed culture systems. Cellular changes can be related to cytoskeletal rearrangement, whereas 

intercellular effects are reflected in distribution of membrane and junctional proteins. This section 

addresses how the actin cytoskeleton and several membrane proteins are influenced by shear stress, 

which explains why they were chosen for this study. 

It was demonstrated that the endothelium is able to sense and discriminate between hemodynamic 

forces. Thus, the endothelial cell reaction to exerted forces influences both the cell layer integrity and 

permeability [25]. In vivo the endothelium has a certain permeability, which depends on the location 

and function of the blood vessel. Permeability of the endothelium is important for transport of 

molecules from the blood stream to underlying tissue. Therefore, high permeability of the 

endothelium is found blood vessels located in the organs, whereas the main arteries are less 

permeable. Permeability of the endothelium is regulated by cell the junctional proteins located in the 

membrane such as ZO-1 or VE-cadherin. Tight junctions are reduced in number and transcellular 

electrical resistance decreases when endothelial cells are isolated and cultured [19]. In static culture 

conditions, the permeability is lower than in in vivo and only upon the application of the shear stress 

does the permeability increases. While this is already evidence that shear stress in in fact important 

in in vitro cultures it does not take the localized and dimensional nature of in vivo endothelium into 

account. 

4.2.1. Actin 

Filamentous actin (microfilaments), as a part of the cytoskeleton, is sensitive to shear stress and 

responsible for morphological changes. The actin network connects internal cell compartments with 

each other and to the outer environment via adherent and tight junctions. It thus allows the cell to 

adjust its shape in response to environmental stimuli (e. g. shear stress) and to communicate with 

neighboring cells [26]. Most of the microfilaments in static in vitro cell cultures are localized just 

beneath the plasma membrane, where they provide mechanical support to the cell and enables cellular 

motion. In the presence of the shear stress, actin filaments elongate and distributed evenly throughout 

the cell, yet aligned with the direction of the flow.. In case of inflammatory stimulation in vitro, actin 

filaments can be transformed into contractile stress fibers which are distributed throughout, which 

resembles the situation after application of the shear stress in in vitro cell cultures [27]. Such 

adjustments to different physiological conditions demonstrate the adaptability of the cytoskeleton to 

the cell culture status. It is therefore a valuable parameter to monitor in the context of this work. 

4.2.2. VE-Cadherin 

The adherens junction protein selected for this study was Vascular Endothelial Cadherin (VE-

cadherin). This protein is located basally between two endothelial cells (Figure 1); an extracellular 

segment of the cadherin molecule extends into the intercellular space to seek contact with cadherin 

molecule from a neighboring endothelial cell [28]–[30]. The VE-cadherin connections are homophilic 

and regulated by calcium ions (Ca2+), the presence of which is necessary for the stability of the 

adhesive junction between neighboring cells [30]. Additionally, formed VE-cadherin junctions are 

required for the proper organization of tight junctions, however the molecular basis of this interaction 

is not completely understood [32]. The VE-cadherin junction is supported from the cell interior by 

the actin cytoskeleton via catenin proteins (Figure 1) [33]. Due to its junctional function, VE-cadherin 

is, involved in regulation of microvasculature permeability, in which the higher presence of VE-

cadherin-catenin complexes in the adherent junction is related to decreased permeability [28]. 

Furthermore, VE-cadherin is part of a junctional mechanosensory complex which mediates 

endothelial cell response to shear stress[34]. 
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4.2.3. ZO-1 

Endothelial-cell tight-junction proteins are required to create physical connections between adjacent 

cells. The groups of molecules responsible for the close connections between cells and composing 

tight junctions are claudins, occludins and junctional adhesion molecules (JAMs). These molecules 

are localized in the proximity of the apical side of endothelium (Figure 1) [23], [35], [36]. This group 

of proteins, orchestrates transport of molecules through the cell layer by tightening and loosening cell 

junctions depending on physiological stimuli [36]. Occludins undergo homotypic adhesion when 

linked to ZO-1 and link to the actin cytoskeleton either directly or indirectly through the proteins ZO-

2 and cingulin. [19]. Shear stress regulates the expression, organization, and membrane positioning 

of occludin and ZO-1 [37]. 

4.2.4. PECAM-1 

The endothelium is responsible for guiding transport of white blood cells, and one family of the 

molecular entities taking part in this process in blood capillaries are adhesion molecules (Figure 1), 

which enable contact between the endothelium and the white blood cell. Three major proteins 

involved in the process of cell adhesion to the endothelium are vascular cell adhesion molecule 

(VCAM-1), and the constitutively expressed intercellular adhesion molecule-1 (ICAM-1), platelet 

endothelial cell adhesion molecule (PECAM-1) [38]. Same as VE-cadherin, PECAM-1 is part of a 

mechanosensory complex in the junctions that senses shear stress exerted on the endothelium[34]. 

 
Figure 1. A schematic diagram representing an interstitial region between adjacent endothelial cells 

with tight and adherent junctions. Extracellular domains of tight junctional proteins like occludins, 

claudins and junctional adhesion molecules (JAM) make contact with tight junction proteins of 

neighboring cells. Their cytosolic parts are connected to Zonula occludens-1 (ZO-1), which is through 

a catenin molecule tethered to filamentous actin. Similarly, transmembrane VE-cadherin participates in 

homophilic interactions and is linked to F-actin through catenin. PECAM-1 is located both intracellular 

and in the cellular junction where it is a part of mechanosensory complex sensing shear stress. 
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4.3. Material and Methods 

4.3.1. Microchannel design and fabrication 

The detailed description of the microchannel design used in this study is presented in Chapter 3. The 

microfluidic chip consists of a 10-mm cell culture chamber and two 5-mm-long fluidic resistors 

located between the chamber and the inlet/outlet (Ø 1 mm) (Figure 2). The height of the channels is 

100 µm, and widths of the culture chamber in this work were 360 µm, 120 µm, and 80 µm. The 

associated inlet and outlet channels had widths of 180 µm (360 µm wide culture chamber), 60 µm 

(120 µm wide culture chamber), and 40 µm (80 µm wide culture chamber). 

  

Figure 2. (A) Schematic design of the microfluidic channel used in this experiment. Fluids are introduced 

in the inlet, and are guided through a fluidic resistor. The resistor then opens up into a cultivation 

channel where the endothelial cells are cultured. The narrow outlet-channel serves to create back 

pressure. As a result, cells are retained in the culture channel for improved seeding efficiency. (B) 

Photograph of a microfluidic chip (5 parallel channels) with 3D-printed reservoirs (green) mounted on 

top the of inlets and outlets to the microchannels. 

 

4.3.1.1. Master mold fabrication 

The master mold fabrication procedure was performed in a cleanroom. Microchannels with 

rectangular cross-sectional profiles were fabricated with SU-8 50 photoresist resin (MicroChem 

Corp., MA, USA) on borofloat glass wafers (Borofloat 33 wafers: diameter 100 mm; thickness 0.7 

mm; Handelsagentur Helmut Teller, Germany). SU-8 50 photoresist resin was spin-coated to a 

thickness of 100 µm with a spincoater CEETM (Brewer Science; MO, USA). The soft-bake step for 

the photoresist layer was performed on a hot plate (precision hotplate & program controller PR 5-3T: 

Harry Gestigkeit GmbH, Germany) with the following temperature program: (i) heating with a ramp 

of 1oC per minute from 20oC to 65oC, (ii) followed by 10 min heating at 65oC, (iii) then the photoresist 

was heated at a ramp of 1oC per minute from 65oC to 95oC, and (iv) exposed for 30 min to 95o C. 

After cooling down of photoresist to room temperature (RT = 20oC), the coated wafers were exposed 

with photoresist layer facing collimated ultraviolet light (365 nm, power: 250 mJ/cm2) (collimated 

UV light source, OAI, CA, USA) for ~25 seconds. The post-UV-light-exposure baking step was 

performed as follows: (i) heating with a ramp of 1oC per minute from 20oC to 65oC, (ii) 1 min 

incubation at 65oC; (iii) the photoresist was then heated with a ramp of 1oC per minute from 65oC to 

95oC, and (iv) heated for 10 min at 95o C. After cooling down the wafers to RT, they were developed 

for 15 min. in SU-8 developer (MicroChem Corp., MA, USA) until uncured SU-8 50 residues were 

washed away. To extend the lifespan of the master molds, developed wafers were silanized with 

hexamethyldisilazane (HMDS; Sigma-Aldrich Co Ltd, UK) for 30 min. under the vacuum. For more 

details, see Chapter 3. 

A B Fluidic resistors (5 mm) 

Cultivation channel (10 mm) 
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4.3.1.2. Microchannel replica molding in poly(dimethylsiloxane) (PDMS) 

Poly(dimethylsiloxane) (PDMS) (Sylgard 184, Dow Corning Corp., USA), a pliable silicone rubber, 

was employed for replica molding of microchannels, based on its optical transparency, solvent 

compatibility and the biocompatibility with selected biological model and solutions [39], [40]. 

Microchannels were obtained by casting PDMS monomer mixed with PDMS curing agent (Dow 

Corning Corp., USA) (PDMS elastomer : curing agent 10:1 (w/w)) on the SU-8 50 master mold and 

curing it at 62°C for 2h (approximately 70 g of PDMS per wafer, final thickness of the obtained 

PDMS chip was approximately 3 mm). 3D-printed frames were placed on the master, around the 

protruding SU-8 structures, prior to casting. This was done to aid in peeling off the PDMS rubber 

after curing and thereby extend the lifespan of the SU-8 50 master molds. The temperature for curing 

PDMS was lower than recommended [40], because the 3D-printed frames were made from polylactic 

acid, which becomes soft above 62°C. Holes for inlets and outlets were punched with biopsy punchers 

(Kai punchers; D-Care B.V., The Netherlands) with a diameter of 1 mm. The microchannels in PDMS 

were sealed irreversibly to glass coverslips (24 x 24 x 0.17 mm; Fisherbrand™ Borosilicate Glass 

Square Coverslips, Thermo Fisher Scientific) by exposure of both parts to oxygen plasma (30W; 350-

380 mTorr; 20 s) (Harrick Plasma Cleaner; Harrick Plasma, USA). Directly after plasma treatment, 

the microchannel structures were brought into contact with the glass coverslip and pressed against it. 

Irreversible bonding occurred after a few minutes. 3D-printed liquid reservoirs (polylactic acid, more 

details in Chapter 3) were attached to the chip over the punched reservoirs with silicon glue (Silicon 

Rubber Compound – Flowable Fluid, RS 692-542; The Netherlands). All steps performed after 

oxygen plasma treatment were performed in a flow cabinet to ensure chips were sterile for 

experiments. For more details on microchannel fabrication see Chapter 3. 

4.3.1.3. Gelatin coating protocol 

After PDMS bonding to the cover slips, a sterile solution of 1% porcine gelatin (Sigma code G9382; 

Sigma Aldrich Co Ltd, UK) diluted in a sterile and filtered phosphate-buffered saline (PBS; pH=7.4) 

(Sigma-Aldrich Co Ltd, UK) was introduced to the channels and incubated at RT for 45 min. 

Afterwards, cross-linking with 0.5% glutaraldehyde solution (Polysciences Europe GmbH, Germany) 

was performed in the microchannels. The reaction was carried out at RT for 15 (360-µm-wide 

channels), 10 (120-µm-wide channels), and 6 min. (80-µm-wide channels) (for more detail see 

Chapter 3). Next, the microchannels were rinsed three times (3x) with sterile PBS to remove possible 

residues of glutaraldehyde with 10 min. incubation at RT in between consecutive rinses. The last 

preparation step was chip conditioning with endothelial cell medium (EC medium; composition 

below) in a cell incubator (37°C, 95% air, 5% CO2) (Thermo, model 3111, USA) for approximately 

1h before cell seeding. During all the described preparation steps it is important to protect inlet/outlet 

of the channel from drying by depositing an extra fluid on top of them, otherwise air bubbles could 

be introduced in the channels. All the described steps are performed with a 1 mL syringe (Omnifix-

F B Braun, The Netherlands). For more details see Chapter 3. 

4.3.2. Flow system development 

4.3.2.1. Components of the system 

The system for medium perfusion through the microchannels consisted of a sterile syringe with Luer-

Lock (syringe volume: 20 mL; Omnifix B Braun B.V.; The Netherlands) filled with cell medium and 

installed on a syringe pump (Prosense Ne-1000; Prosense B.V., The Netherlands). A needle with luer 

lock (outer diameter 0.8 mm, Henke Sass Wolf GmbH, Germany) was connected to the syringe and 

its sharp end was inserted into piece of Teflon tubing (PTFE-tubing 1/16”OD; 0.8 x 1.6 mm [internal 

diameter x outer diameter]) (Polyfluor Plastics B.V., The Netherlands) (Figure 3) A metal cylinder 
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was attached to the other end of the tubing (outer diameter: 0.8 mm) was attached in order to facilitate 

connection of the tubing to the PDMS chip. The metal cylinders were obtained by cutting off 6 mm 

long pieces from needles (outer diameter: 0.8 mm) (Henke Sass Wolf GmbH, Germany) and polishing 

them with a sand paper prior the attachment in the Teflon tubes. Finally, the metal cylinders were 

inserted into the inlets/outlets of the microchannels. 
 

  

 

Figure 3. (A) An overview of the flow system applied in the experiments which consists of a syringe pump, 

tubing connecting the microfluidic chip with a syringe filled with cell culture medium and a waste 

container.(B) Enlarged view of a microfluidic chip connected to the system with tubing. The chip is mounted 

in 3D-printed holders to improve stability of the setup. 

 

4.3.2.2. Teflon tubing sterilization 

Teflon tubing was sterilized before and after every experiment with 70% ethanol (Sigma Aldrich 

B.V.; The Netherlands) for 30 min. Afterwards, three consequent rinses with a sterile PBS solution 

were performed. Sterilized Teflon tubing was stored in a sterile box prior to the application in the 

experiments. 

4.3.2.3. Flow setup  

Sterile syringes (20 mL) were filled with Lonza cell medium and pre-warmed in an incubator (95% 

air and 5 % CO2 at 37°C) (Thermo, model 3111, USA) for approximately one hour (1h) to equilibrate 

the temperature and dissolved gases. Afterwards, the Teflon tubes were connected to pre-warmed 

syringes with cell medium and mounted in the syringe pumps (Figure 4). The syringe pumps were 

programmed and set to apply flow with the desired shear stress in the microchannels and started 

before the tubing was connected to the chips. Prior to connecting tubing to the microchannels, it was 

ensured that cell medium had completely filled the tubing and all air bubbles were removed from the 

tubing. When the drop of excess medium was formed at the end of metal cylinder, the tubing was 

immersed in the 3D-printed reservoir with cell medium and positioned in the channel inlet. PDMS 

sealed around the metal cylinder to ensure leakage-proof connection, thus perfused medium travelled 

through the channel instead of upwards to the inlet reservoir (Figure 4). Afterwards, the outlet tubing 

filled with medium was attached to the chip and the free end was immersed in a beaker filled with a 

couple of milliliters of cell medium, which acts as a waste container for used medium. Disconnection 

of the system components was performed in reversed order (from the last step to the first) (Figure 4). 

  

A B 
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Figure 4. Schematic representation of tubing connection protocol to a microfluidic chip (steps 1 to 5).  

After the experiment tubing was disconnected in reversed order (from step 5 to step 1). 

 

4.3.3. HUVEC culture 

4.3.3.1. Culture conditions 

Cells, during all experiments, were cultured in Lonza cell medium (the composition is described 

below) in an incubator under 95% air and 5% CO2 at 37°C (Thermo, model 3111, USA). In parallel 

to all performed experiments in microchannels, cell culture in a standard 96-well-plate was carried 

out as a reference experimental setup.  

4.3.3.2. Cell medium  

Lonza EGM-2 MV medium (CC-3202) (Lonza Group Ltd., Switzerland) supplemented with 

BulletKit from Lonza (CC-3156 & CC-4147) (Lonza Group Ltd., Switzerland) was used for HUVEC 

culture. 

4.3.3.3. Cell culture in T25 bottles and cell harvest 

Lonza HUVEC (CC-2519) were cultured to confluence in T25 flasks for at least two passages prior 

to being seeded in the microchannels at UMCG Endothelial Cell Facility. For this work HUVEC 

between passages 2 and 5 were used [41]. HUVEC were removed from the T25 bottles by 

1 

4 3 

2 

5 
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trypsinization (0.05% trypsin solution in sterile PBS, 20 µL of trypsin solution per cm2 of cell culture), 

for approximately 2 min at 37°C, and collection in an Eppendorf tube. Next, the collected cells were 

counted in a Neubauer chamber, centrifuged (1800 rpm, 5 min.) (Rotina 48S, Hettich GmbH, 

Germany) and re-suspended in cold (4°C) Lonza medium to a concentration of 5000 cells/µL. 

HUVEC were kept on ice (4°C) until the seeding procedure. Before every cell injection into the 

microchannel, the cell suspension was gently shaken in the Eppendorf tube to re-suspend cells. This 

action ensured an even cell concentration in all injected suspension volumes. 

4.3.3.4. Cell seeding 

The chips were pre-warmed in the cell incubator and the channels were conditioned with medium for 

at least 1h. Suspended HUVEC were injected with an Eppendorf Research plus pipette (0.5 – 10 µL) 

(ref. number 3120000020; Eppendorf, Hamburg, Germany) into the chips at a concentration of 5000 

cells/µL. Injected cell volumes were experimentally optimized in Chapter 3 (Table 1). Approximately 

one hour (1h) after cell seeding, the channel was washed by flowing a volume of approximately 50 

µL of cell culture medium through the channel with a 1-mL-syringe to remove unattached cells, and 

devices were placed into the incubator for another two hours, in order to allow cells to firmly adhere 

to the surface and create cell-cell connections.  

Table 1. Cell suspension volumes with respective channels widths. 

Channel width µm 360 120 80 

Cell concentration cells/ µL 5000 

Injected volume of cell 

suspension per channel 
µL 8 6 4 

 

4.3.3.5. Flow application to the cell culture (programs and shear stress calculations) 

Approximately three hours (3h) after seeding the cells in the microchannels, the microfluidic chips 

were inspected under the microscope (DM-IL, Leica Microsystems, Wetzlar, Germany) and a 

confluency level was estimated. For the flow experiments, only microchannels exhibiting cell culture 

confluency above 80% were used. This level of confluency is demanded for flow application in 

microchannels to avoid damaging the cell culture [42]. After channel selection, flow was applied by 

connection of the syringe pump to the chip. For calculation of the flow rates required to obtain 

selected shear stresses during the experiments, Equation 1 was used. The obtained values of shear 

stresses are presented in the Table 2. 

Equation 1 [43]: 

𝜏 =
6 ∗ ƞ ∗ 𝑄

ℎ2 ∗ 𝑤
 

Q = flow rate in cm3/s 

ƞ = viscosity of Lonza EC Medium (ca. 0.0075 dyn * s/cm2) 

h = channel height (cm), 

w = channel width (cm), 

τ = wall shear stress (dyn/cm2) 

  



60 

 

Table 2. An overview of flow rates and corresponding shear stresses applied in the experiments. 

Shear stress (τ) 

(dyn/cm2) 

Applied flow rate (µL/min) in channel with the width of: 

80 µm 120 µm 360 µm 

0 0 0 0 

2 9.02 3.12 2.11 

5 23.04 7.68 5.33 

10 46.11 15.37 10.67 

 

In the experiments presented, HUVEC were cultured in microchannels under the shear stress of 

interest (0, 2, 5, 10 dyn/cm2) for a period of 20h. Afterwards, the flow was stopped, tubes were 

disconnected from the chips, cells were inspected under the microscope, and fixed in the 

microchannels before further experimental steps (protocols below). 

4.3.4. Imaging 

4.3.4.1. Cell fixation protocol 

PBS solution was autoclaved and filtered afterwards in order to ensure the removal of PBS crystals, 

the presence of which in microchannels would disturb good-quality image acquisition by scattering 

light and blurring the picture. For PBS filtration, the Millex-GP syringe filter unit (0.22 µm) from 

Merck Millipore (USA) was used. All the described steps were performed with a 1 mL syringe 

(Omnifix B Braun B.V.; The Netherlands). 

After 20h of HUVEC culture under shear stress, the cells in microchannels were washed with pre-

warmed to 37⁰C PBS. Immediately after, HUVEC were fixed in the microchannels by incubation 

with a solution of 4% paraformaldehyde (Sigma Aldrich Co Ltd, UK) and 4% sucrose (Sigma Aldrich 

Co Ltd, UK) in PBS at 37ºC for 3 min. The paraformaldehyde was used to fixate HUVEC by creation 

of cross-links between all encountered proteins. It thus inactivates the enzymes involved in energy 

metabolism, which results in cell death. The purpose of sucrose addition to the fixative solution is to 

ensure sufficient osmolality to fixed cells to prevent them from collapsing and membrane disruption 

during multiple rinses with different solutions. Afterwards, cell culture microchannels were washed 

three times (3x) with PBS with 5 min. incubations steps at 37ºC between consecutive washes. To 

facilitate the staining of intracellular molecules, the cell membrane was next perforated 

(permeabilized) with 0.3% Triton X-100 (Sigma Aldrich Co Ltd, UK) for 5 min at RT. The cells were 

then rinsed three times (3x) with PBS with 5 min. incubations steps at RT between consecutive 

washes. Next, a 5% bovine serum albumin solution (5% BSA) (Sigma Aldrich, UK) in PBS was 

introduced to the microchannels in order to block channel regions not covered by cultured HUVEC. 

This prevents non-specific antibody attachment to unoccupied surfaces, which will appear under the 

microscope as a false positive signal. Cell culture blocking with 5% BSA solution was performed at 

RT for a period of one hour (1h). Blocked microchannels were rinsed three times (3x) with PBS with 

5 min. incubations steps at RT between consecutive washes. HUVEC cultures fixed using this 

protocol were stored before start of the staining procedure for a period of up to two weeks at 4⁰C in 

PBS solution. 



Chapter 4 

61 

 

4.3.4.2. Cell staining protocol 

HUVEC cultures in microchannels were stained for selected membrane molecules (VE-cadherin, 

PECAM, and ZO-1) or actin cytoskeleton for a period of ninety minutes (90 min.) at RT. The list of 

staining reagents and dilutions is presented below (Table 3). Afterwards, three washing steps with 

PBS were performed with 10 min incubation periods between consecutive washes. To visualize cell 

nuclei, the 4',6-diamidino-2-phenylindole (DAPI) (Sigma Aldrich Co Ltd, UK) solution in PBS 

(1:150) was introduced to the microchannels. After a 10 min incubation with DAPI, three rinses with 

PBS were performed for every microchannel with a 1 mL syringe to remove the excess of DAPI 

solution. All the described steps were performed with 1 mL syringe (Omnifix B Braun B.V.; The 

Netherlands). The PBS volume used for every rinse was approximately 50 µL. 

For staining membrane proteins and the actin cytoskeleton, fluorescent staining methods were 

employed. Molecules with high selectivity for the biological targets were combined with a 

fluorophore. In this work, staining reagents with Alexa Fluor Alexa Fluor 488 or Alexa Fluor 594 

were used, which emit green or red fluorescent light respectively. All the applied staining reagents 

were directly combined with a fluorescent probe (Table 3), thus the staining reaction did not require 

secondary antibodies to visualize binding to cell molecules. By the application of the single-step 

staining, we reduced the number of operations performed in the microchannels. The photobleaching 

of fluorophores was reduced by injection of Prolong Gold Antifade Mountant (Thermo Fisher 

Scientific Inc., USA) into the microchannels before inspection under a confocal microscope. 

Table 3. Staining molecules with fluorophores combined with them. 

Reagents Fluorophore 

Max. 

Excitation 

[nm] 

Max. 

Emission 

[nm] 

Dilution Supplier 

Phalloidin AF488; AF594 490; 590 525; 617 1:100 

Thermo Fisher 

Scientific 

A12379; A12381 

VE-cadherin 

Antibody 
AF488 490 525 1:40 

Thermo Fisher 

Scientific 

53-1449-42 

PECAM-1 Antibody AF488 490 525 1:40 

Thermo Fisher 

Scientific 

MA5-18135 

ZO-1 Antibody AF594 590 617 1:40 

Thermo Fisher 

Scientific 

339188 

DAPI DAPI 350 470 1:150 
Sigma Aldrich 

D9542 

AF – Alexa Fluor 
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4.3.4.3. Imaging of the microfluidic cell cultures with confocal microscopy 

Imaging of stained HUVEC in microchannels was performed with the Confocal Laser Scanning 

Platform Leica TCS SP8 (Leica Microsystems, Wetzlar, Germany). For the acquisition of the images 

presented in this work, an immersion objective with magnification of 63 times was used [44]. Prior 

to sample positioning in the microscope holder, a drop of immersion oil (refractive index 1.4811 at 

23⁰C and 546 nm ) (Cargille immersion oil Type FF, Cargille Labs, USA) was deposited on the 

microscope objective. Afterwards, the microfluidic chip was mounted in the holder and brought into 

contact with the drop of immersion oil on the objective. Images were acquired with Leica Application 

Suite X (LAS X) software (Leica Microsystems, Wetzlar, Germany). To acquire images, caption 

spots were selected inside the microchannels, and scans of samples approximately 5 µm thick (±3 

µm) were acquired with a Z-step resolution of 0.5 µm from the bottom to the top of the channel. 

Therefore, every presented image is a composition of approximately 10 overlaid images (±6 images). 

Prior to each image acquisition LAS X software was used to automatically adjust signal saturation. 

Laser diodes with wavelengths of 405 nm; 488 nm, and 552 nm were used for sample excitation. The 

applied procedure was based on reference [45]. 

4.3.5. Image processing 

The acquired microscopy data was processed using Imaris software v 7.6.4 (Bitplane AG, Zurich 

Switzerland). The recorded data was uploaded to the Imaris program and displayed with the Easy 3D 

option. Afterwards, color saturation was checked for every color channel present in the image and 

adjusted with the purpose of removing over-saturated regions from the image. After the color 

adjustment, snapshots were taken of acquired images and saved in a Tagged Image File Format 

(TIFF). 
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4.4. Results and Discussion 

4.4.1. Flow system development  

We have developed a system which allows HUVEC to be cultured in channels as narrow as 60 µm 

(Chapter 3). The decreased size of the cultivation channel width means that a lower number of cells 

is required to obtain a confluent cell layer in the device. In turn, this means that there is less biological 

material available for the chemical analysis during or after the experiment. Therefore, in in vitro 

microvasculature research analysis is mostly limited to optical analysis. One advantage that planar 

transparent glass or silicone rubber devices offer is easy visualization of the micrometer-sized 

channels and their content by (fluorescence) microscopy. Moreover, microscopy encompasses a 

popular analytical methods for in vitro determination of induced changes in cells such as 

morphological adaptations, composition of cell membranes and their surface molecules (glycocalyx) 

or cellular junctions.  

4.4.2. Filamentous actin 

Figure 5 shows a reference experiment, in which HUVEC were cultured in a well plate, absent of 

flow, and Figure 6 shows HUVEC in our microchannels. It demonstrates how actin fibers respond to 

channel geometry and applied flows. The main observation is that the microfilaments align in the 

direction of flow. Additionally, threshold for actin responsiveness of the HUVEC to the shear stress, 

seems to be independent of the channels width. We found a shear stress of minimally 5 dyn/cm2 is 

required to induce actin fiber alignment. Actin fibers of HUVEC cultured on the well plate (Figure. 

5) look similar to the results obtained for the static condition (0 dyn/cm2) and the shear stress of 2 

dyn/cm2 (Figure 6), regardless of channel dimension. Our observations are in agreement with existing 

data about actin changes in HUVEC cultured under flow [46]–[48]. 

Our results indicate that shear stress has a more profound influence on microfilament alignment than 

channel geometry, at least in the tested ranges. Interestingly, we observed no formation of focal 

adhesion points in HUVEC cultures in the microchannels in the absence of flow. Focal adhesion 

points are spots with high, local concentrations of adhesion protein, which are meant to anchor the 

cells to the ECM. Unlike in the microchannels, focal adhesion point were found in the cultures in 

well plates (Figure 5). This observation indicates a possible influence of channel geometry on the 

distribution of adhesion proteins, connected to actin. An uneven distribution of these proteins would 

lead to the development of focal adhesion points, which suggests that the distribution of anchoring 

proteins in the cell membrane is more even in the microchannels cell culture. In a study by Esch et 

al., vinculin, which is an adhesion protein, was monitored with confocal fluorescent microscopy in 

endothelial cell cultures in microchannels. They observed a higher expression of vinculin and a more 

even distribution in microchannels in comparison with a well plate culture [49], which supports our 

findings. 
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Figure 5. Image of HUVEC cultured for 24h on a 96 well plate (diameter of the well was 5 mm). Actin fibers 

were randomly distributed in all directions within cell borders. Brighter spots (indicated with red arrows) 

are defined as focal adhesion points, where individual cells gathered adhesion proteins anchoring them to 

the ECM on the surface of the well [50]. Actin fibers stained by phalloidin are shown in green and cell 

nuclei stained by DAPI in blue. The scale bar in the bottom left corner is 30 µm long. 

 

Figure 6. Confocal images showing HUVEC cultures in channels with widths of 360 µm, 120 µm, and 80 

µm under different shear stresses (0, 2, 5, and 10 dyn/cm2) for a time period of 20h and stained for actin 

(green) and cell nuclei (blue). There is a noticeable increase in actin fiber alignment in the direction of the 

flow (blue arrows) for HUVEC exposed to shear stresses of 5 and 10 dyn/cm2. In the case of the first two 

flow conditions (0 and 2 dyn/cm2), microfilament distribution was similar to that observed in the static 

HUVEC culture in the well plate (Figure 5). Yellow bars show the microchannel walls, and the scale bar in 

the bottom left corner is 30 µm. Images of HUVEC cultures in 360-µm-wide channels were taken in the 

middle of the channel, thus side walls are not visible. 
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4.4.3. VE-cadherin 

In our study, we compared VE-cadherin localization between HUVEC cultured on the well plates 

(Figure 7) with HUVEC cultured in microchannels with different widths exposed to a range of shear 

stresses (Figure 8). We observed preferred localization of VE-cadherin in cell membranes for all 

culture conditions. However, for HUVEC cultured in channels of 80- or 120-µm-wide under static 

conditions or shear stress of 2 dyn/cm2, VE-cadherin was distributed unevenly across the cell rim 

(n=3). This effect was not observed in the well plate culture or channel of 360-µm-wide (n=3). For 

HUVEC in the microchannels of 120-µm-wide with shear stress of 5 or 10 dyn/cm2 (n=3) the 

distribution of VE-cadherin in the membrane was even (Figure 8). Data for 80-µm-wide channels 

with shear stress of 5 and 10 dyn/cm2 were not obtained. The reason for uneven VE-cadherin 

distribution is unclear, but might be related to a combination of the endothelial cell response to a lack 

of flow, and the microgeometry of the channel. However, the shear stress impact on cells in 

microchannels is visible and shows increased preference of VE-cadherin towards the membrane rim 

in narrower channels under higher shear stresses, whereas VE-cadherin distribution in HUVEC 

cultured in wider channels remained similar this from the well plate culture.  

 

 

Figure 7. Image of HUVEC cultured for 24h on a 96 well plate (dimension of the well was 5 mm). VE-

cadherin connections are showing cell membrane borders and connections between the cells. VE-cadherin 

is shown in green and cell nuclei in blue, scale bar in the bottom left corner is 30 µm. 
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Figure 8. Confocal images showing the HUVEC cultures in channels with widths of 360 µm, 120 µm, and  

80 µm under different shear stresses (0, 2, 5, and 10 dyn/cm2) for a time period of 20h and stained for VE-

cadherin (green) and cell nuclei (blue). For channels 120 µm and 80 µm wide and no shear stress or shear 

stress of 2 dyn/cm2, we observed uneven distribution of VE-cadherin in HUVEC membranes (red arrows).  

An even VE-cadherin distribution in cell membranes was observed for channels 360 µm wide independent  

of shear stress condition and for 120 µm wide channel under the shear stress of 5 dyn/cm2 and 10 dyn/cm2. 

Data from cells cultured in 80-µm-wide channels under shear stresses of 5 and 10 dyn/cm2 was not obtained. 

Yellow lines indicate the location of microchannel walls, and scale bar in the bottom left corner is 30 µm for 

all images. Images of HUVEC cultures in 360-µm-wide channels were taken in the middle of the channel, thus 

side walls are not visible. 

 

  

Not acquired Not acquired 
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4.4.4. PECAM-1 

We have investigated the influence of channel width and shear stress on PECAM-1 distribution in 

HUVEC. This molecule is specifically responsible for white blood cells arrest during diapedesis, or 

leukocyte migration across the endothelium [51]. Additionally, PECAM-1 expression in HUVEC is 

upregulated by a shear stress application to cultured cells [52]. Under normal conditions in cell 

culture, PECAM-1 is constantly redistributed within the cell membrane (Figure 9) until the moment 

of leukocyte adhesion. In the case of white blood cell adherence to the endothelium, homophilic 

connections between PECAM-1 molecules on the endothelial cell and leukocyte membranes are 

created, and transmigration of leukocyte between endothelial cells occurs [53]. As already mentioned, 

PECAM-1 has been shown to be responsive to shear stress [22], [54]. In addition, it was interesting 

to observe PECAM-1 responses to different shear stresses in channels with different widths. Our 

results show that an increasing signal intensity coming from PECAM-1 molecule focused in cell-cell 

connecting region as the magnitude of the applied shear stress increased in the microchannels (n=3 

per condition) (Figure 10). Application of the microscopy method does not allow a quantitative 

answer to be given to the question of whether the increased signal is a result of transcriptionally 

controlled PECAM-1 expression or protein gathering/accumulation in the junctional regions. 

Confirmation of this observation has to be obtained by independent quantitative methods (e.g. QRT-

PCR, ELISA, Western Blotting). 

 

 

Figure 9. Image of HUVEC cultured for 24h on a 96 well plate (dimension of the well was 5 mm). 

PECAM is concentrated in the regions of cell-cell connections. PECAM is stained in green and cell 

nuclei in blue; scale bar in the bottom left corner is 30 µm. 
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Figure 10. Confocal images showing HUVEC cultures in channels with widths of 360 µm, 120 µm, and 80 µm 

under different shear stresses (0, 2, 5, and 10 dyn/cm2) for a time period of 20h and stained for PECAM (green) 

and cell nuclei (blue). For the HUVEC culture in the channels we observed an increasing signal intensity coming 

from PECAM membrane localized in the cell-cell connecting regions with increasing shear stress applied to the 

culture. Yellow lines indicate the microchannel walls, and the scale bar in the bottom left corner is 30 µm. Images 

of HUVEC cultures in 360-µm-wide channels were taken in the middle of the channel, thus side walls are not 

visible. 
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4.4.5. ZO-1 

In this work, we stained Zonula occludens (ZO-1) which plays a crucial role in tethering other 

junctional proteins with actin fibers in the cytoplasm (Figure 1) and ensuring stability of the junction 

complex [23]. Thus far, data has been obtained for 360-µm-wide channels. These preliminary results 

show a stronger preference of ZO-1 in membrane regions of HUVEC in the well plate and the 

microchannel under static conditions compared to microchannels with flow (Figure 11 and Figure 

12). Data for 120- and 80-µm-wide channels were not obtained. 

 

 

Figure 11. Image of HUVEC cultured for 24h on a 96 well plate (dimension of the well was 5 mm). ZO-1 

proteins is concentrated in the regions of cell-cell connections. ZO-1 is shown in red and cell nuclei in blue, 

scale bar in the bottom left corner is 30 µm. 

 

 

Figure 12. Confocal images showing the HUVEC cultures in 360 µm wide channels under different shear 

stresses (0, 2, 5, and 10 dyn/cm2) for a time period of 20h and stained against ZO-1 (red) and cell nuclei 

(blue). Images of HUVEC cultures in 360-µm-wide channels were taken in the middle of the channel, thus 

side walls are not visible. Data from 120 µm, and 80 µm wide channels was not obtained, because of staining 

protocol incompatibility with the devices with given dimensions. 
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4.4.6. Conclusions and future direction of this research 

In this work we developed a continuous flow system for microfluidic HUVEC cultures in channels 

with varying widths. We confirmed the applicability of these devices for HUVEC under flow 

conditions with confocal fluorescent microscopy. We looked at cellular responses in terms of 

morphology and cellular interactions to different levels of shear stress and channel widths. Actin 

fibers aligned at increasing intensities in the flow direction and at a higher level of fiber organization 

than under static condition. This effect was observed for all tested channel widths. This indicates that 

HUVEC exposed to a shear stress exhibit more in vivo-like phenotype with regards to the actin 

cytoskeleton. The adherens junction protein VE-cadherin, was located at increasing densities of VE-

cadherin in cell-cell connections in HUVEC cultured under shear stresses above 5 dyn/cm2. While, 

the results indicate that channel dimensions also have influence on the distribution of VE-cadherin, 

more research is required in order to understand the underlying mechanism. Additionally, PECAM-

1, the adhesion molecule responsible for leukocyte arrest on endothelial surfaces, accumulated in cell 

junctional regions in HUVEC exposed to shear stresses of 5 and 10 dyn/cm2. This was observed in 

all tested channel widths. Finally, preliminary results suggest that ZO-1, which is involved in the 

formation and the maintenance of tight junctions, shows decreased localization in the junctions upon 

an application of shear stress in channels of 360 µm wide. More experiments are required to verify 

this observation. These combined results show that especially a shear stress has a profound effect on 

the localization and distribution of proteins in cell junctions, additional research is required in order 

to understand this behavior. 

For future work, it would be interesting to increase the level of applied shear stresses to simulate 

physiological situations in different types of blood vessels, as well as further decrease channel 

diameter. In addition to observations made with confocal fluorescent microscopy, gene expression 

studies (e. g. Q-RT-PCR) should be performed to obtain in depth information to understand HUVEC 

responses to different channel widths and applied shear stresses.  
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Chapter 5 

Localized optical monitoring of cellular micromotion through confluent 

endothelial cell layers 

Maciej Grajewski1, Patty P.M.F.A. Mulder1, Tjitze T. Veenstra2, Grietje Molema3,  

Elisabeth Verpoorte1 

1Pharmaceutical Analysis, Groningen Research Institute of Pharmacy, University of Groningen, The 

Netherlands 2LioniX B.V., Enschede, The Netherlands, 3Department of Pathology and Medical Biology, 

University Medical Center Groningen, University of Groningen, The Netherlands  

Abstract 
We present a new approach for real-time, non-invasive monitoring of cellular micromotion in 

endothelial cell cultures. This is achieved by directly introducing light into and guiding it through a 

cell layer. In this process, light is scattered by intracellular components and membranes. In a certain 

configuration, a certain amount of light will be scattered towards a collection point located in-plane 

with the cell layer and measured by a detector. The power recorded output serves as an indicator for 

a (patho)physiological status of the cell layer. As a result, any changes which occur due to physical 

or chemical cues from the environment in the cell layer will result in different cellular micromotion 

and thus different light scattering patterns which result in different output signals. The measured 

parameter, cellular micromotion, is caused in part by changes in the cytoskeleton and shifts of 

organelles in the cell cytoplasm in response to external stimuli (physical or chemical), and difficult 

to measure proportions. The observation of cellular changes is particularly important in the 

investigation of endothelial cells, as these changes can be an indication of the onset of endothelial 

dysfunction (i.e. onset of inflammation). 

Currently popular methods in in vitro research of endothelium require extraction of cellular 

components from the cell for tests, which encompasses cell culture destruction, and thus signifying 

the end of that experiment. Other methods that are available for the observation of changes in the 

cytoskeleton allow to monitor large groups of cells (entire cell cultures), whereas very often, it is 

interesting to investigate the interaction between small groups of cells. Better understanding of those 

cell-cell interactions could possibly reveal their mechanisms and dynamics. 

In this work, we propose a method which offers real-time monitoring of endothelial cell micromotion, 

and as a consequence this method provides researchers with detailed insight into cellular behavior 

before, during and after exposure to an experimental condition. Moreover, by avoiding the use of 

molecular labels, we eliminate the risk of these labels having an influence on the cells and their 

response to experimental conditions. Finally, the unique feature of the presented optical chip is that 

it allows probing of a few cells in the context of an entire cell layer. 

Keywords: Label-free, Real-time monitoring, Forward light scattering, Cytoskeleton, Human 

Umbilical Vein Endothelial Cells (HUVEC), Solid-state waveguide, Nanocuvette 
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5.1. Introduction 

In recent years, a lot of effort has been made to take a closer look at individual cell physiology and 

cellular responses to various environmental cues. The reason for this is that the variable responses of 

individual or rare cell types are often obscured by the measurement of the pooled response of the 

larger populations in which they reside. In endothelial research, understanding the behavior of 

individual or a limited number of cells within the context of an entire cell layer should provide 

valuable information when comparing healthy and inflamed endothelial cells, or in research on 

endothelial cell heterogeneity [1]. Analysis of a limited number of cells is inherently difficult when 

working with entire cell cultures, as the acquired information generally represents an average of the 

entire cell layer. Additionally, the stochastic nature of the (de)differentiation processes of cultured 

cells in vitro goes unnoticed during measurements with many of the currently available protocols, 

making our understanding of cell physiology incomplete [1]–[3]. Therefore, it is of great interest to 

have new technologies for investigating the heterogeneity of cell responses under well-defined 

chemical environments in a real time fashion. For this purpose integrated opto-microfluidic systems 

can be applied, as they provide such advantages for real time studies of in vitro cell cultures like low 

reagent consumption and the ability to work with limited numbers of cells [4]. However, methods for 

performing few-cell or single-cell analysis are limited, and the actual analysis generally occurs 

outside the cell culture. According to the majority of the analytical protocols applied in in vitro 

research, cells must be harvested and lysed before analysis can take place [5]. Therefore it would be 

beneficial to develop a new way of cell culture testing, which does not require termination of the 

experiment. The method currently employed for single-cell analysis is flow cytometry a technique 

which has greatly contributed to the screening of large cell populations, but is incapable of delivering 

an insight into cell-cell interactions within cell layers in real-time [6]. Detailed insight into cell-cell 

interaction in real-time can be obtained by introduction of reporter genes to tested cell cultures and 

their observation under a fluorescent microscope. However, with this approach we can monitor only 

one selected cell parameter (for example, the presence of a protein in the membrane tagged with a 

reporter molecule), and not the reaction of an entire observed cell culture to an applied variable [7]. 

A more detailed description and comparison of optical methods used for real-time analysis of a few 

cells is given in Chapter 2 of this thesis. 

The physiological parameter that actually can deliver real-time information about cell-cell 

interactions is cellular micromotion. Cellular micromotion is a phenomenon in which the morphology 

of individual cells constantly changes, which is caused in part by rearrangement of the cytoskeleton 

and shifts of organelles in the cell cytoplasm [8]. These changes in cell morphology can reflect the 

physiological status of the cell, for example endothelial cells under inflammatory condition tend to 

change their shape from cobblestone-like to a spindle-like shape (elongated) [9]. This motion, which 

occurs on the nanometer scale beyond the resolution of standard microscopes [10], depends on the 

biochemical status and metabolism of the cells, parameters which can be affected by external 

chemical and physical factors. Micromotion thus occurs as a result of cellular response to changes in 

environment, as they strive to maintain homeostasis. Being able to monitor real-time changes in 

micromotion non-invasively in cell culture as a result of chemical or other challenges to the cell layer 

may thus provide valuable insight into the cellular processes underlying these changes. As a result, 

this could contribute to a better understanding of endothelial disorders, where the onset of 

pathophysiological changes are related to cytoskeletal malfunctions [11]. 

Monitoring cell micromotion in adherent cell cultures requires an analytical approach to probe cells 

in the context of confluent layers. One early example employed impedance measurements to monitor 

endothelial cell layer micromotion [8]. More recently, optical approaches based on evanescent field 
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[12] or surface plasmon resonance (SPR) measurements [13] have been used, where cell cultures 

were probed for their motion behavior under changing culture conditions. In these studies, cells were 

grown on the surfaces of the optical devices. Cell layers were probed optically from underneath by 

light emanating up through the device surface. The cell culture areas that were probed in this fashion 

allowed one to measure e.g., differences in refractive indices between healthy and unhealthy cells. 

The above-mentioned methods can be applied for monitoring cell culture behavior in real-time, and 

thus enable the observation of dynamic cellular response to, for example, added pharmaceuticals. 

However, these methods probe larger groups of cells, without giving insight into the behavior of a 

few cells in a layer. The collected data always represent an average cell response from the entire cell 

population, and do not reflect the differences between cell subpopulations. Therefore, we developed 

a (reusable) optical chip which offers a solution to this issue and allows closer investigation of a few 

living cells in the context of a confluent layer and follow their response to the applied condition over 

time.  

This report presents a new, integrated optical device for monitoring cellular micromotion locally in 

small groups of cells (3-5 cells) in the context of much larger (thousands) adherent cell cultures. Our 

approach exploits nanoscale light scattering through a few cells cultured to obtain information on 

cellular micromotion. The optical device used in the experiments is based on a solid-state waveguide 

technology in which micrometer-wide, nm-thick, branched silicon nitride (Si3N4) structures are 

employed to distribute light to different regions on the chip. Nanocuvettes are formed by etching 

through the top silica layer and the Si3N4 waveguide, as shown in Figure 1. Light is introduced to the 

nanocuvette via the interrupted waveguide at one end of the nanocuvette (left side of Figure 1A). In 

the opposite wall of the nanocuvette, light can be collected by the waveguide again. Endothelial cells 

(human umbilical vein endothelial cells (HUVEC) in our case) seeded onto the surface of the optical 

chip will form a confluent layer that extends through the shallow nanocuvette (approximately 7 µm 

deep). Light is introduced into a confluent cell layer and forward-scattered to the interrupted 

waveguide at the other end of the nanocuvette. The collected portion of the light is registered by 

power meters and analyzed for changes in cellular behavior.  

 

Figure 1. (A) Schematic diagram of light scattering through a cell layer in a nanocuvette. HUVEC, the 

cells studied in this work, are thin around their periphery (ca. 200 nm) and thicker in the nucleus area (ca. 

1–2 μm) when adhered to a surface [14]. The nanocuvette has been etched down through the waveguide to 

about 100 nm below the waveguide layer and has a total depth of about 7 μm. This facilitates coupling of 

the light into the thin periphery of endothelial cells. Single-mode light (638 nm) is introduced into the cell 

layer from the left (waveguide represented as a red line). Most of the light is lost due to side scattering, the 

portion of light that reaches the other side of the cuvette is collected by the exit waveguide (red line).Since 

the dimensions of the waveguide and thus of the light beam are below the dimensions of a tested cells the 

measurement is not influenced by (molecules in) the medium above the cells. (B) The photo shows a top 

view of a nanocuvette containing HUVEC; the red, vertical lines indicate the location of the waveguides in 

the chip. The nanocuvette dimensions are x=100 μm, y=50 μm, and z=7 μm 
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Here, we propose a new label-free approach to record cellular micromotion using forward light 

scattering through a few cells being cultured in a much larger monolayer of HUVEC. With our newly 

developed method, it becomes possible to monitor cellular micromotion in a label-free fashion with 

visible light, which is coupled into a cell layer and collected directly from it. The method described 

below opens new ways for the observation of cell behavior in real time, under physiological 

conditions and of use to study responses of cells exposed to various chemical and physical cues (e. g. 

varying temperature conditions).  

5.2. Materials and methods 

5.2.1. The optical sensor design and technical details 
5.2.1.1. Chip design 

The optical chip has dimensions of 35 x 25 x 0.35 mm and is based on the TriPleXTM technology and 

consists of a layer of fused silica onto which waveguides (silicon nitride layers, Si3N4) have been 

deposited. Waveguides have been defined in the Si3N4 layer to guide light to and from a measurement 

site. The waveguides are 1 µm wide and 0.2 µm high, except for the regions with nanocuvettes, where 

the waveguide is 1 µm wide and 23 nm high. On top of the light waveguiding layer, another layer of 

fused silica is deposited. Figure 2A shows the layout of the branched optical waveguides. The 

measurement sites are essentially small cuvettes with dimensions chosen such that a cell layer at the 

bottom of the recess is at the height of the waveguide (vide infra Section 2.1.2.). Arrays of 

nanocuvettes are formed in the branched waveguides by removing the top silica cladding and Si3N4 

layers by Deep Reactive-ion Etching (DRIE) [15] (Figure 1 and Figure 2). The light is delivered to 

and collected from the optical chip with optical fibers arranged in fiber array unit (FAU). Fiber 

arrangement in FAU matches with the waveguiding structures deposited on the optical chip. 

Additionally, the optical chip-FAU interface has dedicated structures facilitating efficient light 

coupling into the chip and its collection from the chip (Figure 3). In the optical chip, taper structures 

were created which allow the efficient coupling of light to the optical chip from optical fibers and in 

reversed direction [16], [17] (Figure 3 and Figure 4). 

The TriPleX™ technology is a patented low-loss on-chip waveguide technology which allows for the 

control of multiple light parameters, such as wavelength, intensity, phase, mode size, polarization and 

input-output geometries, by deposition of the desired thickness of the silicon nitride layer in the 

designed shape. The technology is optimized for guiding light with wavelengths from 400 nm up to 

2000 nm.  
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Figure 2. (A) The optical chip layout with U-shape silicon nitride waveguides patterned on a fused silica 

substrate. Nanocuvettes are localized in the middle of vertical lines (green arrows). The optical chip has 

dimensions of 35 x 25 x 0.35 mm. Yellow blocks represent FAU which organize optical fibers in a 

matching order to silicon nitride waveguide structures on the optical chip (see 2.1.3). (B) Layout of the 

chip with bottomless wells (Ø 4 mm) molded in silicon rubber into which cells are seeded. The chip has 

4 vertical arrays of 4 U-shaped waveguides each, with nanocuvettes formed in the horizontal section of 

each U. The nanocuvettes are located at the center of the bottom of each well (the nanocuvettes are not 

visible in this figure, the location on of the four is indicated with the green arrow). Optical fibers fixed 

to the device with FAU (yellow box) introduce the light to the chip with a single 4-µm-core fiber located 

at the left of each FAU and the light is collected separately from every nanocuvette with 50-µm-core 

fibers on the right side of each FAU and delivered to a detector (not shown). Red arrowhead in the 

leftmost vertical array indicates how incoming light is split over the U-shaped waveguides (yellow 

arrowheads) (waveguides not to scale). 

 

 

Figure 3. Sketch of the interface between Fiber Array Unit (FAU) and the optical chip shows  

a connection between the optical fiber organized in the FAU to the silicon nitride waveguides. The blue 

blocks represent the entrance and exits from the silicon nitride waveguides. 
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5.2.1.2. Dimensions of the waveguides and cuvettes on the optical chip 

A single silicon nitride waveguide (inlet) is divided into four separate waveguides, each containing 

one nanocuvette in its horizontal branch (Figure 2). The nanocuvettes are areas where both the top 

silica cladding and the waveguide have been etched away. At this point, the dimensions of the 

waveguide entering and leaving the cuvette are 1 μm wide and 23 nm high comprising a point light 

source (Figure 4). One waveguide end plays the role of light in-coupler to the cuvette (and, 

straightforwardly, to the cell layer). The silicon nitride located at the opposite cuvette end is the 

waveguide out-coupler, collecting the light directly from a cell layer and guiding it to the end of the 

waveguide. All the presented results were obtained with the optical chips having nanocuvettes with 

pathlengths of 50 µm or 100 µm. 

 

 

Figure 4. A combined photonic/fluidic device based on a solid-state waveguide device (TriPleX, 

technology from LioniX B.V.), in which nm-thick silicon nitride (Si3N4) waveguiding structures are 

sandwiched between two fused silica layers (top and bottom cladding). A nanocuvette (100 μm wide, 50 

μm pathlength, 7 μm deep) is formed by removing the top silica cladding and Si3N4 layers by Deep 

Reactive-ion Etching. The waveguide (1 μm wide, 23 nm high) ends at the bottom of the left wall of the 

cuvette in Figure 2 and continues in the opposite right wall.  

 

5.2.1.3. Light source and detectors 

The NovaPro Laser Diode (638 nm, continuous wavelength, max. power output 75 mW) from RGB-

Lasersystems GmbH (Germany) was employed with an initial power input of 5 mW in all experiments 

performed with HUVEC. An APC/UPC connective optical fiber (Thorlabs GmbH, Germany) was 

installed on the laser via a light coupler, a mechanical element applied for optimization of the light 

coupling angle from the laser to an APC/UPC fiber attached to the optical chip. FC/UPC optical fibers 

(Thorlabs GmbH, Germany) were irreversibly attached to the optical chip. Light is coupled to the 

chip with an FC/UPC optical fiber (core Ø 4 µm) and collected for each cuvette separately with optic 

fibers (core Ø 50 µm). All fibers are arranged in a plastic structure (Fiber Array Unit, FAU) to 

facilitate proper light coupling into and collection from the waveguide structures on the optical chip 

(Figure 3). The light-collecting fibers were connected to PM100USB power meters from Thorlabs 

(400-1100 nm, working range: 1 nW - 20 mW, resolution: 100 pW). In the experiments presented, 

data was acquired at a frequency of 1 Hz. Collected signals were registered as power readouts with 

power meters and presented as a function of time. It is important to notice that the registered power 

values (tens of nanowatts) during a measurement are a small fraction of initially applied laser power 

(5 mW). This indicates how large the loss of light is due to light coupling from the optical fiber to the 

chip, and the interaction of the light with cells in the nanocuvette (light side-scattering) in the optical 

chip. We estimated that cells were exposed to the light with a power of approximately 2 mW at the 

entrance to the nanocuvette, based on the information obtained from [15] and [16]. 

Si
3
N

4
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In the developed optical chip it is possible to simultaneously monitor four nanocuvettes, but in our 

experiments we performed parallel data collection from three nanocuvettes, due to the fact thatwe 

had only three power meters at our disposal. A scheme of the experimental setup is presented in 

Figure 5.  

 

Figure 5. Schematic representation of setup components used in the experiments with the optical chip. 

Software (1) is used to control a red laser (2) from a desktop computer (9). The red laser unit (2) emits 

a light beam (5) with set power (mW). A cell incubator (3) maintains a stable cell culture environment. 

The optical chip (4) with HUVEC cells cultured on its bottom is placed in the incubator (3). Light emitted 

by the laser (5) is coupled into the optical chip (4) with HUVEC culture. The light after interaction with 

HUVEC culture (6) is collected separately per nanocuvette and delivered to individual power meters (7). 

The obtained data is registered by dedicated software (8) operated by the desktop computer (9). 

 

5.2.2. Protocols 

5.2.2.1. Optical chip preparation protocol  

A polystyrene incubation box with a lid (Greiner Bio-One International; GmbH, Germany) was 

adapted to contain the optical chip. A microscope holder was fabricated with a Felix v.3.0 (FELIX 

printers, de Meern, The Netherlands, nozzle diameter = 0.35 mm) in polylactic acid (polylactic acid 

filament, Form Futura, the Netherlands). SolidWorks (Waltham, MA, USA) was used to design the 

3D model of the holder for printing, which was then sliced using sFact/Skeinforge freeware. Repertier 

host freeware was used to control the 3D printer (Figure 6). 
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Figure 6. (A) The optical chip mounted in the adapted polystyrene box positioned in the 3D-printed 

holder matching a microscope used in the experiments. (B) The optical chip under the microscope placed 

in the 3D-printed holder. 

 

We designed and fabricated an experimental setup using wells (Ø 4mm; volume: ~50 µL ) into which 

cells were seeded (Figure 2B). The bottomless poly(dimethylsiloxane) (PDMS) (Sylgard 184, Dow 

Corning Corp., USA) wells were aligned in such a way that a single well is positioned above a single 

nanocuvette. The PDMS structure with the wells was kept in place using a clamping setup to prevent 

leakage. The advantage of this approach is that the optical chip can be easily cleaned and re-used, as 

the PDMS layer could simply be lifted off.  

5.2.2.2. Sterilization of the optical chips 

Chips were sterilized with 70% ethanol (Sigma-Aldrich Co Ltd., UK) for at least 5 min., then rinsed 

three times (3x) with sterile phosphate buffer saline (PBS, pH = 7.4, Sigma-Aldrich Co Ltd., UK). 

5.2.2.3. Coating of the optical chip with 1% gelatin 

One percent gelatin (1%) (Sigma-Aldrich Co Ltd., UK; product number G9382) solution in sterile 

PBS was injected into the wells and kept at room temperature (RT) for 45 min. The gelatin acts as a 

substitute for the extracellular matrix (ECM), which encourages endothelial cells to adhere to the 

surface. The gelatin deposited on the optical chip was cross-linked with 0.5% glutaraldehyde solution, 

prepared from a 25% stock solution of glutaraldehyde (Polysciences Europe GmbH, Germany) in 

sterile PBS. The reaction was carried out at RT for 15 min. Coated wells were rinsed twice with sterile 

PBS, with 10 min incubation at RT between rinses. The last step in chip preparation involved 

conditioning with endothelial cell medium (EC medium; composition below) for 1h in the cell 

incubator (Thermo, model 3111, USA) after which cell seeding was carried out. The first 

measurement in each experiment with the optical chip was performed to monitor the gelatin-coating 

in the nanocuvettes, with changes occurring in nanocuvettes during the gelatin-coating procedure 

being registered. 

5.2.2.4. Cell Culture 

5.2.2.4.1. Human Umbilical Vein Endothelial Cells 

Human Umbilical Vein Endothelial Cells (HUVEC, Lonza CC-2519) were cultured to confluence in 

T25 flasks for at least two passages before being seeded on the optical chip. Only HUVEC from 

passages between 2 and 5 were used for experiments. Preparation of HUVEC cultures for the 

B A 
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experiments was performed by Endothelial Cell Facility of University Medical Center in Groningen. 

HUVEC were harvested from T25 bottles by trypsinization (0.05% trypsin solution in sterile PBS; 

20 µL/cm2 of trypsin solution, Sigma-Aldrich Co Ltd., UK; product number 59418C), counted and 

resuspended in fresh EC medium at a concentration of 500 cells/µL (20 µL of cell suspension per 

well). After harvest, HUVEC were kept on ice until further use for a maximum time of 1h before the 

seeding procedure was carried out. The Eppendorf tube containing the cells was gently shaken to 

resuspend the cells before injection into a well located on the optical chip (Figure 2B). 

5.2.2.4.2. Cell medium composition 

Endothelial cell medium (EC medium) consisted of RPMI 1640 (Lonza Benelux BV, Breda, The 

Netherlands); endothelial cell growth factor (ECGF) (50 µg/mL isolated from bovine brain); L-

glutamine (2 mM; Gibco-BRL, Paisley, Scotland); heparin (5 U; Leo Pharm. Prod., Weesp, The 

Netherlands); K-penicillin G (100 IE/mL; Astellas Pharma Europe B.V., Leiderdorp, The 

Netherlands); streptomycin (100 µg/mL; Fisiopharm, Italy); and Fetal Calf Serum (FCS) (20% v/v; 

Hyclone, Perbio Science, Etten-Leur, The Netherlands). 

5.2.2.5. Experimental protocols 

In all the experiments presented, we applied the same cell culture protocol. The optical chips were 

conditioned with EC medium and warmed in the incubator (95% air, 5% CO2, 37°C) before injection 

of 20 µL of HUVEC suspension into the PDMS wells at a concentration of 500 cells/µL (10 000 cells 

per well). After cell injection, chips were placed in the incubator for 1h to allow HUVEC to attach to 

the optical chip. Unattached HUVEC were removed by gentle rinsing with fresh EC medium and the 

chips were placed in the incubator. The presence of attached HUVEC in the nanocuvette was 

confirmed with a Leica inverted microscope before and after optical measurement performed in the 

optical chip. All measurements were performed in the cell incubator, except when mentioned 

otherwise in the text. In each experiment, the signal arising from a confluent layer of resting HUVEC 

was compared to the signal obtained from a confluent HUVEC layer which had been controllably 

changed by, for instance, a chemical or temperature treatment. All experiments were performed in 

triplicates with different batches of cells at different time points. 

5.2.2.5.1. Monitoring of cellular micromotion with the optical chip 

The experiment was performed as described above (Section 2.2.5). Medium was refreshed 1h before 

each optical measurement. Measurements were performed before cell seeding, 24h after cell seeding 

and 48h after cell seeding, and lasted 1h 3 min. 

5.2.2.5.2. Monitoring of cell adhesion to the surface of the optical chip 

By cell adhesion we understand a process when cells settle and adhere to the chip surface. The 

experiment was carried out as described above (Section 2.2.5). Measurement was performed directly 

after cell injection into the wells located on the optical chip and lasted 1h 3 min. 

5.2.2.5.3. Monitoring of cell detachment from the optical chip 

The experiment was performed as described above (Section 2.2.5). Medium was refreshed 1h before 

the planned measurement. The measurement was started after 24h of cell culture in the incubator and 

after subsequent addition of medium with wortmannin (10 µM) to terminate HUVEC cultured on the 

optical chip surface. 

5.2.2.5.4. Monitoring of reversible inhibition of cellular micromotion at 4ᵒC with optical chip 

The experiment was performed as described above (Section 2.2.5). Medium was refreshed 1h before 

optical measurement. Measurement was performed after 24h of culture in the incubator, and lasted 
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3h. The first 45 min of the measurement were carried out with the device in the cell incubator. Next, 

the optical chip was placed in a box filled with ice, and data was recorded for another 1h. The 

temperature was controlled with a digital thermometer (Standard ST-9612 Thermometer) (AMECal 

Ltd., UK), and remained constant at 4ᵒC. Afterwards, the optical chip was placed back in the cell 

incubator and measurement was terminated after 3h in total.  

5.2.2.5.5. Monitoring of cellular micromotion with the optical chip for 24h 

The experiment was performed as described above (Section 2.2.5). Medium was refreshed 1h before 

each optical measurement. Measurements were performed before cell seeding, and after 24h of 

culture for a time period of 24h (without interruption). 

5.3. Results and discussion 

5.3.1. Establishment of the experimental protocol with the optical chip 

In this study, we demonstrate a new label-free approach to record cellular micromotion in real-time 

using forward light scattering through small groups of cells in monolayers of HUVEC. The concept 

of light propagation through cell layers has been demonstrated before by Yashunsky et al. [18], who 

showed that a confluent epithelial cell layer behaves as a light waveguiding material, albeit a leaky 

waveguide. However, this method was not label-free, because it employed genetically modified cells 

expressing a fluorescent marker, green fluorescent protein (GFP). Moreover, the experiments were 

performed with fixed cells, excluding this method as a way to monitor live cells in real time.  

In the first experiment with the optical chip, we monitored the gelatin-coating procedure. The purpose 

of this measurement was to confirm that the chip could register a stable light signal. As shown in 

Figure 7, we observed differences in the registered power outputs in each nanocuvette depending on 

the solution in the nanocuvette. Similar light scattering patterns were found in all nanocuvettes used, 

but the absolute light power outputs vary as a result of uneven light splitting on the optical chip and 

probably variable light coupling efficiencies at optical fiber-chip interface. The lower power 

intensities were observed for cuvettes located further from the FAU (Cuvette 2 was located closer to 

the FAU than Cuvettes 3 and 4) (Figure 7). 

 

Figure 7. Monitoring of a gelatin coating procedure performed with the optical chip. The graph shows 

the dependence of light intensity passing through the nanocuvette on the type of medium present in the 

cuvette. Air, as the medium with the lowest refractive index amongst those tested, did not transmit light 

very efficiently through the nanocuvette. Solutions of gelatin, glutaraldehyde, and PBS have similar 

refractive indices, thus similar power intensities were observed for light passing through these media.  
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In initial experiments, different light wavelengths (488 nm, 532 nm, and 638 nm) compatible with 

the TriPleXTM waveguiding technology were tested. The nominal power used in these experiment 

was 5 mW for every wavelength to assess which wavelength would be optimal for the following 

experiments. It is important to note that only a small fraction of the initial light power interacts with 

cells in the nanocuvette. Figure 8 shows that red light (638 nm) enables the most sensitive recordings 

of cellular micromotion, and the amounts of collected red light are sufficient for observation of 

cellular behavior (collected light intensities above detection limits of the power meter, which is 1 

nW). On the other hand, blue and green light did not reach the detector in sufficient amounts to yield 

information about the cell culture (Figure 8). 

Red light at a wavelength of 638 nm exhibits good penetration into living mammalian tissue and is 

harmless to cells at the administered dose (less than 2 mW), as if does not cause creation of free 

radicals in cells [19], [20]. Far less light was transmitted through the few cells probed at wavelengths 

of 488 nm (blue) and 532 nm (green). This is because various cell components, including DNA and 

proteins, absorb light with these wavelengths, and thus attenuate light propagation through cells at 

these wavelengths [20]. Moreover, light at these shorter wavelengths can adversely affect proteins 

and oxidize lipids [20]. To reconcile both biological and technological demands for this 

measurements, red light (638 nm) was chosen.  

 

Figure 8. Screening for an optimal wavelength for experiments with HUVEC. HUVEC were cultured for 

a period of 24h to achieve confluency. Afterwards, a series of forward-light-scattering measurements in 

the optical chip was performed, where HUVEC were monitored with different light wavelengths for a 

period of 1h. For this experiment, a Hyperion B Laser (XiO Photonics B.V., The Netherlands) was used, 

as it was able to emit light at three different wavelengths (488 nm, 532 nm, and 638 nm).The detection 

limit of used power meters, as mentioned by the producer is 1 nW and represented in the chart by a black 

line. 

 

The experiments, presented below, confirm that the signal observed was in fact due to forward light 

scattering, a phenomenon which manifests as light reflection by subcellular components and the cell 

membrane [21]. Furthermore, in experiments where this novel optical method was employed, it was 

possible to distinguish between resting HUVEC layers and HUVEC exposed to changing culture 

conditions, due to observed changes in recorded signals for HUVEC under different experimental 

conditions.  
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5.3.2. Cellular micromotion 

We hypothesize that the cell signal can be explained by the constant movement of cell membranes 

due to the shifting of cytoskeletal components. This causes light scattering sites in cell membranes, 

cytoplasm and nuclei to continuously shift position with a corresponding variation in collected light 

intensity. As presented in the introduction, cellular micromotion can result from changes in 

cytoskeletal structure resulting from a change of cellular shape [8], [22]. Cytoskeletal changes are 

dependent on the biochemical status of the cells, e.g., constant actin polymerization and 

depolymerization is a naturally occurring action which contributes to cell micromotion. As a first 

proof that the signal recorded by the optical chip in the presence of HUVEC layers was indeed due 

to cellular micromotion, the signal was recorded both in the presence and absence of cell layers. 

HUVEC were cultured under standard conditions. The signal in Figure 9 was recorded using a 

continuous wavelength laser diode (638 nm), first for the gelatin-coated nanocuvette filled with cell 

medium before introduction of cells, and subsequently for cell layers after 24 h and 48 h after cell 

seeding. The intensity-time plots recorded for HUVEC fluctuate stochastically over a 1-h 

measurement period at 24 h and 48 h in the culture, in contrast to the signal recorded for medium-

filled nanocuvettes. Hence, the presence of cells in the nanocuvette led to the recording of a different 

optical signal than when no cells were present.  

 

 

Figure 9. Light intensity-time plots for the same nanocuvette, without cells, and the same cell culture at 

24 h and 48 h after cell seeding from four consecutive and independent experiments performed with the 

same optical chip. In this experiment HUVEC were used. Blue and red traces represent changes in signal 

amplitude obtained from light scattering measurement for HUVEC over time, whereas the black trace 

represents a gelatin-coated well filled with cell culture medium. Each time the collected light scattering 

signals exhibited similar stochasticity in terms of signal amplitudes. For more results see Appendix. 
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5.3.3. Cell seeding 

We then performed an experiment to test the ability of the method to monitor signal changes during 

the process by which HUVEC attach and form confluent layers in the nanocuvettes. Cell suspensions 

were injected into the PDMS wells to allow formation of confluent layers in the nanocuvettes, after 

which the optical chip was placed in the incubator. The scattered light intensity was recorded for 

about 1 hour just after injection of HUVEC suspension into the PDMS wells (Figure 10). The 

collected data appear to show that HUVEC need approximately 35 – 40 minutes to adhere to the 

gelatin-coated surface and form a monolayer. This is in agreement with observations made by others 

(Molema Lab, UMCG, The Netherlands) and our lab, that the start of cell adherence is generally 

observed under a microscope about 30 minutes after cell introduction to channels or well plates (data 

not published). This result suggests the possibility of real-time monitoring of cellular processes like 

cell adhesion.  

 

 

Figure 10. The signals recorded for about 1h starting from HUVEC injection onto the optical chip are 

shown on the left. Thirty five (blue trace) and forty (red trace) min after cell introduction to the PDMS well 

(t = 0 min), the rapid fluctuations of the signals became slower, and the recorded signal resembled that 

obtained for adhered and confluent HUVEC layers (black arrows) after this time. Hence, it is possible to 

distinguish between a settling cell suspension and a confluent cell layer. The black line represents a blank 

measurement made in parallel with cell seeding for a coated nanocuvette filled with medium only to 

monitor stability of an setup. The attached photo (right) shows a newly formed confluent HUVEC layer on 

the optical chip taken after the optical measurement (t = 60 min after cell seeding). Magnification 20x. 

For more results see Appendix. 

 

5.3.4. Cell death and detachment from the optical chip surface 

In order to determine if cells are indeed guiding light, a HUVEC layer was exposed to wortmannin 

solution (10 µM) (Figure 11). Wortmannin is a covalent inhibitor of phosphoinositide 3-kinases 

(PI3Ks), an enzyme family involved in, among the other functions, the phosphorylation of proteins 

responsible for changes in the cytoskeleton as a reaction to environmental cues [23]. Introduction of 

10 µM wortmannin, is considered to be a lethal concentration for HUVEC [23], at time = 0 minutes 

caused a rapid decrease in light intensity, which flat-lined at a low value after 30 min (Figure 11). 

HUVEC death was identified as a rapid signal fluctuation between the 15th and 30th minute of light 

measurement (Figure 11, green box), and was followed by cell detachment from the bottom surface 

of the nanocuvette before the visual inspection under a microscope (Figure 11, blue arrow). As a final 

consequence, the cell layer was destroyed and the path for the forward scattered light through the 
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cells was disrupted. The recorded signal after this point resembled that of the control (gelatin-coated 

nanocuvette filled with cell medium), acquired for a nanocuvette containing no cells. 

 

Figure 11. Light intensity-time plots for a 50-µm-wide nanocuvette before cell seeding (black trace), and 

2 h and 24 h after cell seeding. Light intensity was recorded for a total time of 60 min in each case. The 

red trace was recorded for HUVEC before treatment with wortmannin (2h after cell seeding); the violet 

trace was recorded for the same HUVEC culture after 24h and addition of wortmannin solution (10 µM) 

in cell medium at t=0 min. This high concentration of wortmannin was toxic for the cells, and resulted 

in cell death after 30 min (green box and arrow), followed by cell detachment from the surface (blue 

arrow). The black trace, obtained in the cuvette before cell seeding, is included for comparison. For 

more results see Appendix. 

 

5.3.5. Reversible inhibition of cellular micromotion at a temperature of 4ᵒC 

Having established that the forward-scattered light signal differed for nanocuvettes with cells to those 

without cells adhered to the chip surface, we set out to establish cellular micromotion as the cause of 

signal fluctuation over time in a single experiment. A reversible inhibition of cellular micromotion 

was achieved by cooling down a HUVEC culture to 4ᵒC during a forward light scattering 

measurement. The decrease in temperature results in temporary inhibition of enzymatic activity [24]. 

Additionally, the fluidity of the cellular membrane is also decreased at lower temperature [25]. 

Together, these effects will lead to decreased cellular micromotion [25], and thus decreased shifting 

of scattering sites (cell membrane, intracellular components). A decreased light scattering amplitude 

in registered signal is the expected result. The data presented in Figure 12 were obtained for the 

optical chip with a confluent layer of HUVEC placed on ice (4ᵒC), and indeed, reduced signal 

amplitude was observed. The effect was reversible, and signal amplitude recovers once cells are 

warmed up again in the incubator to 37ᵒC and metabolic processes resume. This simple experiment 

confirmed our hypothesis that we were observing cellular micromotion. 
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Figure 12. HUVEC were cultured for 24h in a nanocuvette prior the optical measurement. The cells were 

then interrogated for 3 hours with the red laser (638 nm). In the first 45 minutes of the interrogation,  

the device was situated in an incubator (37ᵒC), and HUVEC micromotion caused the expected signal 

fluctuation. The chip was then placed on ice (4°C, blue box), and signal fluctuation decreased substantially. 

After placing the device back in the incubator, the recorded signal resumed its previously observed 

fluctuation almost immediately after placing cells back into the cell incubator. Photo A represents the 

situation in the endothelial cell culture before the measurement, whereas photo B shows the HUVEC after 

the measurement, images confirm HUVEC presence in the nanocuvette before and after the measurement. 

Images were taken with a magnification of 20x For more results see Appendix. 

 

5.3.6. Real-time monitoring of HUVEC for 24h 

The next step was to check whether our approach could be used for long-term cell culture monitoring. 

To achieve this aim, the experiment on the optical chip was conducted according to the developed 

protocol. After overnight incubation, a confluent cell culture was submitted to a 24h-period of signal 

recording; the collected data are presented in Figure 13. Cell observation after the 24h measurement 

did not reveal any negative effects on cell culture caused by long term exposure to red light (638 nm). 

This observation was based on visual inspection under the microscope of HUVEC after the 24h light 

scattering measurement with the optical chip. Therefore, we conclude that it is possible to perform 

long term (up to 24h) real-time measurements with HUVEC cultured on the optical chip. This opens 

up a new way, for example, of monitoring drug effects on micromotion of cultured cells without the 

need for cell culture termination [26]. Thus in the future, this optical chip might become an alternative 

to end-point analysis, if we can find a method for data analysis for obtained signals. 

A 

B 
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Figure 13. HUVEC were cultured on the surface of one device until a confluent layer was formed.  

The cells in the nanocuvettes were then interrogated for 24 hours with the red laser (638 nm). Blue and 

red trace each represent signals obtained for two independent nanocuvettes with HUVEC, while  

the black trace shows data collected from a gelatin-coated well filled with cell medium (control well). 

It is clearly visible that in a 24h period HUVEC exhibited constant micromotion. Photos A (for the red 

trace) and B (for the blue trace) show viable HUVEC cultures from two nanocuvettes after 24h 

measurement. Photos were taken with magnification of 10x. 

  

A B 



Chapter 5 

93 

 

5.4. Conclusions 

The aim of this research was to develop an optical tool for monitoring cellular behavior, and thus 

contribute to real-time monitoring of cell culture experiments. This was achieved by fabrication of an 

optical chip with integrated waveguides, with which it is possible to inject red light into and collect 

from a cell layer. The light was injected into the cell layer at a specific site, inside a nanocuvette. The 

signal is then collected in the form of forwardly scattered red light and delivers information about 

cellular motion and its dynamics in a real-time fashion. It was possible to distinguish between 

HUVEC cooled to 4⁰C and normal HUVEC culture at 37⁰C by comparing the light intensity 

recordings for both conditions. A significant reduction of light intensity fluctuation at 4⁰C was 

ascribed to impaired cellular micromotion resulting from cells being inactivated at this temperature. 

This method thus represents an innovative, label-free approach to monitor cellular micromotion in 

HUVEC, as it allows non-invasive monitoring of cellular behavior by direct coupling of light into a 

cell layer from an integrated waveguide and its subsequent collection from the layer by a second 

waveguide. In turn, these experiments show that there are possibilities in applying this tool for 

example in the observation of drug effects on cell cultures. The unique aspect of our method and the 

experiments in this Chapter, is that all the traces that are shown give information about just a few 

cells, which are growing in the nanocuvette, yet are part of a much larger, confluent cell layer. 

5.4.1. Data analysis 

The data obtained in the presented experiments exhibit recognizable trends in collected forwardly-

scattered light signals, that can be ascribed to specific biological phenomena occurring in tested cell 

cultures. However, to fully explore the potential of the device, we need to develop a method for data 

analysis to understand what information is contained in the recorded data with respect to actual cell 

status. Currently, our approach is applicable only when both the biological effect and the time of its 

occurrence are known from the literature, upon exposure to a stimulus. This means that we can 

correlate effects that we can observe visually to signal trends observed in the light intensity trace. 

However, if an unpredicted effect takes place, we are not yet capable of identifying the nature of that 

event from the light intensity-trace alone. In order to unlock the full potential of this method, analysis 

protocols need to be developed and integrated. However, this is beyond the scope of this work. For 

now, we base our interpretation of results on the observation of signal trends and relating them to 

phenomena described in the relevant literature. 

5.4.2. Potential of method and future outlook 

The optical chip represents a novel approach for probing cells with visible light (red light), because 

it allows light to be coupled into sub-µm-high cell layers and signal collection specifically from 

probed cells. This is achieved by exploitation of scattered light on the nanoscale from just a few cells. 

The collected signal delivers information about the status of the cell layer, which might be monitored 

in real-time and immediately translated to information about the health status of a cell culture [27]. 

The developed device can combine a microfluidic approach with optical interrogation of living cell 

cultures to gain information about their health status under conditions as close as possible to 

physiological conditions by application of a flow of medium, which makes this method potentially 

powerful in future applications. This can be achieved by integration of, for example, microchannels 

to recreate a shear stress from blood vessels in experiments with endothelial cells. 

The developed method makes it possible to take a closer look at cellular processes related to changes 

in the cell status in a real-time fashion. This opens a new route to label-free sensing and might 

compete with published methods, because our approach, in contrast to an impedance method, is 
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capable of probing very small numbers of cells [8], [22]. Due to the applied technology it became 

possible to test a few cells and monitor their response to physical and chemical cues. Future 

experiments will exploit the possibility of application of the optical chip in drug effect monitoring in 

real-time. The optical chip was designed in such a way, that it can be applied to experiments with all 

adherent cell cultures, and culture conditions might be easily modified depending on a cell culture for 

better resemblance of the in vivo situation by, e. g., application of flow. 

The optical chip facilitates the monitoring of the biophysical processes occurring in a sampled cell 

layer, and the interpretation of the collected data will have to be supported by other results obtained 

with already existing methods (Q-RT-PCR, protein assays or confocal microscopy). Therefore, future 

work will attempt to correlate data obtained from the optical chip with molecular methods to assess 

changes in the living cell under different experimental conditions. We believe it should be possible 

to use this device to monitor biochemical processes which have been already observed using different 

biochemical methods. 

The novel photonic method can significantly contribute to a number of label-free assays, where 

cellular behavior and the cellular response to numerous physical and chemical factors are of interest. 
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Appendix 

Figure A1. Additional light intensity-time plots for the same nanocuvette, without cells, and the same cell 

culture at 24 h and 48 h after cell seeding from four consecutive and independent experiments performed with 

the same optical chip. 

 

 

Figure A2. Additional light intensity-time plots recorded for about 1h starting from HUVEC injection onto the 

optical chip  . 
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Figure A3. Additional light intensity-time plots recorded for a 50-µm-wide nanocuvette before cell seeding 

(black trace), and 2 h and 24 h after cell seeding. Light intensity was recorded for a total time of 60 min in 

each case. The red trace was recorded for HUVEC before treatment with wortmannin (2h after cell seeding); 

the blue trace was recorded for the same HUVEC culture after 24h and addition of wortmannin solution (10 

µM) in cell medium at t=0 min. 

 

 

Figure A4. Additional light intensity-time plots recorded for the experiment where HUVEC were exposed on 

the temperature of 4⁰C for a certain period of time. 
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Chapter 6 

Localized optical monitoring of cytoskeletal changes in confluent endothelial cell 

layers upon exposure to xenobiotics  
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2 Pathology and Medical Biology, University Medical Center Groningen, University of Groningen;  
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The Netherlands 

Abstract 
In this work we monitor changes in the cytoskeleton of endothelial cells as a result of exposure to 

xenobiotics in real-time. For this, we employ an optical chip for cell cultivation, which utilizes 

forward light scattering through living cell layers to record cellular micromotion in a label-free and 

non-invasive fashion. The motion of a cell is a consequence of constant cytoskeletal rearrangements, 

which inherently occur, and are influenced by chemical and physical changes in its environment. 

These cytoskeletal rearrangements lead to displacement of internal cell components, as well as to 

morphological changes of the entire cell, which is referred to as cellular micromotion. Any 

component of the cell has a substantially different refractive index than the cytoplasm, and therefore 

serves as a light-scattering site. Therefore, even the smallest conformational change or internal 

rearrangement strongly affect the path of photons traveling through the cell. Therefore, the fraction 

of the light entering cells that actually leaves the cells at the other end is determined by those factors 

and fluctuates as the cell continuously rearranges itself. By monitoring the fraction of light that leaves 

the cells in real-time, we can indirectly measure cellular micromotion. 

The goal of this work is to gain a better understanding of how cytoskeletal changes affect the recorded 

signals. For this purpose, two drugs that are known to affect the actin cytoskeleton were used for this 

purpose, namely latrunculin A and jasplakinolide. Latrunculin A promotes actin fiber 

depolymerization, resulting in a more ‘fluid’ cytoskeleton, whereas the addition of jasplakinolide 

results in stabilization of the actin cytoskeleton rearrangements. Endothelial cells were cultured on 

the optical chip to confluency, after which they were exposed to the xenobiotics. These experiments 

were also performed off-chip and the cultures were stained and imaged with confocal fluorescent 

microscopy as controls. The specific changes in response to the xenobiotics that were observed under 

the microscope could be successfully correlated to specific patterns in the recorded signal with the 

optical chip. After addition of latrunculin A we observed dominant presence of globular actin in the 

cytoplasm after 30 - 60 min after exposure, which was seen in the optical trace at this time as a rapid 

drop of the signal. After addition of jasplakinolide we observed dominant presence of filamentous 

actin in the cytoplasm after 45 – 60 min after exposure, which in the optical trace led to stabilization 

of the signal. These experiments prove that we can monitor cytoskeletal changes in real time and 

correlate them with events induced by chemical stimuli.  

Keywords: Micromotion, Label-free, Forward light scattering, Integrated waveguides, Cytoskeletal 

rearrangement, Human Umbilical Vein Endothelial Cells (HUVEC) 
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6.1. Introduction 

In the past decades, we have seen a steady decrease in the number of new pharmaceuticals are being 

brought to the market, while the costs and time investment per new drug have increased substantially 

($1bn and 10 years before a drug is available for patients [1], [2]). A major reason for the latter is the 

fact that the process of testing a new drug has become complex, as questions about its mechanism of 

action, drug metabolism, and tissue recovery after drug application have to be addressed [3]. In the 

early stages of development, a new drug is tested on cells in vitro, which provides us with information 

about drug effects . In vitro testing allows relatively quick and cost-effective assessment of numerous 

drug candidates. However, the extraction of protein or genetic material from the cultured cells, and/or 

imaging of the effects of drugs with molecular methods generally require the termination of the 

experiment (and thus the culture) [1], [2], [4]. Although such approaches deliver precise information 

about the cells at the moment of culture termination, they give little insight into prior metabolic and 

pharmacological events. Currently, such data is still obtained by setting up a number of parallel 

experiments under the same conditions and collecting samples at arbitrary intervals for analysis. Data 

obtained in this manner only give an estimate of the timescale of when the tested drug starts to affect 

cells and how long this effect is maintained [5].  

Furthermore, the total number of experiments that need to be performed increases with the number 

of time-points tested, resulting in larger investments of time, labor and money. If we could create an 

experiment in which the influence of a new chemical species was assessed without resorting to end-

point analyses, the potential for additional data acquisition would be substantial. Furthermore, 

tracking cellular response in real-time would provide a more precise timescale for drug effects, as 

well as a deeper understanding of cellular behavior (both intra- and intercellular) upon drug addition 

to the cell culture.  

There are techniques that in fact allow real-time monitoring of cell cultures. Microscopy is the most 

widely implemented technique, but generally requires the use of molecular labels (e.g. fluorescent, 

chemiluminescent) to detect cells or molecular processes. Another recent development, dynamic mass 

redistribution monitoring technique, involves the use of an optical sensor; cells are cultured on the 

sensor surface, and changes are registered in refractive index resulting from changes in the total mass 

(e. g. internalized vesicles) [6], [7]. Another label-free sensing approach involves impedance 

measurements of the cell layer, the permeability of which can be affected by e.g. drug application to 

the cell culture [8]. Sensor-based measurements such as these are inherently label-free, and as such 

are experimentally simpler to perform. Importantly, possible concerns with respect to the molecular 

labels interfering with cellular biochemical behavior are eliminated. However, both label free 

methods provide information about specific processes and are therefore not as broadly applicable as 

microscopy. Furthermore, these methods provide an average signal for the entire cell culture [7]–[9].  

In this study, we employed an optical chip, which allows real-time and label-free monitoring of a few 

cells (3 – 5) sampled within a much larger confluent layer. This chip is described in detail in Chapter 

5. We chose to work with endothelial cells (human umbilical vein endothelial cells, HUVEC), which 

form a monolayer and serve as a biological model of the inner cell layer lining human blood vessels. 

Real-time monitoring of endothelial cells can be executed by monitoring of the cytoskeleton, of which 

the basic functions are to maintain cellular shape, support cell-cell connections, transport of 

molecules, and facilitate cellular motion [10]–[12]. The main constituent of the cytoskeleton is actin 

filament, which is constantly rearranging itself, and thus the entire cytoskeleton, in response to 

changes in environmental conditions, which contributes to a process known as cellular micromotion 

[13]. Cellular micromotion is defined as the constant changing of cell morphology. Impaired cellular 
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micromotion is often an indication of pathophysiological conditions in cell cultures [8], the onset of 

which might be reflected in the modification of the cytoskeleton. Being able to relate the status of the 

cytoskeleton in real-time to different external stimuli would provide us with detailed and valuable 

insight into how, when and where this response takes place. The analysis of micromotion is performed 

by guiding light through small groups of cells in the cell layer, which are located in a nanocuvette 

formed by etching in the supporting chip surface. Light at a wavelength of 638 nm was used, as this 

is not absorbed by cells, but only scattered [14], and the transmitted light was recorded. Effectively, 

the method measures how much light is forward scattered, a parameter which depends on the cellular 

status and internal distribution of cellular compartments and components [14]. Our approach is 

distinctive from those currently available in that it exploits scattering of light propagated through only 

a few cells, rather than an entire layer, to obtain information on cellular micromotion. Importantly, 

we demonstrate that micromotion can serve as a readout for changes in the cytoskeleton, which we 

induced by using two drugs known to affect the actin cytoskeleton. One of the drugs, latrunculin A, 

acts as a cytoskeletal decomposer by blocking the polymerization of actin fibers [15], [16]. The 

second drug, jasplakinolide, acts as an accelerator of actin polymerization, thus driving the balance 

between filamentous and globular actin to shift toward a filamentous form [16], [17]. 

6.2. Material and methods 

6.2.1. Experimental setup 

6.2.1.1. Optical chip design 

The optical chip employs TriPleX integrated waveguide technology [18], [19] and allows light 

introduction to the adherent cell layer (Figure 1A). The optical chip is described in detail in Chapter 

5 of this thesis. In short, a nanocuvette was formed by etching down through the top silica layer and 

a silicon nitride (Si3N4) waveguide to approximately 100 nm below the waveguide layer. This cuvette 

had a total depth of about 7 μm. The dimensions of the waveguides entering and leaving the cuvette 

were 1 µm wide and 23 nm high. The first waveguide served to couple light into the cuvette and to 

the cell layer in an actual experiment, while the Si3N4 layer located at the opposite end of the cuvette 

served as a waveguide to collect the light that was forward-scattered through the cells in an 

experiment. The end of each waveguide, located at the edge of the chip, was coupled to an optical 

fiber, to either supply light to the chip or transport the light from the chip to the detector (Figure 1B). 

Light was injected at a height of 100 nm into the HUVEC layer, which is on average 200 nm high. 

Nanocuvettes had a 50-µm-long light pathway and were 100 µm wide (for more details see Chapter 

5).  
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Figure 1. (A) Schematic diagram of forward light scattering through a cell layer in a nanocuvette. HUVEC, are 

thin around their periphery (ca. 200 nm) and thicker in the nucleus area (ca. 1–2 μm) when adhered to a surface 

[20]. The nanocuvette has been etched down through the waveguide to about 100 nm below the waveguide layer. 

This facilitates coupling of the light into the thin periphery of endothelial cells. Single-mode light (638 nm) is 

introduced into the cell layer from the left (waveguide represented as a red line). Most of the light is lost due to 

side scattering, but light reaching the other side of the cuvette is collected by the exit waveguide (red line at the 

right) and transported to a signal detector, in this case a power meter. (B) Layout of the chip with wells (Ø 4mm) 

molded in silicone rubber into which cells are seeded. The chip has an array of 4 U-shaped waveguides, with 

nanocuvettes formed in the vertical section of each U. The nanocuvettes are located at the center of the bottom of 

each well (the nanocuvettes are not visible in this figure). Optical fibers are fixed to the device with a fiber array 

unit (FAU) (in yellow) to introduce light to the chip with a single 4-µm-core fiber and deliver light to the detectors 

with 50-µm-core fibers. The red arrowhead indicates how light is introduced to the optical chip before splitting 

into four separate waveguides on the optical chip. Smaller, orange arrowheads in the horizontal array indicate 

how processed light is collected from the four U-shaped waveguides. The size of the entire sensor is 35 x 25 x 0.35 

mm (waveguides are not to scale). 

 

6.2.1.2. Incubation setup  

A polystyrene box with a lid (Greiner Bio-One International; GmbH, Germany) was adapted to 

contain the optical chip. A holder for the chip that could be mounted onto the microscope stage was 

3D printed with a Felix v.3.0 (FELIX printers, de Meern, The Netherlands, nozzle diameter = 0.35 

mm) in polylactic acid (Easyfil, Form Futura, the Netherlands). SolidWorks (Waltham, MA, USA) 

was used to design the 3D model of the holder for printing, which was then sliced using 

sFact/Skeinforge freeware. Repertier host freeware was used to control the 3D-printer. The 3D design 

and 3D print process is explained in detail in Chapter 5 of this thesis.  

The aim of the setup was to facilitate the cultivation of a layer of HUVEC in the cuvette structure 

until confluency. This was done in a polydimethylsiloxane (PDMS) (Sylgard 184, Dow Corning 

Corp., USA) chip containing 4-mm-diameter holes which served as wells (volume = 50 µL), which 

A 

B 

Light in 

Light out 
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was aligned with the optical chip such that each well was centered over a nanocuvette (Figure 1B) 

(for more details see Chapter 5). HUVEC were cultured in gelatin-coated wells filled with cell 

medium (see coating and culture protocols below). Cells were interrogated by propagating light (638 

nm) through the cell layer (forward scattering) from the incoming waveguide (left), which acted as a 

point source, to the receiving waveguide (right). A NovaPro Laser Diode (638 nm, continuous 

wavelength, max. power output 75 mW) from RGB-Lasersystems GmbH (Germany) was used as a 

red light source. It was set at an initial power input of 5 mW in all experiments performed with 

HUVEC. For signal recording, PM100USB power meters from Thorlabs (400-1100 nm, working 

range: 1 nW - 20 mW, resolution: 100 pW; Thorlabs GmbH, Germany) were connected to the 

experimental setup. All elements of the experimental setup were connected with optical fibers, one 

of which acted as a light-guiding structure to the optical chip, with the other fiber conducting light 

from the chip to the power meters (see detailed description in Chapter 5). In all the presented 

experiments, data was acquired at a frequency of 1 Hz. 

6.2.2. Cell culture protocols 

6.2.2.1. Sterilization of the optical chip 

The optical chips were disinfected prior to every experiment with 70% ethanol for at least 5 min. 

Afterwards the chips were rinsed 3 times with sterile phosphate buffered saline (PBS, Sigma-Aldrich 

Co. Ltd., UK) and dried. 

6.2.2.2. Gelatin coating of the optical chip  

Fifty microliters (50 µL) of one percent (1%) gelatin (reference number: G9382; Sigma-Aldrich Co 

Ltd, UK) solution in sterile PBS (Sigma-Aldrich Co Ltd, UK) was injected into the wells and 

incubated at room temperature (RT) for 45 min. After the incubation with gelatin solution, cross-

linking with 0.5% glutaraldehyde solution (50 µL) in sterile PBS was performed. The cross-linking 

solution was prepared from 25% glutaraldehyde (Polysciences Europe GmbH, Germany). The 

reaction was carried out at RT for 15 min. The coated wells were rinsed twice with 50 µL of sterile 

PBS with 10 min incubation period in between rinses. The last step in chip preparation involved 

conditioning wells with 50 µL of endothelial cell medium (EC medium; composition below) for 1h 

in the cell incubator (Thermo, model 3111, USA), after which cell seeding was carried out. 

6.2.2.3. Cells 

HUVEC (Lonza, reference number: CC-2519) were obtained from the Endothelial Cell Facility of 

UMCG and cultured to confluency in T25 flasks for at least two passages prior to seeding in the wells 

on the optical chip. For this work, HUVEC from passages between 2 and 5 were used. HUVEC were 

detached from the T25 bottles by incubation with 0.05% trypsin solution in sterile PBS (20 µL/cm2 

of trypsin solution) for approximately 2 min at 37°C. Afterwards, collected cells were counted in a 

Neubauer chamber, centrifuged (1800 rpm, 5 min; Rotina 48S, Hettich GmbH, Germany) and re-

suspended in cold (4°C) Lonza medium (see below for composition) at a concentration of 5000 

cells/µL. Collected HUVEC were kept on ice (4°C) before the seeding procedure. Before every cell 

injection to wells on the optical chip, cells were diluted ten times (10x) to a concentration of 500 

cells/µL. Cells were injected into the wells at a volume of 20 µL followed by 30 µL of pre-warmed 

Lonza medium. 

6.2.2.4. Cell medium  

Lonza EGM-2 MV medium (CC-3202; Lonza Group Ltd., Switzerland) supplemented with BulletKit 

from Lonza (CC-3156 & CC-4147; Lonza Group Ltd., Switzerland) was used for all HUVEC culture 

in this work. 
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6.2.2.5. Culture conditions 

All experiments were performed at 37 °C in a cell incubator (Thermo, model 3111, USA) containing 

air with 5% CO2 added. The open wells ensured that cell medium was equilibrated with the incubator 

gas environment. 

6.2.2.6. Cell culture protocol in experiments with the optical chip 

In all the experiments performed, we applied the same cell culture protocol. The optical chips were 

conditioned with EC medium and warmed up in the incubator for 1h (95% air, 5% CO2, 37°C) before 

HUVEC injection at a concentration of 500 cells/µL. After cell injection into the PDMS wells, chips 

were placed in the incubator for 1h to allow HUVEC to attach to the optical chip. Unattached HUVEC 

were removed afterwards by gentle rinsing with fresh Lonza medium after which the optical chip was 

placed back in the incubator. The presence of attached HUVEC in the nanocuvette was confirmed 

with a Leica inverted microscope (DM-IL, Leica Microsystems, Wetzlar, Germany) before and after 

optical measurement. All forward-light-scattering measurements were performed in the cell 

incubator. 

6.2.2.7. Monitoring actin cytoskeleton destabilization by latrunculin A 

The culture that was used to study the effect of latrunculin A on HUVEC was established as described 

above and medium was refreshed after 24h. The measurement was performed after 24h of cell culture. 

HUVEC in one well were exposed to latrunculin A (reference number: 76343; Sigma-Aldrich Co 

Ltd, UK, 10 mM stock solution in DMSO (reference number: 67-68-5; Sigma-Aldrich, Co Ltd, UK)) 

diluted in Lonza medium at a concentration of 0.1 µM or 0.5 µM (in separate experiments). Control 

HUVEC cultures were exposed to vehicle (DMSO in Lonza medium 0.01%). 

6.2.2.8. Monitoring accelerated actin cytoskeleton polymerization after jasplakinolide 

treatment 

The culture that was used to study the effect of jasplakinolide on HUVEC was established as 

described above and medium was refreshed after 24h. The measurement was performed after 24h of 

cell culture. HUVEC in one well were exposed to jasplakinolide (reference number: j4580 Sigma; 

Sigma-Aldrich Co Ltd, UK, 10 mM stock solution in DMSO) diluted in Lonza medium at a 

concentration of 0.1 µM. Control HUVEC culture was exposed to vehicle (0.01% DMSO in Lonza 

medium). 

6.2.2.9. Well plate cell culture 

In order to confirm the changes in the HUVEC cytoskeleton that were observed with the optical chip 

after exposure to latrunculin A and jasplakinolide, offline experiments were performed. These 

included control HUVEC cultures and test cultures that were exposed to the same conditions and drug 

concentrations as the experiments with the optical chip. These experiments were done in PDMS wells 

(Ø 4 mm, volume of 50 µL) with glass bottoms, formed by sealing the PDMS wells to cover slips (21 

x 26 x 0.17 mm; Thermo Fisher Scientific Gerhard Menzel B.V. & Co., Germany) (Figure 2). The 

PDMS layer was reversibly attached to the glass cover slips, and wells had a diameter of 4 mm and a 

volume of 50 µL. The effects of the exposure on the HUVEC were studied with confocal microscopy. 

The protocols for well coating, cell seeding and cell culture are analogous to the procedures described 

for the optical chip. After 24h of culture, HUVEC were exposed to latrunculin A at a 0.1 µM 

concentration. Cells were fixed after 0 min (no drug added) of exposure to the drug, 20 min, 45 min, 

and 60 min in different cultures to visualize cytoskeletal changes occurring in exposed HUVEC. 

Additionally, a HUVEC culture was exposed to 0.5 µM concentration of the latrunculin A for a time 

period of 20 min and then fixed and stained. Analogous experiments and procedures were performed 
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for the jasplakinolide, added to cells at a concentration of 0.1 µM. See the following section for detail 

information on cell fixation, staining and imaging. 

 

 
Figure 2. Bottomless PDMS wells (Ø 4 mm) are reversibly bonded to glass cover slips and used for cell culture 

experiments with latrunculin A and jasplakinolide. These experiments were monitored with confocal microscopy 

to visually study effects on the cytoskeleton. 

 

6.2.3. Imaging 

6.2.3.1. Cell fixation protocol 

Filtration of PBS was performed after autoclaving to remove PBS crystals. The presence of crystals 

in wells impairs high-quality image acquisition due to light scattering from residual PBS crystals in 

the solution. A Millex-GP syringe filter unit (0.22 µm) from Merck Millipore (USA) was used for 

filtration. All the PBS used for cell fixation and staining was filtered before use. 

After exposure to latrunculin A or jasplakinolide, cell cultures used for confocal imaging were washed 

with PBS, pre-warmed to 37ºC. Immediately after, HUVEC were fixed in the wells with a filtered 

4% paraformaldehyde (Sigma Aldrich Co Ltd, UK), 4% sucrose (Sigma Aldrich Co Ltd, UK) in PBS. 

The fixation step was performed at 37ºC for 3 min. Afterwards, cell cultures were washed three times 

(3x) with PBS pre-warmed to 37ºC, with 5 min incubation steps at 37ºC between consecutive washes. 

To facilitate the staining of intracellular molecules, the cell membranes were permeabilized with 0.3% 

Triton X-100 (Sigma Aldrich Co Ltd, UK) for 5 min at RT. Afterwards, the cells were rinsed three 

times (3x) with PBS, with 5 min incubation steps at RT between consecutive washes. Next, 50 µL of 

5% bovine serum albumin solution (5% BSA) (Sigma Aldrich) in PBS was injected into the wells 

(1h, RT) in order to block regions in the well that are not occupied by HUVEC, to prevent nonspecific 

attachment of antibodies to these surfaces. Next, the samples were rinsed three times (3x) with PBS, 

with 5 min incubation steps at RT between consecutive washes.  

6.2.3.2. Cell staining protocol 

Fixed HUVEC cultures were first stained for globular actin (G-actin) for 90 min at RT with 

deoxyribonuclease I (DNase I) conjugates combined with AlexaFluor 594 (excitation 590 nm, 

emission 617 nm; reference number D12372; Thermo Fisher Scientific Inc., Waltham, MA, USA). 

The sample was washed three times with PBS at RT. Next, cultures were stained for filamentous actin 

(F-actin), again for 90 min at RT with phalloidin combined with AlexaFluor 488 (excitation 495 nm, 

emission 518 nm; reference number A12379; Thermo Fisher Scientific Inc., Waltham, MA, USA). 

Afterwards, three washing steps with PBS (50 µL per well) at RT were performed with 10 min 

incubation periods between consecutive washes. Visualization of cell nuclei was achieved by the 

addition of 4',6-diamidino-2-phenylindole (DAPI; Sigma Aldrich Co Ltd, UK) solution in PBS 

(1:150) at RT to the wells. After a 10 min incubation with DAPI, three consecutive rinses with PBS 

(50 µL per well) at RT were performed.  
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After the staining procedure was finished, PBS solution was removed from the wells and the PDMS 

structure was detached from the coverslip surface. Prolong Gold Antifade Mountant (Thermo Fisher 

Scientific Inc., USA) agent was deposited on top of every sample (5 µL) to prevent photobleaching 

of the samples under exposure to fluorescent light. Afterwards, samples were covered by bringing 

them into contact with glass slides (Thermo Fisher Scientific Gerhard Menzel B.V. & Co., Germany). 

Covered samples were sealed with colorless nail polish. 

6.2.3.3. Imaging of the microfluidic cell cultures with a confocal microscope 

Imaging of the stained HUVEC cultures was performed with the Confocal Laser Scanning Platform 

Leica TCS SP8 (Leica Microsystems, Germany). An immersion objective with 40 times 

magnification was applied [21]. Prior to sample positioning in the microscope holder, a drop of 

immersion oil (refractive index 1,4811 at 23⁰C and 546 nm light; Cargille immersion oil Type FF, 

Cargille Labs, USA) was deposited on the microscope objective. Afterwards, a glass slice with a 

stained sample was mounted in the holder and brought into contact with the drop of immersion oil on 

the objective. Images were acquired with Leica Application Suite X (LAS X) software (Leica 

Microsystems, Germany). To acquire images, caption spots were selected inside the wells, and scans 

of samples of approximately 5 µm thick (±3 µm) were acquired with a Z-step resolution of 0.5 µm in 

the direction from the bottom to the top of the observed cell culture. Every presented image is thus a 

composition of approximately 10 overlaid images (± 6 images). Prior to image acquisition, every 

caption spot was automatically checked for signal saturation with LAS X software. Laser diodes with 

wavelengths of 405 nm, 488 nm, and 552 nm were used for excitation. The applied procedure was 

based on reference [22]. 

6.2.4. Image processing 

The acquired microscopy data was processed with Imaris software v 7.6.4 (Bitplane AG, 

Switzerland). Recorded data were uploaded to the Imaris program and displayed with the Easy 3D 

option. Afterwards, color saturation was checked for every color channel present in the image and 

adjusted with the purpose of removing over-saturated regions from the image. After the color 

adjustment, snapshots were taken of the acquired images and saved in Tagged Image File Format 

(TIFF).  
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6.3. Results and discussion 

In this study, we cultured HUVEC on the optical chip and registered the signal in real time throughout 

the experiment. The data that was generated with the optical chip (described in Chapter 5) represents 

light intensity over time, and is the result of forward-scattered light through a cell layer. We selected 

a pair of drugs with opposing effects on the cytoskeleton, namely acceleration of cytoskeleton 

polymerization (jasplakinolide) or blocking of actin polymerization (latrunculin A) (Figure 3). 

Therefore, we controllably influenced micromotion of the cytoskeleton and could establish whether 

cytoskeletal changes could be registered with our device. Furthermore, to correlate events in the 

optical trace with cellular changes, each condition that was monitored with the optical chip was tested 

in a simultaneous offline (well plate) experiment with the same batch of HUVEC and visualized with 

confocal microscopy. 

 

Figure 3. Panel (A) shows actin in fiber (F-actin) and actin globule (G-actin) form. Panel (B) presents the binding 

of jasplakinolide to F-actin leading to enhanced actin polymerization and cell stiffening. Orange rectangles 

represent jasplakinolide. Panel (C) shows latrunculin A binding to G-actin, and the resulting blockage of actin 

polymerization, which leads to loss of actin fibers. Red circles represent latrunculin A. 

 

6.3.1. Latrunculin A  

Latrunculin A irreversibly binds actin monomers near the nucleotide-binding cleft and prevents them 

from polymerizing into actin filaments (Figure 3) [15], [20]. The inhibition of filament formation by 

latrunculin A leads to destabilization of the cytoskeleton. In this study, a HUVEC monolayer was 

treated with latrunculin A (0.1 µM), resulting in the disruption of actin filament formation by 

preventing the rearrangement of filamentous actin (F-actin), and leading to reduced motion of cell 

membranes and increasing cell deformability. The blockage of F-actin polymerization is not lethal 

for the HUVEC at a 0.1 µM concentration of latrunculin A. However, higher latrunculin A 

concentrations (> 0.5 µM) are lethal for HUVEC [20].  

In five independent experiments, HUVEC showed a rapid drop in the recorded light intensity (Figure 

4), between 30 and 60 minutes after the addition of 0.1 µM latrunculin A to the cell culture. This 

rapid signal drop did not occur in the control HUVEC culture (vehicle treated). It has been postulated 

that after an exposure to latrunculin A for approximately 1h, there is almost no F-actin left intact in 

mammalian cells due to the drug’s effect [15], [16], [20].  

A 

B C 
F-actin 

G-actin 
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Figure 4. Light intensity-time plots for two 50-µm-wide nanocuvettes, 24 h after cell seeding. Light intensity was 

recorded for a total of 60 minutes in each case. The blue trace represents HUVEC treated with vehicle control in 

one nanocuvette; the red trace is for HUVEC treated with latrunculin A in another nanocuvette at 0.1 µM. The 

rapid signal drop is indicated by the green arrow. The black trace is the signal recorded for a control well coated 

with gelatin and filled with cell medium. All measurements were performed at 37⁰C with the device in an incubator. 

This experiment was repeated 5 times (n=5). For more results see Appendix. 

 

The process of degradation of the actin cytoskeleton, induced by treatment with latrunculin A, was 

visualized with phalloidin staining (green) for F-actin and DNase I conjugate staining (red) for 

globular actin (G-actin). The purpose of this imaging experiment was to correlate the signal registered 

with the optical sensor to the biological status of HUVEC exposed to latrunculin A (Figure 5). Figure 

5A shows a control HUVEC culture in which the balance between F- and G-actin was preserved, as 

evidenced by the presence of green and red staining throughout the cells. Figure 5B-D show HUVEC 

after treatment with latrunculin A, with progressive degradation of F-actin (decreased green staining) 

and an increasing concentration of G-actin (increase in red staining). These images reveal that the F- 

and G-actin balance was shifted towards a maximum level of G-actin between the 45th and 60th min 

of exposure to latrunculin A, at approximately the same time point at which a rapid signal drop was 

observed in the readout from the optical chip. Likely, the sudden drop in forward-scattered light signal 

represents loss of F-actin in such amounts that cytoskeletal support for the cell membranes is lost. 

This results in the collapse of cell membranes and significantly decreased cellular micromotion 

afterwards. 

The rapid signal drop can be explained by understanding the organization of actin filaments in the 

cell. F-actin filaments are anchored mainly to the outer cell membrane by proteins, or attached with 

cytoplasmic proteins (e. g. vimentin) to different membranous organelles (including the cell nucleus 

membrane) [10]. This means that the one bound end of the actin fiber is unavailable for enzymes 

depolymerizing F-actin, and only “the free-end” is prone to enzymatic depolymerisation. As the free 

end is likely located furthest away from the cell membrane (or membranous organelles), the 

depolymerisation of F-actin should occur mostly from the free end at the cell center towards the outer 

cell membrane [10], [15], [23]. The confocal images for HUVEC treated with latrunculin A after 45 

min and 60 min confirm this, with the green staining indicating F-actin visible only close to the cell 

membranes, where any remaining F-actin would be found. Moreover, it is only at these time points 

+vehicle 
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that the concentration of F-actin seems insufficient to support the natural HUVEC cell shape, and 

outer membranes appear to collapse, because of a lack of mechanical support from F-actin [10], [20]. 

We propose that the sudden drop in forward-scattered light signal is thus due to a collapse of the cell 

membranes, which results in less cellular micromotion.  

 

 
Figure 5. Confocal images comparing a control HUVEC culture with HUVEC cultures exposed to 0.1 µM latrunculin 

A in time. F-actin is stained with phalloidin (AlexaFluor 488; green), G-actin is stained with DNase I conjugates 

(AlexaFluor 594; red), and nuclei are stained with DAPI (primarily blue in images A through C and purple in image 

D due to overlap with the red signal from G-actin). All images were taken at a magnification of 40x. 

 

As a next step, HUVEC cultures were challenged with a higher concentration of latrunculin A, and 

cellular response was observed with the optical chip. Our experiments showed that HUVEC exposed 

to a higher latrunculin A concentration (0.5 µM) experience accelerated actin cytoskeleton 

degradation in comparison to HUVEC exposed to a lower concentration (0.1 µM) (Figure 6). This 

effect was expected since latrunculin A dissolves in cell membranes and directly binds to the actin 

monomers [15]. As a result, there is a higher latrunculin A concentration in the cell medium, which 

increases the probability of latrunculin A molecules binding to G-actin. Therefore, G-actin is 

inactivated more rapidly, and thus cannot be used for actin polymerization. Confocal images obtained 

for the HUVEC culture exposed to a 0.5 µM solution of latrunculin A supported this interpretation 

(Figure 6), as they showed substantial actin fiber degradation, even resulting in the disruption of cell-

cell connections after only 20 min (Figure 7B).  

A B C D 
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Figure 6. Light intensity-time plots for two 50-µm-wide nanocuvettes, 24 h after cell seeding. Light 

intensity was recorded for a total time of 60 minutes in each case. In 3 independent experiments, HUVEC 

in different nanocuvettes were exposed simultaneously either to 0.1 µM or 0.5 µM latrunculin A. One 

example of such experiment for cells stimulated in 3 separate nanocuvettes is given here. The blue trace 

represents HUVEC treated with latrunculin A (0.1 µM) in one nanocuvette (blue box); the red trace is 

for HUVEC treated with latrunculin A (0.5 µM) in another nanocuvette. HUVEC exposed to latrunculin 

A (0.1 µM) show that between 35 and 45 minutes after addition of latrunculin A to the cell culture, a 

rapid drop in light intensity is observed (blue box). Similar cell behavior is observed for HUVEC exposed 

to 0.5 µM latrunculin A. However, the signal drop in this experiment appears earlier between 5 and 15 

minutes after exposure to the drug (red box, experiment done in triplicate). This rapid signal drop does 

not occur in the control cell culture (black trace). For more results see Appendix. 

 

 
Figure 7. Confocal images comparing control HUVEC culture with HUVEC culture exposed to 0.5 µM latrunculin 

A after 20 min. F-actin is stained with phalloidin (AlexaFluor 488; green), G-actin is stained with DNase I 

conjugates (AlexaFluor 594; red), and nuclei are stained with DAPI (blue). Nuclei show up purple in B, as the blue 

DAPI stain is overlapped by the red G-actin stain. All images were taken at a magnification of 40x. 
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6.3.2. Jasplakinolide  

To induce an effect that is opposite to the effects of latrunculin A, we employed an inducer of actin 

polymerization, namely jasplakinolide (Figure 3) [17]. This effect is achieved through accelerated 

actin polymerization by stimulating actin filament nucleation and removing G-actin from cytoplasm 

as a result. As a consequence, actin monomers are rapidly attached to the free end of F-actin and the 

concentration of G-actin in the cytoplasm decreases. This impairs the rearrangement of the actin 

cytoskeleton, which in turn quenches cellular micromotion [17]. 

In our study, we used jasplakinolide (0.1 µM) as a stabilizing agent for HUVEC micromotion. We 

hypothesized that this would lead to a progressive decrease in the fluctuation of the signal recorded 

with the optical chip. Figure 8 shows preliminary data in which this was indeed the case, with 

progressive quenching of micromotion of the exposed HUVEC culture, whereas the control culture 

exhibited the previously observed fluctuations in forward-light scattering over the duration of the 

experiment (described in Chapter 5). 

 

Figure 8. Light intensity-time plots for three 50-µm-wide nanocuvettes, 24 h after cell seeding. Light intensity was 

recorded for a total of 6h. The blue trace represents HUVEC treated with vehicle in one nanocuvette; the red trace 

is for HUVEC treated with jasplakinolide (0.1 µM) in another nanocuvette (treatment started at t=0 min). Initially 

both traces exhibit similar signal fluctuations (0 - 30 min). Afterwards, the signal fluctuation of the red trace 

decreased in amplitude, while the fluctuations in the control (blue trace) remained unchanged. The black trace was 

recorded for a gelatin-coated control well filled with cell medium. For more results see Appendix. 

 

The process of cell stiffening upon exposure to jasplakinolide was visualized using the same 

phalloidin/DNase I staining of F-actin and G-actin as were used for the latrunculin A experiments. 

The purpose of this imaging experiment was to confirm that the signal registered with the optical 

sensor reflected the biological status of HUVEC exposed to jasplakinolide (Figure 9). In the control 

HUVEC culture, the balance between F- and G-actin was preserved, as indicated by the even 

distribution of green and red staining throughout the cells (Figure 9A). Figures 9B-D show HUVEC 

after exposure to jasplakinolide for 20 min, 45 min, and 60 min. The prevalence of the green stain in 

these images is evidence of the higher presence of F-actin compared to G-actin. While more 

experiments are required to confirm the trends observed in the preliminary data from the optical chip, 

the confocal images correlate with the signal stabilization in the plot recorded with the optical device 

over the 5h time period of the experiment (Figure 8, red trace). 

+vehicle 
+jasplakinolide (0.1 µM) 
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Figure 9. Confocal images comparing a control HUVEC culture with HUVEC cultures exposed to 0.1 µM jasplakinolide 

in cell medium for 20 min, 45 min, and 60 min. The green color represents F-actin stained with phalloidin (AlexaFluor 

488), red color represents G-actin stained with DNase I conjugates (AlexaFluor 594), and nuclei are stained in blue 

with DAPI. (Magnification 40x). In the time course of HUVEC exposure to jasplakinolide, a decline of red signal 

corresponding to the presence of G- actin is observed. At the same time the green signal due to F-actin increases as 

existing fibers extend and new, shorter fibers are created. As a result, the balance between the two forms of actin is 

distorted and HUVEC become unable to rearrange their shape.  

 

6.4. Conclusions 

In this work we have further developed our method in which we measure forward light propagation 

through a few cells in the context of the entire cell layer. We have shown that we can identify patterns 

in the obtained signal which can be related to the occurrence of changes in the cells. This was achieved 

by manipulating of the cytoskeleton with cytoskeletal-specific xenobiotics which affects cellular 

micromotion. Two compounds, latrunculin A and jasplakinolide, were selected to target two specific 

cytoskeletal rearrangement processes, namely stimulation and inhibition of actin polymerization. 

Exposure of HUVEC to these compounds resulted in recorded light intensities which in both cases 

differed from resting cells, and also differed from each other. Latrunculin A blocked actin 

polymerization, which resulted in a lack of sufficient actin fibers to support cell membranes, cell 

adhesion, and tight junctions, which in turn led to membrane collapse and disruption of cellular 

connections. Upon administration of jasplakinolide, decreased cellular micromotion was observed 

due to a lack of free G-actin for further filament polymerization. The impaired balance between F- 

and G-actin resulted in quenched cytoskeletal rearrangement and reduced micromotion. 

A major advantage of our approach lies in the possibility to observe cellular response times to added 

drugs. Importantly, this type of experiment can be performed in a real-time fashion. It thus becomes 

possible to assess the timescale for the occurrence of the drug effects and its metabolism in a tested 

cell culture. Other methods (e.g. impedance [8] and dynamic mass redistribution methods [7]) for 

real-time and label-free cell behavior monitoring allow to take a look at large group of cells, thus 

obtained data represents averaged status of the probed cell culture. With our method it is possible to 

monitor cellular behavior of individual cells growing in a context of thousands of cells. This approach 

can be further developed to analyze a single cell in the context of a cell layer by reducing cuvette 

dimensions. Not only would this result in a decrease in the amount of tested cells, but would also 

benefit the amount of transmitted light, improving sensitivity.  

Observation of cytoskeletal rearrangement can be related to inflammatory response in human 

endothelium, which is characterized by changes in cell morphology and cell layer permeability (both 

embodiments of cellular micromotion). This is particularly important in the investigation of 

endothelial cells, which play a crucial role in the onset of cardiovascular diseases (CVD) [24]. 
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However, in order to research such a disease, different factors need to be implemented into our in 

vitro platform, including flow, co-culture with other cell types, and pathological stimuli. Therefore, 

further integration of microfluidic functionalities is necessary to leverage our platform. 
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Appendix 

 

Figure A1. Additional light intensity-time plots for two 50-µm-wide nanocuvettes with HUVEC culture exposed 

to 0.1 µM, 0.5 µM latrunculin A in EC medium and control cell culture. Latrunculin A was added at t=0. 
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Figure A2. Light intensity-time plots for two 50-µm-wide nanocuvettes with HUVEC culture exposed  

to 0.1 µM, 0.05 µM jasplakinolide in EC medium and control coated well and filled with EC medium. 

Jasplakinolide was added at t=0. 
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Integrated cell culture platform for real-time monitoring of adherent cell 

cultures 

Maciej Grajewski1, Toby Paul2, Elisabeth Verpoorte1, and Dmitry Kashanin2 

1 Pharmaceutical Analysis, Groningen Research Institute of Pharmacy, University of Groningen,  

The Netherlands; 2 Cellix Ltd., Ireland 

Abstract 
The concept of automation and integration of experiments in order to make them more efficient is 

well recognized in pharmaceutical industry, though this can be a costly undertaking in case if non-

standard procedures are involved. While in research laboratories this laboratory equipment 

automation concept rarely appears. Therefore, we decided to firstly investigate a possibility of 

contribution to laboratory automation idea and afterwards we developed the Integrated Cell Culture 

Platform, where the concept of laboratory equipment miniaturization and automation in biomedical 

research settings is brought to the reality, and as a result increase experimental capacity of the 

research laboratories.  

We designed, engineered and tested an Integrated Cell Culture Platform for microfluidic devices, 

which proves to make experiments with microfluidic cell culture chips more robust, reproducible and 

user-friendly. The created tool can help researchers, interested in biomedical experiments, in 

stepping closer to in vivo conditions by application the naturally occurring physical cues in the 

organism (in our case it was a shear stress). Additionally, by application of developed platform it is 

possible to increase the experimental capacity of regular research laboratory, by not occupying 

excessive number of lab equipment and automation of experiments.  

Due to the design and capabilities included in the Integrated Cell Culture Platform can be 

transformed into a commercial product, which can be adapted by every biomedical lab interested in 

carrying microfluidic experiments on a daily basis. Presented equipment does not require long 

training and everybody familiar with cell culture research can easily adapt this device in their 

research. Due to dedicated software operating the ICCP, the setup is programmable and easy to 

modify on demand, depending on the carried experiment. 

The integrated cell culture platform was applied for combined microfluidic-nanophotonic devices to 

monitor cellular micromotion in confluent endothelial cell layers under a flow. This report shows 

capabilities of miniaturized platform for cell cultures and presents initial results from experiment 

where cellular micromotion was monitored under static and flow conditions.  

Keywords: Cell cultures, Micromotion, Integrated Cell Cultivation Platform (ICCP), Human 

Umbilical Vein Endothelial Cells (HUVEC) 
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7.1. Introduction 

Currently, automation of most types of laboratory settings is limited and often means nothing more 

than application of pipetting robots for liquid dispensing into well-plates with reagents. However, this 

process still requires a researcher’s presence and manual preparation of the solutions used. Especially 

in cell culture experiments, automation of media refreshment and sample collection steps would be a 

significant help for scientists, as it would reduce human errors in pipetting and manpower necessary 

to perform the experiment.  

Microfluidics has been applied to the miniaturization, integration, and automation of laboratory 

equipment in chemistry, biology, medicine, and physics since its introduction [1], [2]. The field has 

greatly contributed to a large number of discoveries in the biomedical in vitro research in the past 

decade, due to the delivery of new tools for carrying out experiments in laboratory settings and 

beyond [3]–[6]. However, most of the effort in the development of new microfluidic devices for 

biomedical research is dedicated to adaptation of already developed assays for DNA, RNA, and 

proteins to the microfluidic format [7]–[10]. The application of microfluidic devices in cell cultures 

is rapidly developing, and it has been shown that microfluidic setups can provide an improved 

resemblance of physiological conditions for cultured cells compared to well plates [11], [12], [13]. In 

addition, advances have been made in terms of engineering in vitro cell culture devices to achieve 

physiological status of cultivated cells by geometry optimization of the device or implementation of 

3D scaffoldings for cell growth [14], [15].  

This is made possible by the application of flow and/or optimization of the geometries that cells 

encounter in confined, sub-microliter channels and chambers. Application of flow is recognized as 

an approach to engineering more physiologically relevant in vitro cell and tissue models [9], [13], 

[16]–[18]. Additionally, technologically advanced monitoring of biological processes is possible with 

microfluidic systems using integrated electrodes, optical detectors, or miniaturized on-line assays 

[17], [19], [20]. Therefore, for many researchers in the biomedical field, it is becoming crucial to have 

access to laboratory equipment which is compatible with their research microfluidic devices. This 

goal is often difficult to achieve without development of dedicated experimental setups capable of 

carrying out a specific experiment. The reasons for this are the small dimensions and fragility of the 

microfluidic devices, which make them difficult to operate without a mechanical aid (e. g. clamping 

system, holder). However, the required peripheral instrumentation for experimentation (e.g. pumps, 

microscopes, other analytical components) is often bulky and cannot be placed in the incubator with 

the device. As a result, the workbench can be crowded with wires and tubes leading to and from the 

incubator, which makes it difficult to operate the experimental setup and can lead to mistakes in an 

experimental procedure or device breakage. Moreover, microfluidic cell cultures generally need to 

be intermittently removed from the incubator for visual inspection, which creates an additional 

opportunity for introducing error to a measurement. In this situation, a potential end-user might be 

discouraged from the implementation of complex microfluidic devices in his/her research, because 

of a number of switches, valves, chambers, and, more importantly, pieces of standard lab equipment 

necessary to perform a single experiment. In such a situation, integration of different experimental 

functions into a single platform would be a great help in a researcher’s daily routine. We felt important 

to develop a research instrument for users of microfluidic devices for “plug-and-play” cell culture 

experiments. Additionally, the developed setup would fill a gap between microfluidic research, which 

is performed on the small scale, and high-throughput cell analysis using microfluidics [21]. 

We have observed a growing interest in miniaturization and automation of cell cultures with 

simultaneous visual inspection and cell analysis, but at the same time we could not find a 
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commercially available generic setup suitable for supporting different formats of microfluidic chips. 

The closest systems to our interests are incubated microscopes, but usually they are designed 

according to end-users specifications and consist of a microscope possibly with motorized stage, 

thermostat, and CO2 controller. To the best of our knowledge, there are no setups integrating pumps 

and sensors, which can deliver extra information about cultured cells besides the microscope images. 

On the other hand, microfluidic chips become more functional by integrating multiple assays on one 

device with cultured cells, but to perform a readout it is necessary to use different laboratory 

equipment, not integrated into the microfluidic chip [16], [18], [22].  

The features we identified as worth implementing in our generic platform are also summarized in the 

review by Mark et al [18]. It is noteworthy, that many of the recent developments in cell culture 

platforms emphasize the benefits of integrating all components and functions into a chip. Essentially, 

this involves integrating sensors and flow control normally relegated to peripheral modules. 

Ultimately, however, there remains a basic requirement to interface even highly integrated chips with 

standard-sized readout and electronic equipment plus cell culture control (temperature and gas 

composition). Therefore, we decided to prepare a generic Integrated Cell Cultivation Platform (ICCP) 

for microfluidic perfusion culture with broadly applicable features for cell culture control, thus for 

use with devices that have specialized readout function. The developed system allows control and 

maintenance of selected culture parameters including temperature, flow rate, and CO2 concentration. 

Additionally, the ICCP is capable of simultaneous and automated cell culture microscope imaging 

without moving a device from an incubator to a microscope stage. Last but not least, the setup 

footprint is that of a standard microscope (approximately 50 x 50 x 50 cm), thus not lab-space 

consuming. 

In order to demonstrate the platform capabilities, the ICCP was employed for monitoring human 

umbilical vein endothelial cell (HUVEC) micromotion with a combined microfluidic-biophotonic 

device. Cellular micromotion is a manifestation of cell membrane fluctuation caused by the constant 

rearrangement of the cytoskeleton [23]. Impaired micromotion might be an indicator of 

pathophysiological states like inflammation, which are observed in the onset of cardiovascular 

diseases (CVDs) [24]. Endothelial cell micromotion should be characterized under well-defined 

conditions in order to better understand how this parameter changes under pro-inflammatory 

conditions.  

7.2. Materials and Methods 

7.2.1. The design of the Integrated Cell Cultivation Platform 

The ICCP prototype (Cellix Ltd., Ireland) shown in Figure 1 and Figure 2was designed with the 

purpose of facilitating simultaneous cell culture and monitoring of cellular behavior in perfused 

microfluidic systems with minimal required manual operation and manipulation by a user. For full 

functionality, the ICCP requires a power socket (220 V), a desktop computer with USB port, and a 

gas supply to pressurize the system and induce medium flow (usually CO2). The ICCP has dimensions 

40 x 35 x 45 cm which correspond to the standard microscope size commonly used in cell culture 

laboratories. Thus, both the required peripheral power and gas supplies, as well as lab space for the 

ICCP, are available in every cell culture lab. This limits adaptation of the space for the new device to 

a minimum. A description of technical details is presented below. 
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Figure 1. (A) A cutaway view of the ICCP. (B) View of the built-in microscope for real-time cell 

monitoring. Additional images of the ICCP are in the ESI 1. Supplementary images of the ICCP. 

 

  

Figure 2. (A) Working prototype of the ICCP platform including microscope, camera and pumping 

system without casing, and with the optical chip mounted onto the microscope stage. (B) Prototype of 

the ICCP casing. 

 

Microscope: The stand-alone phase-contrast microscopy setup consists of an X-axis positioning 

stage, Z-axis controlling the objective focus, 20x microscope objective with phase contrast ring holder 

from Zeiss (Carl Zeiss AG, Germany), and LED illumination to achieve phase contrast observation 

of endothelial cells (Figure 1). For visualization purposes a Hamamatsu ORCA-Flash-OEM camera 

(Hamamatsu Photonics K.K., Japan) was installed in the system. The microscope stage has a magnetic 
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clamp with a footprint of 5 cm x 3 cm to firmly fix installed microfluidic devices to the stage. The 

ICCP thus can be used for cell culture experiments with most microfluidic devices fitting this versatile 

microscope stage. The ICCP microscope was designed and built by Cellix Ltd (Ireland).  

 

  

Figure 3. (A) The ICCP on a lab bench ready for use.(B) A bottle used as a medium container in 

experiments with the ICCP. The red arrow indicates a gas supply (95% air, 5% CO2), and the blue 

arrow indicates a medium supply connection to the cell culture. The valve (green arrow) allows 

addition of different chemicals to the medium during the time course of experiments. 

 

Pump: A Unigo™ (Cellix Ltd., Ireland) pressure-driven pump was installed in the ICCP to 

continuously perfuse the channels of a microfluidic chip installed on the microscope stage. The pump 

works in a unidirectional fashion in a flow-rate range from 1 µL/min to 1 mL/min. The applied flow 

is controlled by a flow sensor (Cellix Ltd., Ireland) connected to the Unigo™ pump. The flow sensor 

allows monitoring of the flow rate and active PID (Proportional, Integral, Differential) feedback 

control of the current pump flow rate. The ICCP pumping bottle is pressurized by a carbon dioxide 

(CO2) external supply. The required gas composition for the cell culture is achieved by pressurizing 

(1 Bar) a bottle with cell medium, which is afterwards delivered to the microfluidic device through 

connected tubing. It is important to note that the bottle containing medium is not warmed up; the cell 

medium is pre-warmed before contact with cell culture in the proximity of the microfluidic device in 

the area inside the casing (orange box) (Figure 3 A). Due to decreased gas solubility at 37⁰C compared 

to 20⁰C (Room Temperature, RT), an air bubble can appear in the system and be introduced to the 

microfluidic device, resulting in the destruction of the cell culture. Therefore, an air bubble trap was 

introduced into the tubing guiding cell medium to microfluidic chip. The air bubble trap is a Millex-

GP syringe filter unit (0.22 µm) from Merck Millipore (USA) connected in an opposite direction than 

it would be when attached to a syringe for filtration. All the system components are connected 

together with Teflon tubing. The bottle for cell medium has a cap adapted for the system and contains 

three sealable inlets, namely gas connection, cell medium outlet and an additional connection if a 

compound has to be added to the medium (e. g. drug) (Figure 3). Connectors to the Cellix 
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multichannel devices were customized by Cellix Ltd. to ensure a leakage-proof tubing connection to 

the chip with a cell culture (Figure 4). 

 

 
Figure 4. Examples of microfluidic connectors used for connection of the microfluidic chip to the ICCP. 

For introduction of media to multichannel Cellix cell culture devices tubing with stream splitters were 

used. Therefore, a simple stream of medium can be split over multiple inlets. 

 

Internal Control Unit: A control Board (PCB) (Cellix Ltd., Ireland) was developed to operate X and 

Z motorized axes of microscope and Unigo pump. The control unit communicates with a desktop 

computer via a USB interface. The parameters controlled by the PCB are presented in Table 1.  

Table 1. Specifications of motorized stage 

Motorized Axes X and Z 

Travel range of X axis 60 mm 

Accuracy 1 µm 

Minimal step 

(Repeatability) 

1 µm 

Travel speed 5 mm/s 

 

Temperature control unit: An indium tin oxide glass heater (ITO glass) allows precise temperature 

control of the microfluidic chip with resolution of 0.1⁰C degree. The chip is covered from the top 

with this heater. 

Customized control software: Software was specifically developed by Cellix for the ICCP and 

programmed in C++ programing language for Windows (MFC library was used for the programming 

of software). The developed software allows automatic positioning of the stage, time-lapse imaging 

of monitored cell culture, flow adjustment, and recording of the forward light scattered optical signal 

(required for presented in this work application). The latter function was incorporated specially for 

this work. 

7.2.2. Chip design 

The material used for making chips is an important factor in miniaturization and automation of cell 

culture experiments. Often, the material of choice for microfluidic cell cultures is 

poly(dimethylosiloxane) (PDMS) [7], [25], because of its biocompatibility, formability and 

transparency. However, this is not suitable for mass production, and, as a consequence for usage in 

automated processes. Therefore, most of the commercially available microfluidic devices are 
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fabricated in glass and polymers like poly(methyl methacrylate) (PMMA), polyethylene (PE) or its 

chemically modified version, cyclic olefin copolymer (COC) [9], [18]. The optical chips used in this 

work consist of fused silica with patterned waveguides (silicon nitride layers, Si3N4), which guide 

light to and from a measurement site. The light waveguiding layer is sandwiched between two layers 

of fused silica. The measurement sites were etched through the top silica and silicon nitride layers 

and form small recesses or cuvettes (nanocuvettes) with dimensions of 100 x 100 µm, such that a cell 

layer at the bottom of the recess is at the height of the waveguide (Figure 5A) (more detail in Chapter 

5). An adapted Vena8 (Cellix Ltd., Ireland) fluidic chip consisting of four channels with dimensions 

of 28 x 0.8 x 0.12 mm made in cyclic olefin copolymer (COC) was sealed to the fused silica chip 

(Figure 5B and 5C). Before bonding of both chip parts with an adhesive tape (Cellix Ltd., Ireland), 

The alignment of the channels was etched to ensure, that nanocuvettes are positioned within the 

fluidic channel boundaries.  

 

  

Figure 5. (A) A schematic diagram of the nanocuvette (not to scale). The nanocuvette has been etched 

down about 100 nm below the waveguide layer to facilitate coupling of the light into the thin 

periphery of endothelial cells. Single-mode light (638 nm) is introduced into the cell layer from the 

left (waveguide in red). (B) The photo shows the nanocuvette chip with integrated VENA8 chip (Cellix 

Ltd); the black block is the Fiber Array Unit which facilitates light input and collection from the 

optical chip. (C) Expanded view of the optical chip with fluidic connectors. 

 

7.2.3. Cell culture 

7.2.3.1. Sterilization of the optical chip used in cell culture experiment 

Optical chips were sterilized with 70% ethanol (Sigma-Aldrich Co Ltd, UK) for 5 min., followed by 

three consequent rinses with sterile phosphate buffer saline (PBS) ( Sigma-Aldrich Co Ltd, UK) to 

ensure complete removal of ethanol. 

7.2.3.2. Coating of optical chip with 1% gelatin 

Porcine gelatin (1%) (Sigma-Aldrich; G9382) solution in sterile PBS (Sigma-Aldrich Co. Ltd, UK) 

was injected into the microchannels and incubated at room temperature (RT) for 45 min. The gelatin 

acts as a substitute for the extracellular matrix (ECM), which encourages HUVEC (or potentially 

other endothelial cell types) to adhere to the surface. Cross-linking of the gelatin was then performed 

Nanocuvette 

C 
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by injection of 0.5% glutaraldehyde (25% glutaraldehyde stock solution; Polysciences Europe 

GmbH, Eppelheim, Germany) solution in sterile PBS into the microchannels. The reaction was 

carried out at RT for 15 min Coated microchannels were rinsed twice with sterile PBS with 10 min 

incubation at RT in between consecutive rinses. The last step in optical chip preparation was 

conditioning with endothelial cell medium (composition below) in the cell incubator (Thermo, model 

3111, USA) for 1h before HUVEC seeding.  

7.2.3.3. Culture conditions 

Cells were cultured in cell medium (the composition of which is described below) in an incubator 

under 95% air and 5 % CO2 at 37°C (Thermo, model 3111, USA) prior to seeding in the optical chip 

and installment on the ICCP. 

7.2.3.4. Cell medium  

Lonza EGM-2 MV medium (CC-3202) (Lonza Group Ltd., Switzerland) supplemented with 

BulletKit from Lonza (CC-3156 & CC-4147) (Lonza Group Ltd., Switzerland) was used for HUVEC 

culture. 

7.2.3.5. Cells 

Lonza HUVEC (CC-2519) (Lonza Group Ltd., Switzerland) were cultured for confluence in T25 

flasks for at least 2 passages before being seeded in the microchannels of the optical chip. For 

experiments presented in this work, only HUVEC from passages between 2 and 5 were used. HUVEC 

were harvested from T25 bottles by prior trypsinization (0.05% trypsin solution in sterile PBS; 20 

µL/cm2 of trypsin solution), counted and resuspended in fresh cell medium at a concentration of 5000 

cells/µL. After cell collection, HUVEC were kept on ice; before introduction to the optical chip, they 

were gently shaken in the Eppendorf tube to ensure even cell distribution in the cell suspension. 

7.2.3.6. Cell seeding and culture in the optical chip with microfluidic interface 

HUVEC were injected into conditioned and pre-warmed microchannels at a concentration of 5000 

cells/µL in a volume of 30 µL per microchannel. After cell injection, chips were placed in the 

incubator for 1h to allow HUVEC to attach to the bottom of the microchannels. Unattached HUVEC 

were then removed by rinsing with fresh cell medium, and chips were placed in the incubator for 

another hour (1h). HUVEC cultured in the optical chip with integrated microchannels were seeded at 

confluency to facilitate flow application right after cell attachment to the chip surface. Approximately 

2 hours after cell seeding the Unigo® pump of the ICCP (Cellix Ltd.) was connected to the chip, and 

perfusion with medium was commenced according to the described program (Medium perfusion 

program). After experiments, the optical chips were cleaned according to the cleaning protocol 

(Section 2.3.7 of this chapter). As a positive control, cell culture in standard 96-well-plates was 

carried out in parallel with the optical chip.  

7.2.3.7. The cleaning protocol for the optical chip 

After the culture period, microchannels were rinsed with a pre-warmed to 37⁰C 0.05% trypsin 

solution in sterile PBS. A volume of 20 µL/cm2 of trypsin solution was used in order to clean the chip 

and reuse it for subsequent experiments. The trypsinization process was carried out for a period of 

one hour (1h) at 37⁰C and followed by three consequent rinses with PBS with 5 min incubation at 

37⁰C in between rinses. The washed optical chips were dried and stored at room temperature in an 

insulated box in order to prevent accidental fiber detachment from the fused silica substrate. 
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7.2.4. Demonstration of ICCP with the optical sensor 

A preliminary demonstration of the ICCP capabilities was performed with the optical chip which 

employs a new approach for real-time, non-invasive, label-free monitoring of cellular micromotion 

in HUVEC cultures. Briefly, HUVEC are cultivated in a confluent layer on a microchannel surface 

containing a nanocuvette, as described above. Red light (638 nm) is directly coupled into the few 

cells in the nanocuvette from an integrated waveguide, and the forward-scattered portion of that light 

is recorded as a measure of cellular micromotion (Figure 5) (Method described in Chapter 5). 

7.2.4.1. Medium perfusion program 

The Unigo® pump of the ICCP (Cellix Ltd.) was programmed with dedicated software to perfuse the 

cell culture in the optical chip with flow resulting in a shear stress of 1 dyn/cm2 for a period of time 

defined in the experiment. In the presented experiments, HUVEC were exposed to 1 dyn/cm2 for a 

period of three hours (3h). The duration of the initial flow period was dictated by the status of HUVEC 

culture in the optical chip after cell seeding. Cells shoud be firmly attached to the surface before 

application of a shear stress of 5 dyn/cm2, as they otherwise will be removed from the surface and 

flushed away from the optical chip. After the initial period of flow, the flow was increased and 

resulted with a shear stress of 5 dyn/cm2 (flow rate: 76.8 µL/min) until the experiments were finished. 

7.2.4.2. Optical sensing setup 

The optical sensing setup was composed of a light source, detectors, and the optical fibers employed 

for measurements of micromotion in HUVEC culture. As a light source, the NovaPro Laser Diode 

(638 nm, continuous wavelength (CW), max. power output 75 mW) (RGB-Lasersystems GmbH, 

Germany) was used with an initial power output of 5 mW in the experiments presented here. An 

APC/UPC connective optical fiber was installed on the laser by connection to a light coupler, and 

light was guided to an FC/UPC fiber attached to the optical chip. The FC/UPC optic fibers were 

irreversibly attached to the optical chip. Light is coupled to the chip with an optical fiber with core 

diameter of Ø 4 µm, and then divided evenly on the chip to be guided to four independent 

nanocuvettes. Light from each cuvette is collected separately with an optical fiber with core diameter 

of Ø 50 µm. All fibers are aligned and fixed in a plastic block structure (Fiber Array Unit, FAU) to 

facilitate proper light coupling into the optical chip and light collection from the waveguide structures 

on the optical chip. The light-collecting fibers were connected to PM100USB power meters (400-

1100 nm, working range: 1 nW - 20 mW, resolution: 100 pW) (Thorlabs, Germany) for signal 

acquisition. In the experiments presented, data were acquired for a period of 1h at a frequency of 1 

Hz (1 measurement point per second). A detailed description of the experimental setup can be found 

in Chapter 5. 

7.2.4.3. Forward Light Scattering measurement  

Optical measurements of HUVEC micromotion in the optical chip mounted on the ICCP were 

performed for 3h and 24h cell culture under a shear stress of 1 dyn/cm2 and 5 dyn/cm2, respectively. 

Simultaneously with the optical measurement, the ICCP was programmed to acquire images at 2 min 

intervals over the one hour (1h) period of the light-scattering measurement. 

7.2.4.5. Time-lapse imaging 

Images of cultured HUVEC in the optical chip were automatically acquired with the ICCP at 1 or 2 

minute intervals from predefined spots on the optical chip. Afterwards, series of images were stitched 

in Windows Movie Maker (Microsoft Inc. Seattle) and displayed as a time-lapse movie to show 

HUVEC micromotion under different flow conditions. Stitched images are displayed at a rate of 1 

frame per second (1 fps). 
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7.3. Results and discussion 

7.3.1. Monitoring of HUVEC culture in microfluidic channels under static and flow 

conditions with the ICCP 

Initial experiments in which HUVEC micromotion was monitored with the ICCP were performed 

under static conditions. The ICCP was programmed to keep the temperature at 37⁰C, and no medium 

flow was applied for the hour after HUVEC injection into the microchannels in order to allow cell 

attachment to the chip surface. After completion of the cell seeding procedure, a shear stress of 1 

dyn/cm2 (flow rate: 15.36 µL/min) was set in the ICCP operating program. The aim of this action was 

to remove unattached HUVEC and supply fresh medium to the microchannels, and in consequence 

prevent attached cells from dying because of nutrient depletion. The administered shear stress of 1 

dyn/cm2 during this initial period does not affect HUVEC behavior, and so this condition can be 

considered as “quasi-static” for the cells [26]–[28]. 

Approximately three hours (3h) after cell seeding in the microfluidic chip, the first series of images 

was acquired for a period of one hour (1h) and presented as a time-lapse movie (movie 1, Figure 6). 

HUVEC micromotion in the movie can be described as vigorous and stochastic [29]. Afterwards, the 

applied shear stress was adjusted to 5 dyn/cm2, and cells were cultured for 24h to induce cellular 

response to the shear stress. To visualize induced changes, the ICCP was set to acquire another set of 

images of HUVEC cultured in microchannels (movie 2, Figure 6). Our observation indicated 

decreased HUVEC motion for cells cultured under this higher-flow condition in comparison with 

cells cultured under static conditions (this observation is based on the movies provided with this 

manuscript). This difference is caused by the cells adapting an optimal position according to the 

experienced flow, in contrast to the case of no flow/very low flow, when HUVEC can freely adjust 

their shape in a continuous fashion. Additionally, we noticed gap formation in static HUVEC culture 

(Figure 5), which is an undesirable effect in endothelial cell cultures (endothelial cells naturally form 

tight barriers in order to control molecule trafficking [30]). No gap formation was noted at a shear 

stress of 5 dyn/cm2. Observation of gap formation has been regularly noted in previous experiments 

with HUVEC cultured in static conditions (data not shown). It appears that cells not exposed to a 

shear stress move a disorganized (stochastic) fashion in relation to neighboring cells, which leads to 

disruption of cell-cell connections and temporary gap formation. HUVEC exposed to shear stress 

show reduced intensity of micromotion and appear to behave in a more organized fashion, thus 

preventing gap formation. 

 

https://drive.google.com/open?id=0B9eLgMr32kRHXzFkUHRFRTVfazQ
https://drive.google.com/open?id=0B9eLgMr32kRHbmJPdi1RSjBER3c
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Figure 6. ICCP images of the same HUVEC culture in a nanocuvette under static conditions (3h 

after cell seeding) and flow (5 dyn/cm2, red arrow indicates flow direction in images) (15h after cell 

seeding) acquired over 45 min. HUVEC in the static culture appeared prone to cellular gap 

formation (red rim), whereas the HUVEC layer under flow remained intact. These images originate 

from movie 1 and movie 2, respectively. The nanocuvette is outlined in white in all images and has 

dimensions of 100 x 100 µm. 

 

7.3.2. Monitoring of HUVEC micromotion under a flow in the microfluidic optical 

chip with the ICCP 

After confirmation of the cell culture parameters, mechanical stability of microscope stage in the 

ICCP, we performed preliminary monitoring of HUVEC micromotion with the forward-light-

scattering method (described in detail in Chapter 5) facilitated by the optical chip with the 

microfluidic interface. The experiment was carried out according to protocols presented in the 

Material and Methods section and optical measurements were made three hours (3h) and eighteen 

hours (18h) after cell seeding. After the first optical measurement, performed under “quasi-static” 

conditions (1 dyn/cm2), flow was adjusted to 5 dyn/cm2 in order to stimulate the HUVEC to find an 

optimal position in the context of the cell culture. 

In Figure 7, optical measurements obtained with the optical chip mounted on the ICCP are presented 

as scattered-light-intensity traces of the same HUVEC culture recorded under static and flow 

conditions. HUVEC cultured under a shear stress of 5 dyn/cm2 showed decreased micromotion 

compared to static HUVEC cultures (Figure 7). Reduced cell micromotion is indicated as a trace with 

damped fluctuations in comparison to the trace for cells under static conditions (Figure 7B). This is 

a result of individual HUVEC optimal alignment in the current culture condition. In parallel to light-

scattering experiments, images of HUVEC were acquired (every 2 min.) in order to compare the light 

scattering patterns with cell images. Unfortunately, during the first optical measurement the ICCP 

camera lost autofocus and in consequence no good-quality images were obtained. For the second 

measurement, this malfunction was fixed and we obtained a series of images which were stitched 

together in order to create a time-lapse movie (movie 3, Figure 8). In movie 3, we can observe a cell 

migrating from the nanocuvette to the higher region of the chip. This observation shows that HUVEC 

growing inside and outside of the nanocuvette remain in close contact and communicate with each 

other, thus forward light scattering data of a few measured cells in the cuvette does reveal the status 

of the whole HUVEC culture. By simultaneous measurement of a few cells status instead of the whole 

https://drive.google.com/open?id=0B9eLgMr32kRHXzFkUHRFRTVfazQ
https://drive.google.com/open?id=0B9eLgMr32kRHbmJPdi1RSjBER3c
https://drive.google.com/open?id=0B9eLgMr32kRHZHhaOTMtaG9jM2c
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culture, we can obtain more detailed information about the physiological status of sampled cells [7]. 

At the same time, this method has the advantage of data acquisition in the context of a cell culture 

over e.g. flow cytometry, where individual cells have to be harvested and labelled for single cell 

analysis in a flow cytometer [31].  

  

Figure 7. (A) The plot presents power readouts acquired for HUVEC cultured under static conditions 

three hours (3h) after cell seeding into the microfluidic channels. These data indicate that HUVEC are 

constantly undergoing cytoskeletal rearrangement under static conditions, as also observed in the 

greater fluctuation of recorded power for this condition. (B) HUVEC under shear stress retain an 

optimal morphology for the applied flow. The blue arrow indicates spikes in registered power outputs 

caused by interruption of the experiment in order to refill the bottle with cell medium. 

 

 

Figure 8. The ICCP images of HUVEC morphology in the nanocuvette under conditions of flow (5 

dyn/cm2) applied for a period of fifteen hours (15h). The red arrow indicates the flow direction. The 

blue arrow points at the light injection spot. These images originate from movie 3. The nanocuvette 

is outlined in white in all images and has dimensions of 100 x 100 µm. 

7.4. Conclusions 

The ICCP was successfully applied in our research laboratory in experiments with an optical chip, 

facilitating automation of experimental procedures in which human intervention was reduced to a 

minimum, as a result. The chances of introduction of infection to a device or accidental chip breakage 

were thus reduced. This is an important aspect of the work with the optical chip, as it contains fragile 

elements, which can be accidently removed from the chip. By application of the ICCP, the optical 

chip manipulation was limited to only absolutely necessary steps like chip coating, cell seeding, flow 

attachment and cleaning steps, whereas the rest of actions was taken care of automatically by the 

platform.  

Using the ICCP for our experiments, it became possible to obtain valuable insight into cellular motion 

behavior by combining visual inspection with a microscope and forward light scattering 

measurement. Without the ICCP, which provides camera with autofocus, the whole procedure would 

A B 

https://drive.google.com/open?id=0B9eLgMr32kRHZHhaOTMtaG9jM2c
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have been tedious and difficult to perform, because of the manual operation of the optical chip and 

microscope at the same time. Additionally, manual image acquisition demands constant focusing, 

time control, and delicate operation with the microscope, because an accidental shift of the chip would 

result in the device shifting out of the set position and a resulting perturbation in the time-lapse movie 

production. 

Although the ICCP has been a great help in carrying out microfluidic experiments, it is not perfect 

yet. Currently, the ICCP cannot operate in the Y-axis; we identify this as a first spot for improvement 

of our device. This problem can be easily resolved by the addition of this function to the hardware 

and a software upgrade. It would also be beneficial to enlarge the current microscope stage to allow 

a greater level of freedom in adaptation of microfluidic devices. The bigger microscope stage would 

result in the need to enlarge the casing, but after the described adjustments we would obtain a generic 

cell culture platform broadly applicable in microfluidic research. 

This work presented a successful demonstration of the ICCP together with microfluidic and photonic 

insight into cellular micromotion with flow and no flow condition. The ICCP proved to be a useful 

tool with possibility of broad application in cell culture research by both experienced microfluidic 

experimenters and inexperienced researchers starting their microfluidic experimenting lines. 
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Abstract 
In this work, the use of fused deposition modeling (FDM) in a (bio)analytical/lab-on-a-chip research 

laboratory is described. First, the specifications of this 3D printing method that are important for the 

fabrication of (micro)devices were characterized for a benchtop FDM 3D printer. These include 

resolution, surface roughness, leakage, transparency, material deformation and the possibilities for 

integration of other materials. Next, the autofluorescence, solvent compatibility and biocompatibility 

of 12 representative FDM materials were tested and evaluated. Finally, we demonstrate the feasibility 

of FDM in a number of important applications. In particular, we consider the fabrication of fluidic 

channels, masters for polymer replication, and tools for the production of paper microfluidic devices. 

This work thus provides a guideline for (i) the use of FDM technology, by addressing its possibilities 

and current limitations, (ii) material selection for FDM, based on solvent compatibility and 

biocompatibility, and (iii) application of FDM technology to (bio)analytical research by 

demonstrating a broad range of illustrative examples. 
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8.1. Introduction 

It is safe to say that scientists working in research laboratories are generally not self-sufficient when 

it comes to conducting experiments, regardless of the field of interest. For example, we all are 

dependent on external suppliers for consumables and labware, which means that these materials must 

be ordered periodically and in a timely fashion, often in bulk, and stored somewhere before use. If 

experiments involve lab-on-a-chip technology and instrumental techniques, we must often turn to a 

workshop when it comes to things like customizing a microscope stage (for positioning a lab-chip, 

for example), or having clamping devices or alignment tools made. If the workshop is busy (as they 

often are), our experiment is delayed. Resorting to temporary solutions like duct tape to align and fix 

components to do that experiment anyway generally just leads to additional delay. The iterative 

development of a (bio)analytical device using “rapid” prototyping approaches can slow down 

significantly too, if we are dependent on external partners or companies to perform certain processing 

steps. All these are recurring issues, or annoyances at the very least, to which we have often had to 

resign ourselves in the prototypical microfluidics lab. The bigger problem is, of course, that these 

inconveniences cause us to be inefficient against our will, meaning they cost time and money. Can 

we envision a world where we can shed our experimental dependence on these kinds of external 

factors? Perhaps we can – at least, if we can master the new additive manufacturing techniques that 

constitute 3D printing. 

3D printing is not a new technology, as it has been used in some industrial settings for over thirty 

years. However, 3D printing systems have tended to be very specialized and expensive up until 

recently, making them relatively inaccessible for most potential end-users. In addition, early 

equipment was often not very user-friendly, with long and relatively unreliable printing processes 

being typical. The history of 3D printing, as well as a comparative description of a number of different 

3D printing approaches, has been nicely summarized in recent reviews1–6.  

In the last few years, we have seen a rapid increase in publications on the use of 3D printing in 

(bio)analytical and microfluidics research2. It has been used for the fabrication of channels7–11, sample 

cartridges12, and masters for replication of channels in poly(dimethylsiloxane) (PDMS)13–16; 

hydrophobic patterning in paper microfluidics17; and fabrication of labware and customized setups18–

25. Furthermore, 3D-printed materials have been studied to some extent with respect to their physical 

properties9,26 and biocompatibility in cell or tissue-based assays18,21,25,27. As optical transparency is 

often a problem with 3D-printed lab-chip devices, incorporation of glass slides into these devices has 

also been reported25,27. These advances have been achieved with different 3D printing approaches, 

namely stereo lithography (SL), fused deposition modeling (FDM), inkjet 3D printing, digital light 

processing (DLP), and selective laser sintering (SLS). This means that the experience that researchers 

have with 3D printing for device fabrication is somewhat fragmented. It would therefore be useful to 

assess and characterize all these approaches individually, to allow for a better comparison of 

approaches and selection of the most suitable approach for a given application. 

As a first step in this direction, we focus in this contribution on 3D printing by FDM. We describe 

the technology and address its current possibilities and limitations with respect to (bio)analytical 

devices, and more generally, experimental research. Furthermore, this work contains an extensive 

table in which several important properties (including biocompatibility and solvent compatibility) of 

twelve representative FDM materials are listed, to aid in material selection for specific medical, 

biological, or chemical applications. Finally, we demonstrate the applicability of FDM to the 

fabrication of (bio)analytical (micro)devices and customization of experimental setups. All the 

examples in this paper were designed, fabricated and implemented in our lab at the University of 
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Groningen, and are presented here to show the impact that 3D printing has had on our own “micro-

environment”. 

8.1.1. Fused Deposition Modeling (FDM) 

FDM is based on the melting and extrusion of polymer filament. Filament is fed into and melted in a 

heated metal cylinder ending in a nozzle. As fresh filament is supplied continuously into this 

component, the molten polymer is pushed out of the nozzle, forming a thread roughly the size of the 

nozzle diameter. In order to shape this thread into a plastic part, the nozzle is placed above a metal 

plate (print bed) at a distance that depends on the desired resolution. Upon exiting the nozzle, the 

filament is deposited on this print bed, which can be heated in order to promote attachment. When 

the print bed and nozzle are both controllably moved in perpendicular directions, we can draw a two-

dimensional figure on the print bed, having the thickness of one polymer thread. This thickness 

(generally between 0.1 and 0.3 mm) is controlled by (i) the distance between the nozzle and the print 

bed and (ii) the ratio between the flow rate of filament through the nozzle and the printing speed. 

When the first layer is finished, the print bed is lowered by a fixed distance (i.e. the thickness of a 

single layer) and a second layer can be printed on top of the original one. By repeating these steps, an 

object is created in an additive manner. 

In order to print a 3D-drawn model, it first needs to be translated to a file which guides printer 

operation. This process is described in detail by Gross and co-workers1. In short, the 3D drawing 

(often a vector file) is saved in the *.STL format, which is a triangular surface mesh. This file is then 

sliced into a path for the extruder to follow (generating a G-code); the solid model is thus converted 

into a digital equivalent of filament threads. 

8.2. Materials and Methods 

8.2.1. Characterization of a benchtop FDM 3D printer 

For the fabrication of the devices in this work, a Felix v.3.0 (FELIX printers, de Meern, The 

Netherlands, nozzle diameter = 0.35 mm) was used. This FDM 3D printer was chosen because of its 

open and accessible architecture. SolidWorks (Waltham, MA, USA) was used to design the 3D 

models for printing, which were then sliced using sFact/Skeinforge freeware. Repertier host freeware 

was used to control the 3D printer. We characterized this printer by considering (i) resolution, surface 

roughness and overhang, (ii) leakage prevention, (iii) transparency, (iv) combination of materials in 

one printed object, and (v) object warping during printing (Supporting Information (SI), protocols 

S1-S3). 

8.2.2. Polymers for FDM 3D printing 

A number of physical and biological specifications of twelve FDM filament materials were assessed 

in this study (SI, protocols S4-S6). The materials with their respective printing parameters are listed 

in Table S2, SI. These 12 materials are representative of commercially available materials for FDM. 

They comprise different polymers, and have varying degrees of elasticity. The materials were tested 

for (i) autofluorescence at three wavelengths (Protocol S4), (ii) compatibility with different solvents 

(water, methanol, acetonitrile, isopropanol, acetone) (Protocol S5), and (iii) biocompatibility with a 

primary cell model (Human Umbilical Vein Endothelial cells (HUVEC)) and a rat tissue model 

(Precision Cut Liver Slices (PCLS) (Protocol S6). 

Biocompatibility in the context of this study refers to the material property that results in the viability 

of cells and tissue being unaffected when exposed to the material under in vitro culture conditions. A 

material that is not biocompatible will adversely affect cell or tissue viability in its proximity to some 
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extent, resulting in altered cell behavior or even death. HUVEC cultures and PCLS were exposed to 

the different 3D-printed materials for 18 and 24 hours, respectively. One-day incubation is sufficient 

to assess whether the printed materials are toxic for the tested in vitro models28,29. Viability was 

assessed in HUVEC by microscopy and a test of metabolic activity (MTT test); viability in PCLS 

was assessed by quantifying the adenosine triphosphate (ATP) content, and lactate dehydrogenase 

(LDH) leakage into the medium. A material was considered biocompatible if the test results were not 

found to be statistically different from the control experiment. 

8.2.3. Applications of FDM 3D printing 

In the final part of this work, we tested the applicability of FDM to number of common lab-on-a-

chip/(bio)analytical applications. The applications that are considered in this work are (i) channel 

fabrication, (ii) channel replication in PDMS, (iii) paper microfluidic channel fabrication, and (iv) 

setup customization (SI, protocols S7-S8). 

8.3. Results and discussion 

8.3.1. Characterization of a benchtop FDM 3D printer 

8.3.1.1. Resolution, surface roughness and overhang 

Resolution is an important issue with respect to the current generation of benchtop 3D printers if 

small (<100 µm) channels are desired. Most published examples of 3D-printed microchannels report 

channel sizes of a few hundred µm (e.g. 200-250 µm for DLP9,10,30). Figure 1 shows a 3D-printed 

object with channels of varying size and shape. Open channels with dimensions below 200 µm (400 

µm by design) were obtained, which was ascertained by shining light through them. The difference 

between the actual and designed channel width is a result of the tolerances of the printer. Positive 

structures (solid, protruding) are generally printed slightly larger, whereas negative structures 

(recessed, open/embedded) are slightly smaller. The surface and shape of these small channels are 

not so smooth, due to the fact that these dimensions are in the same range as the dimensions of a 

single thread of extruded material. Larger channels assume a more well-defined shape. 
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Figure 1. Resolution of FDM 3D-printed channels (rectangular, circular and diamond-shaped). The top panel 

shows the front view of the entire test structure, presented in Figure S1, SI. The panels below depict enlarged 

views of the individual channels, all scaled individually to the size of the frame. 

 

In other work on FDM, a channel with a diameter of 0.8 mm was successfully used in 3D-printed 

reaction ware7. However, the effect of limited resolution due to filament dimension is clearly visible 

in Figure 1 at this smaller scale. In larger channels, the microstructure of the fused threads of filament 

is identical to that of smaller channels, which means that these channels possess the same absolute 

surface roughness. However, the overall effect of individual filaments on the definition of channel 

shape is much less pronounced, as can also be seen in Figure 1. This is inherent to the FDM process 

and should be taken into account when selecting FDM as a fabrication method. While it is clear that 

FDM is not suitable for direct fabrication of smooth microfluidic channels, it can be suitable for 

structures that are less dependent on exact channel shape, or can be operated in the millimeter scale 

(millifluidics). 

Figure 1 also shows the quality of overhanging structures. Due to the nature of FDM, bridging 

structures are difficult to produce, as there are no layers supporting them. One solution to this problem 

is to print support structures (implemented into the G-code during slicing), which can be removed 

afterwards. However, such structures are impossible to remove inside small channels. A second 

option is to use dual-head printing, in which the channel can be filled with a water-soluble material 

(e.g. PVA). The easiest solution (if applicable) is to use designs which circumvent this issue 

altogether. Overhang tends to start collapsing when its size exceeds a certain threshold. Below this 

threshold (more or less 1 mm, see Figure 1), collapse is not a problem. If a circular or diamond channel 

shape is chosen instead of a rectangular one, the overhang is gradually formed. Figure 1 shows that 

the quality of the cross-sectional geometry of large channels increases as we go from rectangle (in 

this case, square) to circle to diamond. However, for channels 1 mm or smaller, the fidelity of the 

cross-sectional geometry is best for the rectangular shape.  
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8.3.1.2. Prevention of leakage 

Leakage is probably the most undesirable phenomenon that a fluidic device can exhibit. Figure 2 

demonstrates a number of channels (width x height = 0.8 x 0.8 mm) of the exact same geometry, yet 

sliced with different settings, that are filled with a methanol/water 1:1 (v/v) solution containing blue 

dye. The value of the infill solidity parameter determines the ratio between filament and air in the 

interior of the part; a value of 0.2 yields a very open infill, whereas 1.0 leads to a complete fill of the 

internal volume. Shell number refers to the number of adjacent filament threads that outline the 

contours of all structures.  

 

Figure 2. Influence of infill solidity and shell number on leakage prevention in a 3D-printed channel. Estimated 

print time (after slicing) is shown for each setting as well. Detailed schematic diagrams are given in Figure 

S2, SI. 

 

This figure shows that a more solid infill is preferential for fluidic devices. However, this means a 

larger consumption of material, as well as increased printing times, as can be seen from the estimated 

print times, calculated by the software after slicing. Another way to prevent leakage is to increase the 

shell number. Even with a very open infill (0.2), a shell number of ‘4’ led to a channel exhibiting no 

leakage into the rest of the part. These settings also result in shorter print jobs compared to high-infill 

settings. 

8.3.1.3. Transparency 

Many microfluidic devices rely on visual (microscopic) inspection for control of their operation. For 

this reason, materials such as PDMS, glass and transparent thermoplastics are very popular in the 

field. Transparency is claimed for a number of FDM materials. As of yet, to the best of our knowledge, 

60% transmission (430-620 nm light) through a 500-µm-thick polymer layer is the highest level of 

transparency achieved, but this was done with photocurable resin and DLP9. In FDM, not only the 

transmission of the material itself, but also the microstructure of the produced parts is relevant. Due 

to the stacking of layers of threads, light is scattered as it passes through a polymer device. When 

using one of these “transparent” materials, see-through devices can be made, as long as the thickness 

of the part is kept at a minimum (roughly up to 1 mm). In order to cope with this, glass slides can be 

integrated into 3D-printed devices. One possible approach is to fabricate a channel with the 3D printer 

which is open at the bottom, and then attach it with glue, or a photocurable resin to the glass slide25,27. 

In this work, we produced a test device with sealed channels that were 3D-printed on top of an 

embedded glass slide. This glass slide was inserted during the print, after pausing the printer. This is 

an attractive feature of FDM 3D printing, that is not found in SL or DLP approaches. Figure 3 shows 

the device, filled with an aqueous solution of blue dye, from the top (Figure 3A, PLA side) and from 

below (Figure 3B, glass side). The thickness of the PLA ceiling over the channel is 0.8 mm. Although 

the liquid can be observed when the channel is viewed from above (Figure 3C), it is clear that true 

transparency is not achieved. However, when viewed through the glass slide at the bottom of the 

channel we obtained an unobscured view. The obtained channels can confine aqueous solutions and 
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are compatible with microscopy on the glass-slide side. More research is required, however, to 

quantify and improve the strength of PLA adhesion to the glass, which is weaker than attachment to 

PLA. When PLA is printed on top of PLA, the layers melt together, which does not happen when 

printed on glass. Noteworthy is that FDM provides for the incorporation of other materials or 

components besides glass, such as paper, membranes, and electrodes. 

The above-mentioned solution enables transparency in channels with one planar wall (which is the 

glass slide in this case), but this approach cannot be applied to channels making up 3D networks in a 

device. However, such channels should only be used when there is a functional demand, since they 

are more difficult to produce. If such a channel is included in a device for a functional reason, and 

visual inspection is also needed, a channel with a planar wall (such as a glass slide) can be 

implemented into the design after this functional element, and can be used for visual inspection of 

the parameter of interest. Alternatively, FDM-printing could be used for indirect fabrication of 

channels that travel through all planes, by employing sacrificial templates31 (described in section 

Applications of FDM 3D Printing – 3D-printed masters for PDMS casting) in a transparent material. 

8.3.1.4. Combining materials 

In addition to the integration of non-3D-printed objects into a part, FDM also allows the fabrication 

of hybrid devices. Highly complex structures can be obtained by using dual-head printing, in which 

two materials can be printed more or less simultaneously, thus allowing embedding of one material 

in the other. A simpler approach is to pause the print at a certain point and exchange the filament. 

One such example can be found in the combination of PLA with Arnitel in a two-layer part for 

masking paper during exposure to oxygen plasma17. When pressure is applied to the rigid PLA side, 

the flexible Arnitel side conforms to whatever surface it is in contact with, in this case paper. Using 

this approach, it was possible to shield paper from exposure to oxygen plasma, as demonstrated in 

previous work17. 

 

Figure 3. (A, B) PLA-glass device with sealed fluidic channels, suitable for microscopic inspection (see SI, 

Figure S3 for dimensions). The glass slide is incorporated into a single 3D-printed PLA part. The glass is 

inserted during the print, by pausing the print. (C) Transparent PLA was used, which gives semi-transparency 

through a limited thickness. The thickness of the top PLA layer through which the blue solution is being 

visualized is 0.8 mm, which is clearly too thick for a clear image of the microchannel (1 mm wide and high). 

(D) The blue solution in the same printed channel can be clearly imaged under the microscope when viewed 

through the glass bottom. There appears to be a bit of leakage along the edges of the PLA channel where it 

contacts the glass slide. 
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8.3.1.5. Warping 

During a print, especially for large, time-consuming parts, the internal temperature of the printed 

object tends to vary. Materials are printed at high temperature (around 200°C, the temperature of the 

extrusion nozzle) onto the print bed (around 60°C) and cooled with an integrated fan for quick 

solidification. This usually causes shrinkage and can lead to deformation through warping. Warping 

can lead to detachment from the print bed and thus compromises part fabrication. Warping can easily 

become a problem if the temperature of the print bed is too low, or if the print bed is not well aligned 

or is too far from the extruder. Under all these circumstances, initial attachment to the print bed is 

insufficient. Materials that require higher temperatures for extrusion and bed adhesion are especially 

prone to warping and detachment (e.g. ABS). There are a number of options to reduce or prevent part 

detachment due to warping: (i) place the printer in a closed box (preventing convective air movement) 

that can be heated to maintain a more uniform temperature distribution, (ii) coat the print bed with a 

material that enhances adhesion (e.g. ABS dissolved in acetone or hairspray), (iii) print the first few 

layers of the part in a material that has good adhesion to the plate (e.g. PLA soft) and then switch to 

the actual material for the print, (iv) have the slicing software include a brim in the G-code for the 

part, which can be removed after the print is done. Incorporating a brim means that a number of 

additional shells are printed on the first layer to increase the surface attached to the plate. 

8.3.2. Polymers for FDM 3D printing 

The results for the different characterizations performed on 12 FDM materials can be found in Table 

1. We refer the reader to Table S2 in the SI for a list of the printing parameters for these materials. 

The following sections deal with the different aspects of the materials that need to be taken into 

account when a material is selected for an application. Note that suppliers of filament (i) generally do 

not list the exact chemical composition of their filament and (ii) are continuously improving their 

products, as we are currently going through a phase of rapid development in the 3D printing field.  

8.3.2.1. Polymer printability 

This section describes the problems that might be encountered when printing the different polymers 

individually. The success or failure of the print process for a part largely depends on whether the first 

layer is printed properly or not. As alluded to in the previous section, warping and/or detachment 

from the print bed is an important cause for failure. The print bed used in this work can reach a 

maximum temperature of approximately 80°C. This means that materials like ABS, PS, and 

especially PC are difficult to print, as they require higher temperatures for bed adhesion and are thus 

more prone to warping. For small parts, this can be overcome by printing with a brim, as discussed 

above. Coating of the print bed with adhesive material also improves attachment, but was not an 

option for this study, as it would lead to contamination of the test structures. For the production of 

PC parts, another temperature-related problem can be encountered, associated with the actual 

softening of printer components (e.g. PEEK insulation) after prolonged usage at temperatures around 

250°C. This can lead to irreparable damage of the printer component. 

8.3.2.2. Autofluorescence 

The autofluorescence of a material refers to its own tendency to emit fluorescence upon illumination 

with light at certain wavelengths. Autofluorescence can be a limitation when the material is used in 

tests that rely on fluorescence, especially for quantitative analysis. Table 1 shows to which extend the 

12 materials that were tested exhibit autofluorescence at different wavelengths. We defined categories 

with selected thresholds and classified the materials accordingly. The photographs and numerical data 

can be found in Figures S5 and S6 of the SI, respectively. All the materials tested exhibit 
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autofluorescence to some degree, but with some the level is quite acceptable. PLA 45 can be 

employed when green and red fluorescence are used, whereas PLA soft is applicable to blue and red. 

In general, the FDM materials tested exhibited less autofluorescence at red wavelengths. The 

application of fluorescence detection at longer visible (red) wavelengths in a 3D-printed device thus 

allows for a broader selection of FDM materials. Importantly, some of the tested materials contain 

(colored) additives, which might influence the level of autofluorescence.  

Table 1. Solvent compatibility, biocompatibility and autofluorescence of 12 FDM materials* 
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PLA gold Polylactic acid Gold None + ++ + + +/- -- + -- + + 

Transparent PLA Polylactic acid Colorless Semi + + +/- + +/- -- + -- + + 

PLA soft Polylactic acid Beige None +/- + +/- + + +/- + +/- + + 

PLA 45 Polylactic acid White None ++ +/- - + +/- -- +/- -- + + 

ABS Acrylnitrile 

butadiene 

styrene 

Orange None ++ ++ ++ + - -- + -- + + 

PC Polycarbonate Colorless 

 

Semi ++ ++ ++ + + - + - + + 

PS Polystyrene Crème 

 

None ++ ++ + + + + + -- + + 

PVA Poly vinyl 

alcohol 

Light yellow Semi ++ ++ ++ -- -- - - -- - - 

PET Polyethylene 

terephthalate 

Colorless Semi ++ + +/- + + - + - + + 

T-Glase Polyethylene 

terephthalate 

Colorless Semi ++ + +/- + + - + - + + 

Arnitel Thermoplastic 

Co-Polyester 

White None ++ ++ +/- + + + + + + + 

Bendlay Acrylnitrile 

butadiene 

Colorless Semi + ++ + + + - + - + + 

* The classification of biocompatibility, solvent compatbility and autofluorescence is based on the rules for 

performance described in the SI (Protocol S5, Solvent compatibility; Protocol S6, Biocompatability; Figure 

S6, Autofluorescence). 

 

8.3.2.3. Solvent compatibility 

Table 1 gives an overview of the compatibility of the 12 materials with 5 different solvents. 3D-

printed test structures were exposed to the different solvents. The difference after 1 week (168 h) in 

weight of the structure before and after exposure, and the amount of dissolved material in the solvent 

were determined by weighing the content of testing tubes. The materials were then classified into 

different categories based on this numerical data and photographs after exposure (respectively, 

Figures S7 and S8, SI). These results demonstrate that all the materials except PVA are compatible 

with water. Isopropanol and methanol are both compatible with most materials, but acetonitrile and 

acetone are more challenging. Arnitel is the only material from this selection which can be employed 

for all five solvents. Furthermore, it is remarkable that the flexible materials (PLA soft and Bendlay) 

show better solvent compatibility than the rigid filament on which they are based (PLA and ABS, 

respectively), which we assume is caused at least in part by additives meant to increase flexibility. 

Finally, it should be noted that in a few cases the sum of dissolved weight and remaining weight 
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exceed 100% of the initial weight (see Figure S7). This can potentially be attributed to swelling 

phenomena and/or encapsulation of solvent in the polymer matrix.  

8.3.2.4. Biocompatibility 

Table 1 shows the results of these biocompatibility studies. Out of the twelve FDM materials tested, 

eleven show biocompatibility with HUVEC and PCLS (Figures S9-S13, SI); only PVA shows 

significant toxicity for both biological models in comparison with the controls (p = 0.009 for MTT 

test in HUVEC; p=2*10-7 for LDH leakage in PCLS; p=0.002 for ATP measurement in PCLS). 

Although PVA is described as a biocompatible material and is used in medical studies32, it was toxic 

in experiments performed with both HUVEC and PCLS. This may be explained by the high solubility 

of PVA in the aqueous medium. This leads to an observed increase in medium viscosity (medium 

becomes gel-like), which may result in decreased diffusion of nutrients and oxygen to the cells and 

hence decreased viability. Furthermore, contaminants or additives might be present in the filament. 

After dissolution these might have a toxic effect on the biological material. The fact that the solvent 

compatibility studies show no dissolution of any of the other materials in water is also in line with 

the observation that they do not cause a loss in viability in cells or tissue. 

A control experiment was carried out to assess the possible influence of the materials on the 

fluorescence-based LDH assay. It measured absolute emission intensity, in the absence of PCLS. The 

only material that caused a significant increase of the intensity measured was PVA (p=4*10-7). 

However, the average difference from the control was 134 AU, which is less than 1% of the average 

fluorescence intensity measured in medium for PCLS incubated with PVA for 24 hours. The effect 

of PVA itself on the LDH assay can therefore be regarded as negligible.  

The assays show similar results in cell and tissue cultures. Futhermore, the results are comparable to 

those found in earlier studies to assess the biocompatibility of FDM materials18,25,33 – though this 

study comprises a broader range of materials. To the best of our knowledge, we observe only one 

deviation from previous biocompatibility results, namely for ABS. Hyde and co-workers18 found that 

ABS exhibits some toxicity towards human neuroblastoma cells and mouse pituitary cells. It was also 

shown that ABS influenced the functionality of cortical neurons. We, however, have not observed 

any negative effects of ABS on the HUVEC or PCLS models. Furthermore, the toxicity of a material 

might also be attributed to additives in the material, which can vary from producer to producer. While 

our results can serve as a guideline for selecting a safe material for in vitro cell or tissue studies, 

researchers in other labs and working with other cells or tissue will need to confirm the 

biocompatibility of their materials for their biological models. Finally, with the possible applications 

of implantable devices in mind, more extensive, clinical biocompatibility studies are required to test 

the safety and stability of the materials in vivo. 
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8.3.3. Applications of FDM 3D printing 

8.3.3.1. 3D-printed masters for PDMS casting 

The use of 3D printers for the fabrication of masters which can be used for casting PDMS (and other 

curable materials) has been demonstrated for inkjet printing (down to 100 µm resolution15) and DLP 

(down to 50 µm resolution13). Figure 4 shows two FDM-printed masters and the resulting PDMS 

devices. The smallest channel produced had a width of approximately 300 µm.  

 

Figure 4. 3D-printed masters for PDMS casting. (A) Master for replication of straight channels (width and 

height varied between 0.3 and 5.0 mm, aspect ratio of 1). (B) PDMS replicate from the 3D-printed master. (C) 

Channels were sealed with a PDMS layer and filled with blue solution through holes lining up with the ends 

of the channel. (D) Expanded view of one of the filled channels. (E) Master for a complex channel. (F) PDMS 

replicate of the complex channel, filled with blue dye solution. 
 

Figure 4 also demonstrates that complex architectures are easily achievable (Figure 4E), but that the 

variation in channel width in such devices is quite substantial. The nominal width of the spirally laid 

out channel in Figure 4F, made using the master in Figure 4E, is 0.3 mm. However, the width of the 

dye-filled channel varies roughly between 0.1 mm and 0.5 mm. Additionally, the base plane of the 

master suffers from roughness, which is characteristic for FDM 3D printing as discussed earlier. This 

is replicated in the PDMS cast, which can complicate bonding of parts to a flat surface for sealing. 

This in turn increases the likelihood of leakage. It is possible to use FDM-printed templates for PDMS 

replication, but other 3D printing methods are perhaps more suitable for this purpose, depending on 

the required resolution of the part. 

The production of sacrificial templates with 3D printing for replication of microfluidic devices (by 

dissolution of the polymer after curing) has been reported31, and is a method that can be adapted for 

FDM. One could print a 3D object in PVA, cast PDMS around it and later dissolve the PVA in water 

to remove it. This approach could also circumvent the above-mentioned problem of leakages in the 

PDMS device due to surface roughness of the master, as the PDMS device could be replicated in a 

single step. 

8.3.3.2. 3D-printed channels 

Many reports have described the use of 3D-printed channels, some of which employed FDM7. Figures 

1, 2 and 3 of this paper show simple examples of embedded channels made with FDM as well. From 

an applications point-of-view, FDM 3D printing is suitable for the production of fluidic channels. 

However, if one is aiming to produce channels with cross-sections on the order of 100 µm or less, 

FDM is currently not the way to go. This is because FDM resolution is limited by the nozzle diameter, 
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and therefore by the dimensions of extruded filament threads. 3D-printed channel structures might be 

employed for cell or tissue culture, though a glass slide needs to be incorporated in order to allow 

microscopic examination of the cells. Most of the materials that are used in FDM 3D printing are also 

biocompatible, which makes this method an excellent choice for development of devices for cell-

based applications. Furthermore, FDM-printed channels might be a good option for devices that do 

not need micrometer dimensions for exact fluid control, such as for simple chemical processes. This 

is especially true when there are financial or technological restrictions. 

Since 3D printing allows the creation of objects of almost any shape, the fluidic entrance can be 

designed to fit to tubing or other means of coupling to a pumping system. It was demonstrated above 

that by only applying hydrostatic pressure, leakage could easily occur in devices with open infill, but 

also that it could be solved by increasing shell number or infill solidity. Such aspects need to be taken 

into consideration during both the design and slice processes. 

8.3.3.3. Patterning in paper microfluidics 

Hydrophilic channels or lanes can be defined in paper using hydrophobic patterning techniques. 

Passive fluid transport by capillary action then serves to move liquids through the paper channels to 

carry out reactions or other sample handling. Hydrophobic patterning may be accomplished in 

different ways. 3D-printed parts may be used in the production of paper microfluidic structures, as 

we have reported for the patterning of alkyl ketene dimer-treated paper strips17. One other approach 

which has received some attention in our lab involves the use of wax deposition34, for which we have 

developed a tool by FDM 3D printing, as shown in Figure 5. The 3D-printed parts (Figure 5A-B) 

successfully shielded parts of the paper from the deposition of molten wax when the assembly in 

Figure 5B was dipped in it. This reproducibly led to clearly defined hydrophilic (untreated paper, 

white) and hydrophobic (wax-treated, gray) regions (Figure 5C-D). The paper channels defined 

between the wax barriers were characterized with respect to their width (Figure 5D-E). Correlation 

was found between the width of the thin PLA strip of the mask and the size of the resulting paper 

microfluidic channel. 3D printing is very suitable for the realization of rapid prototyping of different 

paper microfluidic structures. However, for mass production of paper microfluidic devices, other 

production methods are more time-efficient.  
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Figure 5. Wax patterning approach that used 3D-printed masks to shield the paper from modification. (A) 3D-

printed PLA parts (green and pink) and a strip of paper. (B) Assembly of the parts with the paper strip 

sandwiched between the green rectangular base and pink mask. (C) Resulting wax patterns on paper. (D) 

Microscopic image of a wax pattern defining a paper channel (approximately 2 mm wide), with a ruler for size 

calibration. (E) Correlation between size of the 3D-printed masks and the actual channel size. Error bars show 

standard deviations (n=5 per data point). 

 

8.3.3.4. Customizing lab equipment and 3D-printed tools 

A last example of the applicability of (FDM) 3D printing for a research lab involves the production 

of labware, lab tools, or the customization of an experimental setup, saving money, time and allowing 

for robust and user-friendly experimental setups. Figure 6 shows a few such applications in our 

laboratory. 

 

Figure 6. Examples of 3D-printed tools, used in a research laboratory. (A) 3D-printed pipet holders (red). (B) 

A 3D-printed stand for a bulky 4-way valve (colorless). (C) A 3D-printed alignment plate for pins, to create 

aligned holes when casting a slab of PDMS (colorless). (D) A customized 3D-printed microscope stage for 

cell cultivation microchips (blue). 



148 

 

8.4. Conclusion 

In November 2012 we bought a Felix v.1.5 printer for roughly 1.000 €. At that time we had no real 

expectations of this technology, and it seemed like an interesting and relatively inexpensive 

experiment. 3D printing was a new concept in the field of lab-on-a-chip and (bio)analytical 

technology and few labs had experience with this technology. Now, only about 4 years later, we have 

seen a rapid increase in the number of publications in microfluidics and related fields utilizing this 

technology. Furthermore, it is now difficult to imagine life in our own lab without 3D printing.  

3D printing is a technique that belongs to everybody. The advent of affordable printers has meant the 

rapid establishment of this technology in many aspects of life besides research. The societal impact 

of the technology has been growing, meaning that further leaps in the development of this tool are 

likely in the near future. One big advantage of the common appeal of the 3D printer, is the fact that 

there is a large interactive community revolving around this topic. This community has proven to be 

valuable for the research described in this work, as solutions for some of the described problems (as 

well as some ideas) were developed after consulting various internet forums, such as the RepRap 

forums and various forums linked to commercially available printers (e.g. Felix and Ultimaker). 

Unfortunately, such information is diffuse and almost impossible to trace to the original authors or 

inventors, and so their sources do not appear in the list of references for this work. 

In relation to other printing approaches, FDM is probably the most accessible. Both the materials and 

the printer itself are inexpensive. Other advantages of the FDM method include the ease with which 

different materials can be switched during a print, and the possibility to integrate and embed external 

components into a single part. Other benefits are the biocompatibility of most FDM materials with 

tissue and cells, and the wide range of materials available for printing. Drawbacks are mainly related 

to the resolution and surface smoothness (which is slightly better with other 3D printing approaches, 

like DLP). However, given the rate of current developments, we expect that (FDM) printers capable 

of achieving higher resolution will become available in the foreseeable future. 

It is our hope that this work, as well as all the work cited, will help to convince researchers in the 

field of microfluidics and lab-on-a-chip that 3D printing indeed offers grand opportunities to do 

better, more efficient science. This is certainly a technology that can make our jobs as scientists easier, 

and moreover, stimulate our creativity. 
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Protocol S1: Characterization of resolution, surface roughness, and overhang. 

Embedded channels (rectangular, circular and diamond-shaped) were printed in red PLA (EasyFil, 

Formfutura, Nijmegen, The Netherlands) with dimensions ranging from 0.1 to 5.0 mm with an aspect 

ratio of 1 (Figure S1). The structures were illuminated from both sides to visualize the surface and 

the channel under a microscope (Leica S8APO, Leica Microsystems, Wetzlar, Germany). Slice and 

print settings are listed in Table S1. 

 

Figure S1. SolidWorks model to characterize printing resolution and assess the impact of overhanging 

structures such as channel ceilings in different designs. The structure shown in the SolidWorks drawings 

contains embedded channels having rectangular, circular, or diamond-shaped cross-sections of varying sizes. 

(A) Front view of the structure with embedded channels. (B) 3D view of the same structure as in (A). Three 

different cross-sectional channel shapes were tested (square, circular and diamond-shaped). The diameter 

(circular) or diagonal width (square, diamond-shaped) was varied (from left to right, in mm: 0.1, 0.2, 0.3, 0.4, 

0.5, 0.6, 0.7, 0.8, 0.9, 1.0, 1.5, 2.0, 3.0, 5.0), while the aspect ratio was kept constant at 1 (channel height = 

channel width). 
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Protocol S2: Prevention of leakage 

An embedded channel (l = 15 mm, w = 0.8 mm, h = 0.8 mm) with an inlet and outlet reservoir (ID = 

4 mm) was printed in Transparent PLA (Figure S2A). The part was printed with different infill 

solidities and shell numbers (Table S1, Figure S2B). After the parts were printed, 50 µL of a 

methanol/water solution (1:1 (v/v)) of blue food dye (Jo-La, E131, Bharmco Foods, Braambrugge, 

The Netherlands) was introduced to the inlet reservoirs to fill the channels, and photographs were 

taken. 

 

Figure S2. (A) SolidWorks design for a device to test prevention of leakage in 3D-printed channels. The 

embedded channel has a length of 15 mm, width of 0.8 mm and depth of 0.8 mm. The thickness of the PLA 

channel ceiling is 0.7 mm, whereas the channel base is 1.1 mm thick. (B) Different infill solidities and shell 

numbers were set in the slicing software to assess their impact on the prevention of leakage.  
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Protocol S3: Transparency 

A device was designed with an internal cavity that acted as a frame for a glass microscope slide (Table 

S1, Figure S3) and printed in Transparent PLA. Once the device had been printed up to the point 

where the cavity walls were completed, the print was paused, and the glass slide was inserted into the 

cavity. The print was then continued, and sealed channels were printed on top of the glass slide (i.e. 

the glass slide served as the bottom of the channel). Once finished, the channels were filled with 

aqueous blue dye solution and imaged from the top and bottom through the PLA and glass layers, 

respectively. The transparency of the PLA device could be characterized qualitatively in this way.  

 

Figure S3. Hybrid PLA/glass device to test transparency. A hollow frame was designed in SolidWorks, with 

an internal cavity the size of a microscope glass slide (27 mm by 75 mm by 1 mm). The device was printed in 

Transparent PLA. (A) The device was printed up to the point where the cavity walls were completed. (B) The 

print was then paused and the glass slide (blue) was inserted into the cavity, to form the bottom exterior surface 

of the device. (C) The print was then continued and PLA channels were printed onto the glass slide, which 

served as the bottom of the channels. (D) The rectangular channels were sealed by printing transparent PLA 

over them, and solvent reservoirs were printed on the inlets and outlets of the channels. 

  



Chapter 8 

155 

 

 

Table S1. Slice and print information for various 3D-printed test structures and devices 

a Ratio between filament and air in the interior of the part. A low Infill solidity value (e.g. 0.2) leads 

to a relatively open infill, whereas a high value (e.g. 1) leads to a solid part. See also Fig. S2. 
b Number of adjacent threads of filament that outline all structures.  

  

 

Process 

 

Parameter 

 

Structure for 

resolution test 

and PDMS 

replication 

molding 

 

 

 

 

Device for leakage 

prevention test 

 

Device for 

transparency test 

Slicing Resolution 0.13 mm (z) 

0.26 mm (xy)  

 

 

0.13 mm (z) 

0.26 mm (xy)  

0.13 mm (z) 

0.26 mm (xy) 

 Infill soliditya 1  0.2, 0.5, 1.0 1 

 Infill pattern n/a  Line n/a 

 Shell nr.b 1  1, 2, 3, 4 2 

Printing Printing speed 

(perimeter / infill) 

25 mm/s;  

40 mm/s 

 25 mm/s;  

40 mm/s 

25 mm/s;  

40 mm/s 

 Extruder temp. 200 OC  200 OC 200 OC 

 Print bed temp. 60 OC  60 OC 60 OC 

 Filament type PLA EasyFil, red  Transparent PLA Transparent PLA 

Miscellaneous  n/a  n/a Insert glass slide 

during the print 
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Table S2. List of tested FDM materials and printing parameters. 

 
Material Chemical 

composition 

Filament 

Supplier 

Extruder 

temp. (oC) 

Bed temp. 

(oC) 

Rel. print 

speeda (mm/s) 

Extruder 

fan 

Brimb 

PLA Gold 

(EasyFil) 

Polylactic acid FormFutura 200 60 100% On No 

Transparent 

PLA 

(Premium)  

Polylactic acid FormFutura 200 60 100% On No 

PLA Soft Polylactic acid Orbi-Tech 210 60 50% On No 

PLA 45 Polylactic acid Orbi-Tech 170 55 100% On No 

ABS Orange Acrylnitrile 

butadiene styrene 

Kunststofshop 225 80 100% Off Yes 

PC Polycarbonate Orbi-Tech 250 80 100% Off Yes 

PS Polystyrene FormFutura 215 80 100% On Yes 

PVA Poly vinyl 

alcohol 

Orbi-Tech 185 55 100% On No 

PET Polyethylene 

terephthalate 

FormFutura 210 65 100% On No 

T-Glase Polyethylene 

terephthalate 

Taulman 3D 210 65 100% On No 

Arnitel Eco Thermoplastic 

Co-Polyester 

Formfutura 

(DSM) 

210 60 60% On No 

Bendlay Acrylnitrile 

butadiene styrene 

Orbi-Tech 210 65 100% On No 

a Print speed can be predefined in the slicing software. During the print, this speed is regarded as the 

‘100%’ value. Print speeds can be adjusted to values between 25% and 300% of the predefined value 

during the print. In general, for the structures that were printed to test material properties, a basic print 

speed of 70 mm/s for the infill and 40 mm/s for the perimeter shells was used. 

b A number of additional shells is printed around the first layer, in order to increase the surface of this 

layer and thus improve the attachment to the plate. Furthermore, the use of a brim can reduce warping 

effects.  
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Protocol S4: Autofluorescence 

The autofluorescence of each material was evaluated under an inverted fluorescence microscope 

(DM-IL, Leica Microsystems, Wetzlar, Germany) equipped with a Leica DFC300 FX camera (Leica 

Microsystems, Wetzlar, Germany), for three different wavelength ranges. Y3 ET (ex/em 530-

557/575-647 nm), GFP ET (ex/em 450-488/505-545 nm) and CFP ET (ex/em 430-445/460-500 nm) 

filter cubes were used. Photographs were acquired with an acquisition time of 50 milliseconds. The 

average color intensity of the photographs was measured using ImageJ1. The autofluorescence of the 

materials was classified based on the intensity data. 
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Protocol S5: FDM materials: Solvent compatibility test 

Test structures were printed with all twelve materials to assess their compatibility with water, 

methanol, acetonitrile, isopropanol and acetone. The test structure was a 2D generic human figure, 

selected because it combines relatively thick (torso, approximately 5 mm) and thin (limbs, 

approximately 1 mm) features in one structure (approximately 14 mm tall). Fifteen test structures (2D 

generic human figures, approximately 14 mm high, 5 mm wide in the torso, with 1 mm wide arms) 

were printed in each of the 12 FDM materials of interest, 3 for each solvent tested. Each preweighed 

test structure was put into an individual, preweighed, labeled Eppendorf tube (exposure tube). One 

mL of the solvent to be tested was added to each of three exposure tubes to initiate exposure. Three 

exposure times were tested, namely 1 hour, 24 hours (1 day) and 168 hours (7 days). During exposure, 

the tubes were placed on a PS-3D shaker at approximately 40 rpm (Grant Instruments, 

Cambridgeshire, UK). After the set exposure time had passed, 0.5 mL of the solvent was removed 

from the tube and placed into a labelled, preweighed Eppendorf tube (evaporation tube). The 

evaporation tube was not sealed, so as to allow the solvent to evaporate in a fume hood. The polymer 

figure was photographed immediately after the end of exposure. The remaining solvent in the 

exposure tube was then removed, and the model was allowed to dry in this tube for at least a day. 

Afterwards, the weight of the material in the evaporation tube was determined as an indication of the 

amount of material that had dissolved into the solvent. The weight of the dried figure after exposure 

was also determined. Polymer solvent compatibility was classified based on the following rules, 

where the maximum % of dissolved material determines polymer classification: 

Table S3. Classification of solvent compatibility 
Rule (in order of priority) Classification 

Dissolved material > 10% of initial mass -- 

> 10 % deviation from initial mass in remaining material -- 

Loss of structural integrity -- 

Dissolved material > 5 % of initial mass - 

> 5 % deviation from initial mass in remaining material - 

Obvious swelling or change in color - 

Dissolved material > 2.5 % of initial mass +/- 

> 2.5 % deviation from initial mass in remaining material +/- 

Dissolved material < 2.5 % of initial mass + 

< 2.5 % deviation from initial mass in remaining material + 

  



Chapter 8 

159 

 

Protocol S6: Biocompatibility tests 

Cell model: Human Umbilical Vein Endothelial Cells (HUVEC) were selected because of their high 

sensitivity to changes in culture conditions and broad application in studies of drug mechanisms, 

wound healing, immune response, oxidative stress, and arteriosclerosis2. They constitute a more 

sensitive and representative model for biocompatibility studies than immortalized cell lines. HUVEC 

(Lonza, CC-2519, pooled donors, Benelux B.V., Breda, The Netherlands) were cultured to 

confluency in T25 flasks for 2 to 4 passages before being seeded in 12-well plates. HUVEC were 

harvested from T25 bottles by trypsinization (0.05% trypsin solution in sterile PBS; 20 µL/cm2 of 

trypsin solution), counted and resuspended in fresh endothelial cell (EC) medium at a concentration 

of 4500 cells/µL. Afterwards they were kept on ice until further use. The Eppendorf tube containing 

the cells was gently shaken to resuspend the cells just before seeding 5 µL in 12-well plates, which 

had been coated with a 1% solution of gelatin (porcine skin, Sigma Aldrich, Steinheim, Germany) 

according to the supplier’s protocol. 

Cell cultivation conditions: Endothelial cell medium (EC medium) consisted of RPMI 1640 (Lonza 

Benelux B.V., Breda, The Netherlands); endothelial cell growth factor (50 µg/mL isolated from 

bovine brain); L-glutamine (2 mM; Gibco-BRL, Paisley, Scotland); heparin (5 U; Leo Pharm. Prod., 

Weesp, The Netherlands); K-penicillin G (100 IE/mL; Astellas Pharma Europe B.V., Leiderdorp, The 

Netherlands); streptomycin (100 µg/mL; Fisiopharm, Italy); and fetal calf serum (20% v/v; Hyclone, 

Perbio Science, Etten-Leur, The Netherlands). The medium did not contain the pH indicator, phenol 

red. For the exposure experiments, HUVEC were incubated (Esco Cell Culture CO2 Incubator) in 12-

well plates at 37°C, with 95% air and 5% CO2. Polymer exposure/biocompatibility tests were started 

when HUVEC cultures had achieved 60-80% confluency, which was generally the case after an 

overnight cultivation. Fresh medium was added at the start of the experiment and was not refreshed 

for the duration of the experiment (18h). After addition of medium, 3D-printed rings (ID 17 mm; OD 

21 mm, thickness 1 mm) were placed in the wells. In addition, HUVEC without exposure to 3D-

printed materials were included in the experiment as positive controls. Wells filled with medium were 

included as negative controls. The HUVEC were cultured for 18h with the FDM materials (37°C; 

95% air, 5% CO2). The viability of the cultures was assessed using an MTT assay, supported by visual 

inspection of the cell layers. 

Tissue model: To study the possible effects of the printed materials on incubated tissue, precision-

cut liver slices (PCLS; Wistar rats) were chosen as a model. The prepared PCLS have a diameter of 

5 mm and a thickness of about 200 µm3. The use of these dimensions ensures that the slice contains 

several functional liver units and therefore serves as a good representative for the entire organ. All 

experiments were approved by the Animal Ethical Committee of the University of Groningen. 

Preparation of PCLS was done based on the protocol by De Graaf et al.3 Under isofluorane/O2 

anesthesia, the livers from male Wistar rats (300 g, free access to food and water; Charles River, 

Sulzfeld, Germany) were excised and placed in ice-cold University of Wisconsin (UW) solution 

(DuPont Critical Care, Waukegab, IL). Cores (5 mm in diameter) were cut from the livers. A 

Krumdieck slicer (Alabama R&D, Munford, AL) was used for slicing the cores into precision-cut 

liver slices which were approximately 200 µm thick, 5 mm in diameter, and had a wet weight of 5 

mg. Slices were collected in ice-cold Krebs–Henseleit buffer with 25 mM d-glucose (Merck, 

Darmstadt, Germany), 25 mM NaHCO3 (Merck), and 10 mM HEPES (MP Biomedicals, Aurora, OH) 

added, and saturated with 95% O2 and 5% CO2. PCLS were then transferred to be stored up to 4 hours 

in ice-cold UW solution until incubation was started.  
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Tissue cultivation conditions: Williams Medium E with L-glutamine (Invitrogen, Paisly, Scotland) 

(WME), supplemented with 50 mg/mL gentamycin and 25 mM glucose (Invitrogen), was used for 

incubation. Aliquots of 1.3 mL of WME were added to the wells of a 12-well culture plate. The plates 

were then equilibrated in a Panasonic (Osaka, Japan) shaking incubator (90 rpm) at 37°C, in which 

the gas composition was continuously kept at 80% O2 and 5% CO2. After the medium had reached 

37°C, a slice was inserted in each well, after which the plates were placed in the shaking incubator 

for 1 hour (pre-incubation). This pre-incubation allowed for the removal of cell debris left over after 

slicing, and the restoration of PCLS function after the slicing procedure. After pre-incubation, control 

slices were taken for both the lactate dehydrogenase (LDH) and adenosine triphosphate (ATP) assays. 

The remaining slices were transferred after pre-incubation to new wells for the 24-h polymer exposure 

tests, with each slice in its own well together with a 3D-printed ring and fresh, pre-warmed medium. 

A 24-h slice-incubation period followed at 37°C, 80% O2 and 5% CO2. In addition, PCLS without 

exposure to 3D-printed materials were included in the experiment as positive controls. The viability 

of the slices was assessed using a fluorescence-based assay for LDH leakage into the medium, and a 

luminescence-based assay for the ATP content of the slices. For the LDH analysis, a control 

experiment was performed to assess the possible influence of the 3D-printed polymer rings on the 

assay itself. 

MTT test (HUVEC): This assay measures to what extent NAD(P)H-dependent cellular 

oxidoreductase enzymes reduce the tetrazolium dye 3-(4,5-dimethylthiazol-2-yl)-2,5-

diphenyltetrazolium bromide (MTT) to the insoluble compound, formazan. Formazan has a purple 

color that can be measured by absorbance with a spectrophotometer. The more intense the purple 

color, the more metabolically active (and viable) the cells. 

MTT and sodium dodecyl sulfate (SDS) for the material toxicity study were purchased (Thermo 

Fisher Scientific Inc.) in the form of the MTT Cell Proliferation Assay Kit. After 18h of incubation, 

the 3D-printed rings were removed from the wells and EC medium was replaced by EC medium with 

MTT (10 µL of 12 mM MTT in 100 µL EC medium). The cells were then incubated for 2 hours. 

After the reaction, 100 µL of a 0.01 M solution of HCl containing 100 g/L SDS was added to each 

well and mixed. The well plates were then incubated for 4 hours at 37°C. Afterwards, the absorbance 

of the samples was measured at 570 nm with a ThermoMax Microplate reader (Molecular Devices, 

Sunnyvale, CA). Positive controls were included in every experiment. For the positive control 

HUVEC were cultured in the absence of the 3D-printed material, alongside HUVEC exposed to 3D-

printed rings. Negative controls in the experiment were performed in wells without HUVEC and filled 

only with EC medium, kept under the same conditions and for the same time as HUVEC exposed to 

3D-printed rings. 

LDH leakage assay (PCLS): LDH leakage into the medium was used as an indicator of cell 

membrane integrity. After 1h of pre-incubation, 3 control slices were each collected in 1.3 mL of 

fresh WME. After 24 hours, 200-µL samples of medium were taken from all wells. Samples were 

stored at 4°C for no longer than 24 hours until measurement, to avoid degradation of the LDH. Control 

slices were homogenized using a bead beater (45 s, Biospec Products, Bartlesville, OK) and 

centrifuged (16,100 g; 2.5 minutes), after which the supernatant was used for the assay. LDH was 

measured using the CytoTox-ONE Homogenous Membrane Integrity assay kit (Promega, Madison, 

WI). Fifty µL of sample was mixed with an equal amount of the substrate mix at room temperature 

in a black 96-well plate. After 10 minutes, the reaction was stopped by adding 25 µL of stop solution 

to each well. Fluorescence intensity was measured at 590 nm after excitation at 560 nm using a 

Spectramax Gemini XPS fluorescence plate-reader (Molecular Devices, Sunnyvale, CA). LDH 

baseline was obtained by assessment of the LDH content in PCLS (for every batch separately) not 
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submitted to an experiment, taken after pre-incubation. The LDH leakage of slices for a given 

experiment was compared to this baseline LDH content. Positive controls were established by 

unexposed PCLS incubation for the same time and the same conditions as PCLS exposed to 3D-

printed materials. 

The possible influence of the 3D-printed materials on the fluorescence intensity in this test was also 

determined. Samples were taken from the medium in which printed rings were incubated without 

PCLS for 24 hours, and analyzed using the same protocol described above. 

ATP and protein content assay (PCLS): ATP content was used as an indicator of the ability of the 

slices to synthesize ATP, the most abundant chemical energy-carrier in the cell. After 24 hours of 

incubation, slices were collected, transferred to 1 mL of 2 mM EDTA in 70% ethanol (pH 10.9), 

immediately frozen in liquid nitrogen and stored at -80°C until measurement. For analysis, the slices 

were thawed on ice and then homogenized using a bead beater (45 s, Biospec Products, Bartlesville, 

OK) and centrifuged (16,100 g; 5 minutes; 4°C). The supernatant was taken and diluted 10 times with 

0.1 M Tris HCl buffer (with 2 mM EDTA; pH 7.8). ATP assessment was done in a black 96-well 

plate using the Bioluminescence Assay Kit CLS II (Roche, Mannheim, Germany) and an ATP 

calibration line, measured according to the protocol supplied by the manufacturer. Luminescence was 

measured with a LumiCount plate reader (Packard BioScience, Downers Grove, IL). To normalize 

for the size of the slices, the protein content of the same slices was determined. For this, the slice 

homogenate was dried and incubated for 30 minutes at 37°C in 200 µL of 5 M NaOH. Eight hundred 

µL of ultrapure H2O was added, after which the samples were homogenized again (45 s) with the 

bead beater. Protein content was measured with the Bio-Rad DC Protein Assay (Bio-Rad, Munich, 

Germany), using a calibration line obtained with standard samples of bovine serum albumin. 

Absorbance was measured at 650 nm with a ThermoMax Microplate Reader (Molecular Devices, 

Sunnyvale, CA). To account for the varying ATP content of different livers, the normalized ATP 

content (pmol/µg protein) was expressed as a percentage of the average ATP content of the positive 

control slices for that experiment. For the positive control, PCLS were incubated in the absence of 

the 3D-printed material, alongside PCLS exposed to 3D-printed rings. Moreover, during each 

experiment three slices were taken and frozen right after pre-incubation to confirm viability of the 

liver used in that experiment. 

Data analysis: Three different rat livers and three different batches of HUVEC were used for the 

experiments, using triplicates for each material (n = 3). Outliers were removed based on both 

statistical analysis (Grubbs test) and visual inspection of the data (boxplots). After these were 

removed, R software (v. 3.02, Vienna, Austria) was used to perform ANOVA with a post-hoc Tukey’s 

honest significance test to identify significantly different means in all viability assays. A p-value of 

≤ 0.05 was considered as indicative of a significant difference. If no significant difference in assay 

outcome was observed compared to the relevant control experiment, the classification ‘biocompatible 

(+)’ was assigned. A significantly different outcome led to a classification of ‘not biocompatible (-)’. 
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Protocol S7: PDMS replication and device fabrication 

Two different negative masters for PDMS replication were 3D printed in red PLA. The slice and print 

parameters can be found in Table S1. The first master was used to replicate straight channels in PDMS 

with an aspect ratio of 1 (height = width). Structures were 15 mm long, and the widths and heights 

were varied between 0.3 and 5.0 mm. The second master contained a single, complex channel (0.15 

mm height, 0.3 mm width). The 3D-printed masters were placed in a vacuum desiccator for 20 

minutes with a plastic cup, containing a few drops of hexamethyldisilazane (HMDS, Sigma Aldrich, 

Steinheim, Germany). This would later facilitate the removal of cured PDMS from the masters, 

probably by the formation of a thin hydrophobic coating over the printed parts. The part was then 

thoroughly rinsed with water. Elastomer and curing agent for PDMS (Dow Corning, Auburn, MI) 

were mixed 10:1 (m/m) and stirred for a few minutes. The mixture was placed in a vacuum desiccator 

for 30 minutes to remove air bubbles from the liquid polymer mixture, then poured onto the master 

and allowed to cure overnight at 40°C on a hot plate. After curing, the PDMS was peeled from the 

master. Inlet and outlet holes were punched into the PDMS with a biopsy puncher (d = 1.5 mm, Kai 

Medical, Solingen, Germany). The channels were sealed by bonding the PDMS replicate to a flat slab 

of cured PDMS. This was achieved by first exposing both parts to oxygen plasma for 30s (29.6W, 

350 mTorr) in a plasma cleaner (PDC-0002, Harrick Plasma, Ithaca, NY), after which the parts were 

pressed together. Devices were firmly bonded by the time they were employed, in less than 10 minutes 

in some cases. The channels were filled with a solution of blue dye dissolved in water/methanol (1:1 

(v/v)) for visualization. 
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Protocol S8: Wax patterning for paper microfluidics with 3D-printed tools 

A 3D-printed tool was used for the wax-dipping method, as published by Songjaroen et al.4 The tool 

consists of 3 parts, as shown in the Figure S4. The base of the tool with (1) a handle, (2) holes for 

screws and (3) one smooth surface was 3D printed in PLA (SI, Figure S4A). The smooth surface on 

the first printed layer was obtained by minimizing the distance between the print bed and the nozzle 

to below 100 µm, which led to better spreading of deposited polymer on the print bed and thus a 

smooth surface. A mask for wax patterning was 3D printed in PLA as well (Figure S4B). This mask 

was designed to shield specific regions from wax deposition, so that they would remain hydrophilic. 

Chromatography paper was placed between the base and the mask. A third PLA structure was printed 

and placed on top of the assembly to provide additional pressure on the mask centrally (Figure S4C). 

The total assembly was screwed together tightly. 

Paraffin wax (Sigma Aldrich, Steinheim, Germany) was melted in a beaker on a hotplate set to 120°C. 

The assembled tool with the paper was dipped in the molten wax for approximately one second, after 

which the assembly was withdrawn from the wax and the paper subsequently removed from the 

assembly. Excess wax on the paper was removed with a scalpel. Four masks with different 

hydrophilic channel widths (0.5, 1.0, 1.5, 2.0 mm) were used to produce paper microfluidic structures 

(n = 5 per mask), which were then photographed under the microscope with a ruler for size calibration. 

The channel width was determined with ImageJ1. 

 

Figure S4. SolidWorks drawings for the parts used in the 3D-printed tool made for patterning paper analytical 

devices with the wax-dipping approach. (A) The flat base with screw holes on to which the paper to be 

patterned is placed; (B) this drawing shows the 3D-printed mask with openings through which molten wax can 

contact the paper, making it hydrophobic; (C) structure with screw holes to apply additional pressure on the 

mask in the center.  
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Figure S5. Autofluorescence of the twelve FDM materials in the blue (ex/em 430-445/460-500 nm), green 

(ex/em 450-488/505-545 nm) and red (ex/em 530-557/575-647 nm) range, as compared to glass (black images, 

top left).   
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Figure S6. Numerical data for the autofluorescence test. The average color intensity (i.e. the average of the 

intensities for the red, green and blue components of the RGB model) of the photographs in Figure S5 was 

measured with ImageJ (max. value is 255, which represents a white pixel). Autofluorescence was considered 

negligible (-) if the value remained below 5, acceptable (+/-) between 5 and 25, strong (+) between 25 and 45 

and very strong (++) above 45. These thresholds are indicated by the straight horizontal lines in the graph.  
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Figure S7. Solvent compatibility study for 12 FDM filaments. 3D-printed figures were exposed to five different 

solvents (water, methanol (MeOH), acetonitrile (ACN), isopropanol (IPA), and acetone) for (i) an hour, (ii) a 

day (24h), or (iii) a week (168h) as described in Protocol S1. The amount of material which had dissolved into 

the solvent was determined by weighing the residue in the evaporation tube after complete evaporation (red). 

Similarly, the change in the amount of material making up the initial structure was determined by weighing 

the dry structure in the exposure tube (blue). These amounts were all related to the original weight of each 

figure.  
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Figure S8. Photographs of 3D-printed figures after exposure to different solvents for an hour, a day (24h) or 

a week (168h). In some cases, loss of integrity of the figures was rapid and/or extreme.  
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Figure S9. Biocompatibility of the FDM materials. (A) Absorbance values for HUVEC incubated for 18h with 

different 3D-printed materials relative to the positive control. All 3D-printed materials show biocompatibility 

with HUVEC cultures except PVA (p=0.009). This data was collected in three independent experiments (3 cell 

batches), each performed in triplicate for every material. Large standard deviations are caused by the different 

numbers of cells in the confluent HUVEC layers. This cell type will modify its size and shape in order to create 

space for proliferated cells, which resulted in different observed cell densities in the experiments. Furthermore, 

proliferation rates of HUVEC from the same source might vary because of the cell passage number. In our 

experiments, we used HUVEC from passage 3 (two experiments) and 4 (one experiment), which is generally 

accepted in experiments with these cells. They are known to retain their in vivo phenotype in vitro during early 

passages. (B) LDH leakage is expressed as a percentage of the average LDH content of control slices 

measured after the pre-incubation step. Most LDH leakage into the medium occurs during this pre-incubation 

(39±25%; see Figure S12), as the slices recover from the slicing procedure and cell debris is removed. After 

24 hours of incubation in fresh medium with printed polymer rings, slices incubated with all materials show 

some leakage of LDH into the medium. However, only the amount of LDH leaked out of slices incubated with 

a PVA ring differs significantly (p=2*10-7) from the control group, where PCLS were incubated for 24 hours 

with no printed material. ATP content, normalized for the protein content, is expressed as a percentage of the 

average, normalized ATP content of the control slices (24 hours of incubation with no printed material). The 

control slices are therefore considered as having a 100% normalized ATP content. After 24 hours of incubation 

none of the groups showed a significant deviation from the control group, except PVA (p=0.002).   
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Figure S10. Photos of HUVEC cultures acquired after 18h of exposure to 3D-printed materials in 12-well 

plates. Only PVA shows toxicity towards the HUVEC, as can be concluded by the fact that few HUVEC remain, 

and those that are still visible are small and misshapen. Magnification of the objective was 10x. The scale bar 

represents 100 µm (bottom right corner). 
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Figure S11. Boxplot of the results of the MTT assay on HUVEC cultured with 3D-printed materials. The 

boxplots were used to visually identify outliers in the data (small circles outside the boxes and whiskers of the 

plots). These data points were removed prior to calculation of means and standard deviations and performance 

of ANOVAs. 
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Figure S12. Boxplot of the results of the LDH assay on PCLS cultured with various materials. The boxplots 

were used to visually identify outliers in the data (small circles outside the boxes and whiskers of the plots). 

These data points were removed prior to calculation of means and standard deviations and performance of 

ANOVAs. The large variation in LDH content leaked during pre-incubation is as expected5, as the pre-

incubation serves to remove cellular debris resulting from the slicing procedure6. 
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Figure S13. Boxplot of the results of the ATP assay on PCLS cultured with various materials (relative to 

protein content). The boxplots were used to visually identify outliers in the data (small circles outside the boxes 

and whiskers of the plots). These data points were removed prior to calculation of means and standard 

deviations and performance of ANOVAs. 
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Chapter 9  

General discussion and future outlook 

Trends in science nowadays show great similarity to developments in the global economy: quantity 

over quality, short-term satisfaction over long-term goals, competition instead of collaboration, and 

buying instead of making. While researchers all around the world are aware of the flaws in our current 

model for performing research, it seems impossible to reverse [1]–[3]. Despite its many negative 

implications, there are some positive outcomes of this fast-science approach as well. The main 

advantage is that we have been forced to become more effective, and technological developments to 

support scientists have been rapid. In the case of life sciences it means that we can obtain more 

(detailed) information with less effort. Currently, researchers in all fields have methods at their 

disposal which yield and analyze tremendous amounts of data from a single experiment. The most 

important enabler in this regard has been the digital revolution (improved computing power, computer 

memory, fast Internet connection, constantly growing databases with information about every topic). 

Advances in the field of electronics also contributed to the appearance of a new field in science, 

namely microfluidics, in the early 90’s, in which microchip technology is used to make fluidic rather 

than electronic conduits. This particular field is focused on the miniaturization and integration of 

laboratory equipment, and is becoming more present in commercially available products [4]–[6]. 

Microfluidic tools/devices are expected to improve the throughput of experiments, to keep up with 

the increasingly powerful computers responsible for data processing from those experiments. 

Microfluidics, since its introduction in 1990, has contributed to the miniaturization and integration of 

laboratory equipment into chip format, which in some cases literally fit in one’s hand [4], [7], [8]. 

Additionally, microfluidic technologies were positively received in the field of cell biology due to 

the possibility of flexible geometry design and the possibility of application of physical cues affecting 

cells in vivo [7]–[11]. Moreover, microfluidics seems an ideal solution to accommodate the modern-

day scientific trends where we want to do more experiments, in less time, with as much automation 

as possible. 

This thesis describes two major topics that relate to the above, namely, the development of a 

miniaturized system to better mimic mammalian vasculature than in well-plates for cultivating cells 

(Chapter 3 and 4), and the development of an optical chip with integrated platform for real-time and 

label-free cell culture monitoring in microfluidic experiments (Chapter 5, 6, and 7). In essence, all 

parts of this thesis are tethered by microfluidics to one interdisciplinary entity, which attempts to 

develop a novel approach for label-free, real-time cell monitoring in a device with a channel geometry 

that better resembles those occurring in vivo. To facilitate our scientific endeavors we exploited 3D-

printing technology to improve user-friendliness of our experimental setups and accelerate progress 

in our research (Chapter 8). 

9.1. Optical methods for real-time cell monitoring 

In Chapter 2 of this thesis, we discussed different methods for real-time monitoring of cell and tissue 

cultures. We reviewed three different optical approaches which are commonly applied in cell culture 

experiments and indicated possible directions for future developments, which should include further 

development of real-time measurement methodology. The latter should preferably be done in a label-

free fashion, as every addition of labelling molecules can influence the biological component of the 

experiments, and in consequence influences the measurement and thus the obtained data. Currently, 

the most powerful method for the observation of cells is microscopy, but, due to the development of 

approaches such as evanescent waveguide sensing it will become possible to monitor cell cultures in 
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real-time with other techniques. An additional advantage of this approach is the possibility to carry 

out multiple parallel experiments in a single cell incubator, whereas microscopy does not offer such 

solutions. Furthermore, different sensors provide information about additional aspects of the 

biological system, and thus can be used in a complementary fashion to microscopy. In terms of 

experimental throughput, it will be difficult for other optical methods to compete with flow 

cytometry, which means that future developments will be focused on improvement rather than 

replacement of this method. In conclusion, future developments of such approaches can undoubtedly 

benefit from the application of microfluidic solutions towards next generation instrumentation. As 

mentioned before, microfluidics can help in the miniaturization of the cell culture and sensing 

devices. Additionally, it is possible to automate experimental setups by installation of flow chambers 

in the cell culture platforms, which help in dosing of chemicals and medium refreshment. 

9.2. Toolbox for work with microfluidic endothelial cell cultures 

In research laboratories, we often work with in vitro cell or tissue cultures, which act as models for 

certain organs or systems. Results obtained from those models serve as a proxy for the situation in an 

entire organism. Such experiments are performed in well plates, which currently are the most popular 

format for in vitro cell experiments. They offer straight-forward handling, but usually poor 

resemblance of the physiological situation of cultured cells. Therefore, cell culture platforms have 

been adapted to mimic the physiological situation of the cultured biological model by means of 

microfluidics. However, multiple channel designs used for cell culture experiments make it difficult 

to compare experimental data obtained in similar experiments carried out in different channel designs, 

whereas this issue does not exist for experiments carried out in standardized well plates. Therefore, 

microfluidic cell culture devices require standardization in terms of dimensions, geometry, and 

fabrication materials of the device. 

In working with endothelial cells, which line all blood vessels in the body, the most important natural 

factor to include is the flow of fluid past them (shear stress). The concept of endothelial cell cultures 

in microchannels is not new, as it was introduced in 2000 [12]. However, less attention has been paid 

to the fact that endothelial cells are lining blood vessels with diameters ranging from 3 cm down to 4 

µm. The latter has substantial impact on the shear forces that are exerted on the endothelium, and 

blood flow velocity in the body. The smallest blood vessels, capillaries, are responsible for the 

transportation of nutrients to different organs, yet are studied in devices with dimensions that do not 

match their dimensions. To bridge this gap, we developed a microchannel geometry which allows 

efficient cell seeding and cultivation in channels as narrow as 60 µm, which represents the next step 

towards a cell culture platform for small blood vessels. Obviously, further development is required 

to culture cells in channels with even smaller dimensions. However, this presents additional 

challenges in terms of device fabrication and cell loading into the device. Our work puts emphasis on 

operation simplicity of the cell culture system. Additionally, in future experiments, this channel 

geometry can be easily implemented in more complicated devices with integrated sensors. Therefore, 

the contents of Chapters 3 and 4 should be viewed as a toolbox with protocols for people interested 

in endothelial cell studies in channels with different widths and shear stress.  

9.3. The optical chip for cell monitoring 

In the chapters dedicated to the development of a new photonic tool for real-time, label-free, few-cell 

cytometry of adherent cell cultures, we monitored cellular micromotion locally in just a few cells in 

the context of the entire cell culture. For this purpose, the light was introduced directly to a few cells 

in the context of a cell layer and forward-scattered light was collected from the cell layer for further 
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analysis. Thus, this approach is different from other optical sensor-based approaches, which monitor 

individual cells from beneath (e.g. evanescent waveguide sensors) or above (e.g. microscopy). In the 

future, methods for the observation of cell-cell interactions with the optical chip can be developed, 

which would be a valuable method for studies of molecule trafficking through or between the 

endothelial cells (e.g. drug transport). Moreover, cells monitored with this method do not require 

labelling, thus the probed cells do not exhibit the negative effects of labelling, such as photo-oxidation 

of dyes to forms that can be toxic for cells. It is important to mention that with this method, cells can 

be monitored continuously from initial seeding until the end of the experiment. Overall, our approach 

is distinctive from those currently available (e.g., impedance or surface plasmon resonance 

measurements) in that it exploits nanoscale light scattering of only a few cells to obtain information 

on cellular micromotion. Importantly, motion behavior may serve as a readout for changes in the 

cytoskeleton caused by chemicals. Observation of cytoskeletal changes can be related to different 

parameters, including inflammatory changes in endothelium. This might be  important in the 

investigation of endothelial cells, which play a crucial role in the onset of cardiovascular diseases 

(CVD). Therefore, this new approach for non-invasively monitoring real-time changes in 

micromotion as a result of chemical challenges provides valuable insight into the cytoskeletal 

processes underlying these changes.  

The data obtained in the experiments shown in Chapter 5 and 6 show patterns, that can be ascribed to 

changes in the cytoskeleton in tested cell cultures. However, to fully explore the potential of the 

device, we need to develop a method for data analysis. Currently, this analytical approach is 

applicable only when both the biological effect and the time of its occurrence are known from the 

literature, upon exposure to a stimulus. This means that we can link effects that we observe visually 

to patterns found in the registered forward-scattered light signal. However, when a thus-far unknown 

effect takes place, we are not yet capable of discovering that event from the power-trace alone. We 

are aware of this issue and are currently pursuing ways to address data analysis. Different methods 

based on Fourier transform were tested for datasets obtained for observation of cellular micromotion, 

but none of them showed any significant trends, which could be used for data interpretation. As an 

example of an analytical approach using Fourier transform, we used Power Spectral Density (PSD) 

analysis, which describes the distribution of power into frequencies composing the signal. This was 

applied for data analysis obtained from an experiment where cellular micromotion was observed. 

However, this method did not deliver conclusive results, and we continue our search for an 

appropriate analytical method to process our datasets for the optical chip.  

The logical next step in experiments with endothelial cells monitored with the optical chip is the 

exposure of the cells to complex molecules (proteins) which induce postponed cellular responses in 

time, generally hours after the moment the drug is added. Delayed cell response is caused by the fact 

that these added molecules affect treated cells by binding to specific receptors and induce or modify 

cellular metabolic pathways. Therefore, cellular response costs more time than the action of 

molecules capable of migrating through the cell membrane and binding directly to their targets in the 

cytoplasm, as is the case with latrunculin A and jasplakinolide (Chapter 6). An example of a complex 

molecule for modifying the endothelial cytoskeleton is tumor necrosis factor  (TNF-), because of 

its involvement in the induction of an inflammatory status in endothelium, which is an important topic 

in cardiovascular research, and in cancer metastasis as well [13]. However, to conduct a thorough 

study of TNF- effects on endothelial cells with the optical chip, we need to implement better and 

robust data analysis in the experimental protocol. The latter is dictated by the complex nature of the 

endothelial cells response to TNF-, of which cytoskeletal rearrangement is merely one. Therefore 

as a continuation of this work, it is important to develop an analysis protocol for collected data. 
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Furthermore, attention needs to be paid to improving the lifespan of the optical chips (currently usable 

in 5 - 7 experiments), which will contribute to a broader adaptation of micromotion optical 

measurements in medical and pharmaceutical in vitro research. Another exciting opportunity for 

application of the optical chip is to study cells which exhibit naturally occurring regular motion (e.g. 

cardiomyocytes) [14]. In this context it would be interesting to see how “beating” is reflected in the 

monitored signal and also how it is affected by addition of xenobiotics, such as beta-blockers. 

9.4. Setup optimization 

In Chapter 7, the Integrated Cell Cultivation Platform (ICCP) was presented as an example of a 

culture platform incorporating the capabilities of an incubator, microscope and pumping system in 

order to automate the experiments with the optical chip from Chapter 5 and 6. Although the ICCP is 

a great help in carrying out microfluidic experiments with the optical chip, the setup is not perfect 

yet. Both the optical chip and the ICCP require a number of improvements if a user without 

microfluidic background is to apply them. The most urgent issues were observed in the optical device, 

where the fragile fiber array unit (FAU) easily breaks upon contact. Additionally, the humid 

environment of cell incubators tends to weaken FAU attachment to the optical chip, due to glue 

softening at 37⁰C and humidity in the incubator. This in return causes fiber misalignment towards the 

waveguiding structures on the optical chip or fiber detachment from the chip, and in consequence 

failure of the experiment. The culture conditions in the ICCP significantly improve the optical chip 

lifespan in comparison to the optical chips used in a standard cell incubator, because inside the ICCP 

casing no humid air is present. Humid air normally ensures that medium does not evaporate.  In the 

ICCP, there is no need to humidify the air, since all the cell cultivation actions are performed in an 

enclosed system driven by a pump, thus the cell culture is not endangered by drying out. Additionally, 

the automation of manipulations on the chip significantly improved the number of successful 

experiments performed with a single device.  

One of the possible solutions to solve the fragility issue of the FAU is the development of a setup 

which would remove the need of the permanent fiber attachment to the optical chips altogether. An 

FAU would be installed on a XZ-stage (in an improved version of the ICCP on a XYZ-stage). The 

XZ stage is connected to a chip-holder, which has alignment spots on it, on which a chip can be 

placed. The alignment spots ensure identical placement of the chip every time. The fiber array 

installed on this alignment unit needs to provide the optical connections associated with the intended 

functioning of the optical chip. Next to these connections, three extra connections will be used with 

which the simple alignment routine can be executed to find the correct alignment of the fiber array to 

the chip. The stability over the measurement period and alignment reproducibility of such a solution 

has to be ensured. The variability of the collected light from the experiments with the optical chip 

was caused by random cell positioning in the nanocuvette, which occurs during cell seeding. 

However, if an experiment with the optical chip is established according to the developed protocol, 

it is possible to achieve reproducible data in terms of signal fluctuation, rather than light intensity.  

In all the chapters, the aspect of user-friendliness was addressed by customization of the setup with 

3D-printed parts, simplification of experimental protocols, and automation of the experimental setup. 

All these efforts were made with the idea that a next generation of young researchers can take this 

thesis and use it as a guide in the their microfluidic experiments.  
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Summary 

This thesis is composed of five parts revolving around microfluidics research and its impact on 

currently used research methodology. In the first part, we introduce the reader to the motivation for 

this PhD thesis and review optical tools and methods which are currently applied for observation of 

cell and tissue cultures. The second part shows our work on microfluidic channel optimization for 

cell culture purposes and discusses the influence of shear stress on cultured endothelial cells in 

microchannels with different widths. The third part is dedicated to the development of a label-free 

method for cell culture monitoring, its evaluation and integration into a microfluidic setup. In the 

fourth part, we present our achievements in the application of 3D printing in microfluidic research. 

The fifth part of this thesis contains a general discussion of the work and gives perspective to future 

experiments. 

In Chapter 1, we present the scope of this thesis and explain our motivation for the performed 

research. Chapter 2 reviews the most popular optical tools and methods for real-time monitoring of 

cell and tissue cultures. In this Chapter we described the importance of selecting an adequate method 

for cell culture monitoring, which depends very much on the exact application and the nature of the 

research question. For this purpose, we summarized the advantages and limitations of two-photon 

microscopy, flow cytometry, and evanescent waveguides as real-time sensors. At the end of this 

Chapter, we indicated future directions for the further development of the reviewed methods. One 

conclusion we have drawn is that there is a need for miniaturization and integration of the discussed 

methods, and the impact that microfluidics has had and still can have on this process. 

The second part of this thesis revolves around the development of a microfluidic channel geometry 

which allows the cultivation of endothelial cells in channels as narrow as 60 µm. In Chapter 3 we 

assessed the efficiency of cell seeding in different channel designs having widths from 360 µm down 

to 60 µm. Additionally, we described all cell culture protocols in great detail, which were developed 

in this work. In Chapter 4, we performed a series of tests with endothelial cells exposed to different 

shear stresses to determine the impact on membrane protein distribution and actin filament adaptation. 

As a result of shear-stress induced changes, we observed different protein distribution patterns of 

membrane proteins and cellular shape rearrangement, orchestrated by changes in the actin 

cytoskeleton. In Chapter 4, we used confocal microscopy to inspect cell cultures, making it necessary 

to adapt the microfluidic chip and the protocols for its use.  

The third part of this work describes the development, evaluation, and application of an optical chip, 

which allows simultaneous probing of the interaction between a few cells in the context of an entire 

cell culture in a label-free and real-time fashion. Chapter 5 is dedicated to a description of the 

development of the optical sensor which employs integrated waveguide technology to precisely 

deliver and collect red light to and from an endothelial cell layer. The cell layer is thus functioning as 

an optical component. As a result of light propagation through the exposed endothelial cell layers, 

light scattering patterns are registered. The fluctuations in the collected light signal reflect changes in 

cell morphology, which occur because of changes in the cytoskeleton. This phenomenon is known as 

cellular micromotion. Cell response, and thus cell micromotion can be influenced by various chemical 

and physical factors. Observation of cytoskeletal changes is particularly important in the investigation 

of endothelial cells. 

The main goal in Chapter 6 was to obtain a better insight in how changes in the cytoskeleton affects 

the collected light scattering patterns with the optical chip. We therefore selected xenobiotics that 

selectively bind to actin cytoskeleton components and act as accelerator of actin fiber formation 

(jasplakinolide) or blocker of actin polymerization (latrunculin A). The changes in light scattering 
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due to exposure to these compounds were successfully monitored with the optical chip. Therefore, 

the optical method presented for monitoring cellular micromotion with forward-scattered light 

enables real-time observation of the effects of xenobiotics on the cytoskeleton of endothelial cell 

cultures. 

In Chapter 7 we introduce an integrated cell culture platform for microfluidic devices, to make 

experiments with microfluidic cell culture chips more robust, reproducible and user-friendly. The 

developed platform integrates a pump, microscope, and incubator into one versatile tool, which is 

easy to operate with a desktop computer. By application of the developed platform it is possible to 

increase the experimental capacity of a research laboratory. The integrated cell culture platform was 

applied for experiments with the optical chip to monitor cellular micromotion in confluent endothelial 

cell layers under flow and static conditions. 

Chapter 8 describes the application of 3D-printed polymers in our research laboratory. This work 

shows the contribution of a 3D printing method, namely fused deposition modeling (FDM) to our 

research. The FDM method is based on the deposition of a molten polymer in a pre-defined shape on 

a print bed to form a 3D structure. We exploited this methodology to characterize a number of 

parameters, including resolution, surface roughness, leakage through parts and transparency. We 

tested twelve different polymers for FDM 3D printing and a number of tests was performed to 

determine solvent compatibilities, biocompatibilities for a cell and a tissue model, and several other 

parameters. Chapter 8 presents how 3D-printing contributed to the research field of lab-on-a-chip, 

including the fabrication of master molds, rapid prototyping and experimental setup customization.  

In the fifth part we wrap up this thesis. In Chapter 9 we present the general conclusions of this research 

and we critically assess our achievements. Additionally, we suggest next steps regarding work with 

the optical chip and future applications such as development of inflammatory state in endothelium 

upon application of e.g. TNF-α. We discuss current issues and limitations of developed optical 

method for cell culture monitoring in terms of technology and biology. Moreover, we indicate future 

directions for the development of the microfluidics field to achieve a better understanding of 

biological systems. 
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Nederlandse Samenvatting 

Dit proefschrift bestaat uit vijf delen, welke allen raakvlak hebben met het microfluidics vakgebied, 

en laten de invloed van dit onderzoek zien op hedendaagse methodologie. In het eerste deel wordt de 

lezer geïnformeerd over de redenen achter het onderzoek en worden optische instrumenten en 

methoden kritisch bekeken in hun toepasbaarheid voor het bestuderen van cel- en weefselkweken. In 

het tweede deel van het proefschrift wordt ons werk beschreven waarin we microkanalen 

optimaliseren voor het kweken van endotheelcellen en waarmee we vervolgens kijken naar de invloed 

van schuifspanning op deze cellen in microkanalen met verschillende breedtes. In het derde deel van 

het proefschrift wordt de ontwikkeling en evaluatie van een microfluidics methode beschreven 

waarmee cellen bestudeerd kunnen worden zonder dat ze gelabeld hoeven te worden. In het vierde 

deel van het proefschrift hebben we gekeken naar de toepasbaarheid van een 3D printer in 

microfluidics onderzoek. Het vijfde deel van het proefschrift bevat een algemene beschouwing van 

het werk in dit proefschrift en hierin worden mogelijke richtingen voor toekomstig onderzoek 

beschreven. 

In Hoofdstuk 1 worden de algemene doelstelling en motivatie voor dit proefschrift beschreven. In 

Hoofdstuk 2 hebben we gekeken naar de meest gebruikte methoden voor de real-time optische 

observatie van cel- en weefselkweken. In dit hoofdstuk beschrijven we het belang van het selecteren 

van een adequate methode voor dergelijke studies, en hoe dit afhangt van de specifieke toepassing en 

de onderzoeksvraag. We hebben daarom de voordelen en beperkingen  van twee-foton microscopie, 

flow cytometry, en evanescent waveguide sensoren op rij gezet bij hun gebruik als real-time sensoren. 

Het hoofdstuk wordt afgesloten met advies over mogelijke verbeteringen voor deze methoden. Een 

belangrijke conclusie die wordt getrokken is dat er behoefte is aan miniaturisering en 

systeemintegratie, en dat de bijdrage van microfluidics hierin belangrijk is en zal zijn. 

Het tweede deel van het proefschrift beschrijft de ontwikkeling van een microkanaalgeometrie, welke 

het kweken van endotheelcellen mogelijk maakt met kanaalbreedtes van 60 µm of meer. In Hoofdstuk 

3 wordt beschreven hoe de efficiëntie van het laden van kanalen met cellen kan worden verbeterd in 

kanalen met breedtes tussen de 360 en 60 µm. Alle gebruikte protocollen welke in dit werk zijn 

ontwikkeld voor deze kweken worden in detail beschreven. In Hoofdstuk 4 worden experimenten 

beschreven waarin endotheelcellen in microkanalen zijn blootgesteld aan verschillende maten van 

schuifspanning om vast te stellen hoe dit invloed heeft op de distributie van membraaneiwitten en de 

conformatie van het actine cytoskelet. Dit werd bekeken met confocale microscopie, waarvoor de 

microfluidic chip moesten worden aangepast, als ook het protocol om ermee te werken. Het toepassen 

van schuifspanning resulteerde in een verschil in membraaneiwit distributie en cytoskelet conformatie 

ten opzichte van een statische kweek. 

In het derde deel van dit proefschrift worden de ontwikkeling, evaluatie en toepassing van een 

optische chip beschreven, welke het mogelijk maakt om simultaan en real-time (de interactie) van 

een aantal cellen in de context van een volledige cellaag te bekijken, zonder de cellen te hoeven te 

labelen. Hoofdstuk 5 is gewijd aan de ontwikkeling van deze sensor, welke gebaseerd is op waveguide 

technologie, en waarmee nauwkeurig rood licht in een cellaag geschenen kan worden, om vervolgens 

aan de andere kant van de cellaag weer opgevangen te worden. Zodoende functioneert de cellaag dus 

als een optische component van het systeem. Doordat licht gepropageerd wordt door de 

endotheelcellen, worden patronen van lichtverstrooiing geregistreerd. De fluctuaties in het 

geregistreerde signaal reflecteren veranderingen in celmorfologie, welke optreden door aanpassingen 

van het cytoskelet. Dit fenomeen staat betekent als cellulaire microbeweging. Cellulaire 
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microbeweging kan worden beïnvloed door een verscheidenheid aan chemische en fysische factoren. 

Het observeren van veranderingen in het cytoskelet is belangrijk in onderzoek met endotheelcellen. 

Het belangrijkste doel van hoofdstuk 6 is om meer inzicht te verkrijgen in hoe veranderingen in het 

cytoskelet effect hebben op de geregistreerde lichtverstrooiingspatronen met de optische chip. Om 

dit te doen hebben we xenobiotica geselecteerd die selectief binden aan het actine cytoskelet en dienen 

als versneller van de formatie van actinefilamenten (jasplakinolide) of juist actine polymerisatie 

blokkeren (latrunculine A). De veranderingen in lichtverstrooiing als gevolg van het toedienen van 

de xenobiotica konden succesvol worden opgevangen met de optische chip. Deze chip kan dus real-

time veranderingen van het cytoskelet volgen als gevolg van blootstelling aan een bepaalde stimulus, 

zoals xenobiotica. 

In hoofdstuk 7 introduceren we een geïntegreerd platform voor celkweken in microsystemen, met als 

doel het robuuster en reproduceerbaarder maken van microfluidic celkweken op een 

gebruiksvriendelijke manier. Het ontwikkelde platform combineert een vloeistofpomp, microscoop 

en een incubator in een veelzijdig instrument, welke eenvoudig te gebruiken is met een PC. Door het 

beschreven platform in te zetten is het mogelijk om de experimentele capaciteit van een 

onderzoekslaboratorium te vergroten. Het geïntegreerde celkweek platform is toegepast in een 

experiment waarin de optische chip werd gebruikt om cellulaire microbeweging te observeren in 

confluente endotheelcellagen met al dan niet stromend medium over de cellen. 

In Hoofdstuk 8 wordt het gebruik van 3D-geprinte polymeren in ons laboratorium beschreven. Dit 

werk demonstreert de bijdrage van een 3D-print methode, namelijk fused deposition modeling 

(FDM), aan ons onderzoek. De methode is gebaseerd op het extruderen van gesmolten plastic in een 

vooraf bepaalde vorm op een metalen plaat. De technologie is ingezet om een aantal parameters te 

karakteriseren, waaronder resolutie, gladheid van oppervlakken, lekkage in geprinte onderdelen, en 

transparantie. Bovendien zijn twaalf verschillende polymeren getest op kun compatibiliteit met 

verschillende oplosmiddelen en met twee biologische systemen (leverweefsel van een rat, en 

menselijke primaire endotheelcellen). In dit hoofdstuk wordt beschreven hoe 3D printen kan 

bijdragen aan microfluidics onderzoek, en wordt onder andere gekeken naar de fabricage van 

gietmallen, kanaalstructuren, prototyperen en het op maat maken van een experimentele setup.  

In het vijfde deel wordt het proefschrift afgerond. In Hoofdstuk 9 presenteren we de algemene 

conclusies van het onderzoek en kijken we kritisch naar hetgeen bereikt is. Bovendien worden hier 

suggesties gegeven voor toekomstig onderzoek in dit veld. Voorbeelden hiervan zijn het toepassen 

van een ontstekingstoestand in de endotheelcellenkweek door blootstelling aan bijvoorbeeld TNF-α. 

We geven een beschouwing van huidige beperkingen van de ontwikkelde optische methode voor het 

bestuderen van celkweken, zowel vanuit biologisch als technologisch perspectief. Tot slot, geven we 

aanbevelingen voor het verder ontwikkelen van het microfluidics veld om tot een beter begrip te 

komen van biologische systemen. 
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