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Chapter 1

General introduction: Goal

and outline of this thesis

Geert van den Bogaart

1.1 Abstract

In this thesis, confocal microscopy is used to probe molecular diffusion in biological
systems. The first section of this chapter introduces diffusion and its importance
to biology. Subsequently, the confocal microscope and the various ways it can be
employed to measure diffusion are introduced. The last section contains the outline
of this thesis and briefly describes the achievements of this work.

1.2 Diffusion

Diffusion is the physical transport of matter by molecular motion. It was first
observed in 1827 by the biologist Robert Brown, who noticed that pollen grains move
through a droplet of water via an (by that time) unknown process, called Brownian
motion. In 1904, the physicist William Sutherland proposed that Brownian motion
is caused by molecular collisions [2]1; in this case the collisions of the pollen grains
with the water molecules.

Since diffusion is a random process, it results in the net movement of particles
down a concentration gradient. The concentration of particles C(r, t) in space r

1This is often wrongly attributed to Albert Einstein, who independently reached the same

conclusion in 1905; one year after Sutherland.
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Diffusion General introduction

changes over time t depending on its gradient, as is described by Fick’s second law
of thermodynamics [3]:

δC(r, t)
δt

= D∆C(r, t), (1.1)

where ∆ is the Laplace operator ( δ2

δr2 ) and D is the diffusion coefficient, which is
the speed the particle diffuses in m2 s−1. Since diffusion is a random process and
particles move in both positive and negative directions, the mean net displacement
(in free space) is close to 0, the mean square displacement, however, is linear in time
with slope D (Fig. 1.1).

Figure 1.1: Diffusion. (a) Random walk of a particle (•) in two dimensions. The
Brownian motion of the particle is caused by molecular collisions. (b) The mean
square displacement 〈∆x2〉 is linear in time t, with the slope being the diffusion
coefficient D.

The diffusion coefficient is related to the temperature T and viscosity γ of the
medium as described by the Einstein-Stokes relationship:

D =
kBT

6πrSγ
, (1.2)

where kB is Boltzmann’s constant and rS is the Stokes or hydrodynamic radius of the
particle, defined as the radius of a hard sphere that diffuses with the same diffusion
coefficient as the particle. For a spherical particle, rS is related to the (molecular)
weight MW of the particle:

rS = 3

√
3MW

4πNAρ
, (1.3)

where NA is Avogadro’s constant and ρ is the density of the particle. For proteins,
a mean density of 1.35 g cm−3 is often used [4].

Diffusion plays a role in essentially all processes in life, ranging from ecology (e.g.
grain pollen movement), physiology (intestinal nutrient absorption), cell-biology (os-
mosis), to biochemistry (enzyme – substrate interactions). Still, diffusion in the
often complex biological environment is poorly understood: How fast is diffusion in
biological systems? How do inter-molecular interactions influence diffusion? How

4



Geert van den Bogaart Confocal microscopy

does molecular crowding affect the diffusion? How do molecular dynamics, such
as conformational changes, change the diffusion of (bio)molecules? In this thesis,
diffusion-related problems in various biological systems are addressed, using laser-
scanning confocal microscopy.

1.3 Confocal microscopy

When a screen with a pinhole is placed in the conjugate focal point of a lens, light
emitted from the focal point is transmitted through the pinhole, whereas light from
other positions is largely blocked by the screen (Fig. 1.2a). Confocal microscopy
uses a pinhole conjugate to the focal point of the lens, thereby transmitting only
information from the focal point. A laser is focussed to a diffraction limited spot
of high intensity for excitation of the sample (Fig. 1.2b). The laser / pinhole
combination results in a narrow region of excitation and only the fluorescence emitted
from the focal point is being detected. Thus, a confocal microscope is in essence a
fluorescence meter, where fluorescence can be measured in a very small open volume
element (typically less than 1 fl (10−15 l), Fig. 1.2c), called the detection or focal
volume.

In laser-scanning confocal microscopy, often two mirrors mounted on motors,
called the scanning-mirrors, enable to scan the focal volume through the sample in
lateral directions x and y (perpendicular to the optical axis). The axial direction z

(parallel to the optical axis) can be scanned by changing the position of the focus
in the sample, for instance by a piezo-translating stage mounted to the objective. A
computer can now generate a three-dimensional image, pixel by pixel, corresponding
to different positions of the focus and the scanning mirrors.

The main advantage of confocal microscopy over regular widefield fluorescence
microscopy is the higher z-resolution, because the confocal pinhole blocks out of
focus light. This allows imaging of a thin section of the sample (diffraction limited
resolution ∼ 0.5 µm). In addition to having a higher z-resolution, the stray light
suppression by the pinhole also results in a higher (∼ 1.4-fold) x- and y-resolution
(∼ 0.2 µm) [5]. The exact size and shape of the focal volume are dependent on
the wavelengths of the excitation and the emission light, the numerical aperture of
the microscope objective, the size of the pinhole, and the aberrations of all optical
components integrated in the system [6].

A laser-scanning confocal microscope can be used to measure diffusion in vari-
ous ways, the most well-known being f luorescence correlation spectroscopy (FCS)
and f luorescence recovery after photo-bleaching (FRAP). In this work, several of

5



Confocal microscopy General introduction

Figure 1.2: The confocal microscope. (a) Principle of pinhole optics. The pinhole,
located conjugate to the focal point f of the lens, transmits all light from the focal
point (solid line) while out-of-focus light (dotted line) is largely blocked by the screen.
(b) Scheme of a confocal microscope. The excitation light from the laser is focussed
by the objective lens on the sample. The emission is separated from the excitation
light by a beam splitter and focussed on the pinhole in front of the detectors. The
combination of the laser and the pinhole results in a very small detection volume of
less than 1 fl. The focal volume can be scanned in lateral directions x and y using two
scanning-mirrors, and in axial direction z by changing the position of the focus in the
sample. This allows to record a 3-dimensional image, pixel by pixel. (c) Plot of the
focussed laser and the ‘egg-shaped’ focal volume. The projection in space is plotted
where the measured fluorescence intensity dropped e2-times relative to the maximum
intensity. Fluorescently labeled molecules (•) diffuse through the detection volume
(dotted arrows), thereby resulting in fluctuations of the fluorescence intensity (d).

6



Geert van den Bogaart FCS and FRAP

these techniques have been applied to study a number diffusion-related problems in
biology.

1.4 FCS and FRAP

If the concentration of fluorophores in the sample is low (< 1 µM), the number of
molecules in the focal volume of the microscope is limited (< 100). The events of
fluorophores diffusing through the focal volume can now be observed as fluctuations
in the fluorescence intensity (Fig. 1.2d). With FCS, the kinetics of the diffusion are
obtained by temporally autocorrelating the fluorescent intensity I(t) [7]:

G(τ) =
〈I(t)I(t + τ)〉

〈I(t)〉2
− 1, (1.4)

where 〈 and 〉 indicate ensemble averaging. The autocorrelation curve G(τ) (Fig.
1.3a) is a measure of the probability that a molecule in the focal volume at t = 0 is
still there at t = τ . In addition to diffusion, other factors that cause the fluorescent
intensity to fluctuate contribute to the autocorrelation curve, e.g. intersystem cross-
ing (non-fluorescent transitions), photo-bleaching, detector noise, molecular confor-
mational changes, and, in certain cases, chemical reactions. Photobleaching is the
photochemical destruction of a fluorophore and intersystem crossing is the transition
from the ‘light’ (singlet) to the ‘dark’ (triplet) state.

The diffusion coefficient can be obtained by fitting the fluorescence autocorrela-
tion curve with a function assuming Brownian motion and approximating the focal
volume as Gaussians [8]:

G(τ) =
1
N

1
1 + τ

τd

√√√√ 1
1 + τ�

z0
ωxy

�2
τd

, (1.5)

where N is the average number of particles present in the focal volume, and ωxy

and z0 are the lateral (perpendicular to the optical axis) and axial (parallel) radii of
the focal volume, respectively, defined as the point where the measured fluorescence
drops e2-times relative to the maximum. τd is the characteristic diffusion time
through the focal volume and is related to the diffusion constant:

τd =
ω2

xy

4D
. (1.6)

In addition to the diffusion of free fluorophores in solution, the lateral diffusion of
membrane-associated fluorophores can be measured (Fig. 1.3b). For this, the focal

7



FCS and FRAP General introduction

volume is positioned on the membrane [9, 10] and the fluorescence autocorrelation
curve can be fitted with a model incorporating only lateral (2-dimensional) diffusion
[11]:

G(τ) =
1
N

1
1 + τ

τd

. (1.7)

Fluorescence cross-correlation spectroscopy (FCCS) uses two spectrally sepa-
rated fluorophores to detect molecular interactions [12]. For this, it is necessary
that the emission of both fluorophores can be individually detected in two spatially
overlapping detection volumes. The two fluorescent intensities are cross-correlated
to determine the level of coincidence:

Gcc(τ) =
〈I1(t)I2(t + τ)〉
〈I1(t)〉〈I2(t)〉

− 1, (1.8)

where I1(t) and I2(t) are the fluorescent intensities from the two detection channels.
We used FCCS to study the interactions of soluble proteins [13] and membrane
proteins [14].

In addition to FCS, another well-established method to measure diffusion with
a confocal microscope is FRAP (Fig. 1.4) [14, 15, 16]. With FRAP, a small region
of the sample is irreversibly photo-bleached with a short, intense light pulse. Using
an attenuated probe-beam, the diffusion of unbleached fluorophores into the photo-
bleached area is subsequently measured. The speed of this recovery is inversely
related to the diffusion coefficient of the fluorophore. Alternatively to an attenuated

Figure 1.3: Fluorescence correlation spectroscopy. (a) Autocorrelation curve G(τ)
of free Alexa fluor 633 diffusing in water. The inset shows the fluorescent intensity
fluctuations. (b) FCS to measure the lateral diffusion (dotted arrow) of membrane-
associated fluorophores (•). The focal volume is positioned on the membrane.
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Geert van den Bogaart Outline of this thesis

probe-beam, the recovery can be monitored by taking a time-series of images (chap-
ter 7, reviewed in [16]). Generally, FRAP is employed at higher concentrations of
fluorophore than FCS.

Figure 1.4: Fluorescence recovery after photo-bleaching. At t0, fluorophores located
in a limited spot in the sample are photo-bleached with a focussed laser beam at high
intensity. Subsequently, the recovery of the fluorescence due to influx of unbleached
fluorophores is monitored, using an attenuated probe-beam. The graph shows a
typical recovery curve of a FRAP experiment. The half time of recovery t 1

2
is

inversely related to the diffusion constant D. Note that the level of recovery is not
100%, due to for instance immobile or a limited pool of fluorophores. Image adapted
from [16].

In this thesis, both FCS and FRAP were applied to measure diffusion in various
biological systems. In addition, several new techniques have been developed to study
problems that cannot be readily addressed with FCS or FRAP. The next section
provides a brief overview of the new techniques and findings of each chapter.

1.5 Outline of this thesis

Part I of this thesis presents dual color f luorescence burst analysis (DCFBA); a
newly developed technique that was employed to study diffusion of fluorophores
through membrane pore proteins. For this, liposomes were fluorescently labeled
and leakage-marker molecules were encapsulated that were labeled with a second,
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spectrally separated fluorophore. The fluorescence bursts that originate from the
liposomes diffusing through the focal volume of a confocal microscope coincide with
those from the encapsulated leakage-marker molecules. The internal concentration
in the liposome of leakage-marker molecules can be calculated from the fluores-
cence bursts, with single liposome resolution. In addition to the diffusion through
membrane-pores, DCFBA was used to quantitatively measure the binding of pro-
teins to membrane proteins. Chapter 2 introduces the technique and discusses its
applications in biology.

In chapter 3 [17], DCFBA was employed to study the effective pore-size of the
mechano-sensitive channel MscL from Escherichia coli. MscL is an osmolyte pore
protein that functions as a safety valve for the cell and opens upon a decrease in the
external osmolyte concentration, hence preventing cell lysis [18]. It was found that
molecules with a diameter smaller than about 2 – 3 nm can freely permeate through
MscL, whereas larger cannot.

Chapter 4 [19] presents the mechanism of pore-formation of the antimicrobial
peptide melittin, again using DCFBA. Melittin is a lytic peptide that kills cells by
auto-inserting in their membranes and forming pores [20]. It was found that melittin
causes leakage via two different mechanisms: For phospholipid membranes composed
of neutral, bilayer-forming lipids, the pore-size depended on the melittin concentra-
tion. For phospholipid membranes containing anionic and / or non-bilayer forming
lipids, melittin induced a-specific leakage accompanied by fusion or aggregation.

Part II of this thesis presents a number of techniques other than DCFBA that
were used to measure diffusion in various biological systems.

In chapter 5 [21] FCS was applied to study the effects of different sugars on the
lateral mobility of lipids. It was found that the disaccharide sucrose slows diffusion
more than all other tested sugars, including trehalose. Using molecular dynamics
(MD) simulations, we show that this is the result of increased hydrogen bonding
between sucrose and the lipid head-groups, compared to trehalose.

Chapter 6 [22] presents a pulsed version of FRAP, pulsed-FRAP. With conven-
tional FRAP it is technically very difficult to measure diffusion in bacterial cells
because of their small size (∼ 2 µm for E. coli), which is close to the diffraction
limit of the visible light. Pulsed-FRAP allows to measure diffusion in bacteria, since
the cell size and geometry of the bacterial cells are taken into account. Pulsed-FRAP
was used to study intracellular protein diffusion in E. coli as a function of osmotic
stress.

In chapter 7, FRAP was employed to measure nucleocytoplasmic transport through
the nuclear pore complexes (NPC) in living yeast cells. Here, a quantitative version

10



Geert van den Bogaart Outline of this thesis

of selective-FRAP was developed, that is based on partial photo-bleaching of fluo-
rophores present in the nucleus and monitoring of the subsequent influx of intact
GFP from the cytoplasm. This chapter also presents a new mechanism for regulation
of protein synthesis in the mother and emerging daughter cell of budding yeast.
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Chapter 2

Dual-color fluorescence-burst

analysis to study

pore-formation and

protein-protein interactions

Geert van den Bogaart, Ilja Kusters, Jeanette Velásquez, Jacek T. Mika, Victor V.
Krasnikov, Arnold J.M. Driessen and Bert Poolman1

2.1 Abstract

Dual-color f luorescence-burst analysis (DCBFA) enables to study leakage of fluo-
rescently labeled (macro-) molecules from liposomes that are labeled with a second,
spectrally non-overlapping fluorophore. The fluorescence bursts that reside from the
liposomes diffusing through the focal volume of a confocal microscope will coincide
with those from the encapsulated size-marker molecules. The internal concentra-
tion of size-marker molecules can be quantitatively calculated from the fluorescence
bursts at a single liposome level. DCFBA has been successfully used to study the
effective pore-size of the mechanosensitive channel of large conductance MscL and
the pore-forming mechanism of the antimicrobial peptide melittin from bee venom.
In addition, DCFBA can be used to quantitatively measure the binding of proteins

1This chapter has been accepted for publication and will appear in the October 2008 issue of

Methods.
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to liposomes and to membrane proteins. In this paper, we provide an overview of
the method and discuss the experimental details of DCFBA.

2.2 Introduction

Membrane pores are a class of proteins that form holes in membranes that can
be functionalized with a gate to allow regulated transport. They range from very
small proteins, such as the ∼ 2 kDa α-helical antimicrobial peptides [23], up to very
large protein complexes, such as the ∼ 50 MDa nuclear pore complex [24]. There
is a considerable interest in membrane pores as defects in the protein(s) can cause
numerous diseases [25]. Moreover, membrane pores offer interesting applications
in targeted drug delivery [26], and pore-inducing peptides offer potential as new
antibiotics [27]. A variety of assays is available to measure the translocation of
molecules through membrane pores in order to obtain information on their structure
and activity.

Electrophysiology (e.g. patch-clamp, black lipid membranes) can be used to
probe the ion conductance through membrane pores but does not allow direct mea-
surement of fluxes of neutral solutes. In addition, direct translocation of macro-
molecules cannot be readily observed, because of their limited charges relative to
the free ions in solution. However, macro-molecule translocation can be observed
indirectly through blocking of the channel conductance, although formally transloca-
tion cannot be distinguished from mere association to the channel [28, 29, 30]. Also,
it can be technically very challenging to embed the membrane pores in membrane
structures that are large (> 1 µm for patch-clamp) and stable enough to allow for
patch-clamp or black lipid membranes.

Alternatively, translocation through membrane pores is measured via leakage of
(macro-) molecules from liposomes that bear the membrane pores of interest. The
leaked molecules are separated from the molecules that are still encapsulated by use
of a variety of non-equilibrium techniques, such as size-exclusion chromatography,
filtration or centrifugation [31, 32]. The extent of leakage is determined by quan-
tification of both the leaked and encapsulated fractions, e.g. using radioactivity or
fluorescence. As it involves a separation step, this technique does not enable to
monitor the leakage immediately and it is difficult to obtain kinetic information.

Leakage from liposomes can be measured directly with fluorescence-based assays,
where liposomes are loaded with a fluorophore such as calcein, a highly self-quenched
fluorescein derivative [33, 34]. As the fluorophore leaks from the liposomes, it is di-
luted into the external solution and the fluorescence increases because of decreased
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self-quenching. This enables to follow the leakage directly in a single reaction and
no separation step is needed. The main limitation of this approach is that only self-
quenching fluorophores can be used. Thus, leakage of fluorophore-labeled macro-
molecules cannot be measured with the assay, because generally they cannot be
concentrated enough for self-quenching (typically 25 – 100 mM). In addition, leak-
age assays based on separation or self-quenching provide bulk information; i.e. only
the average leakage is determined. For instance, in the case where only a fraction
of the marker molecules leak out, one cannot distinguish between full leakage from
part of the liposomes or partial leakage from all liposomes.

Obtaining single liposome resolution is essential to probe for heterogeneities in
the population and can provide important information on the life-time or the number
of active pores. Therefore, single liposome detection provides single pore informa-
tion when the number of pores per liposome is limited. Recently, we introduced
a fluorescence-burst assay, called dual-color f luorescence-burst analysis (DCFBA)
that allows leakage of fluorophores to be assessed at a single liposome level [17]. In
this review, we demonstrate that DCFBA can be successfully applied to measure
the binding of proteins to membranes and to obtain quantitative information on
protein-protein interactions.

2.3 Principle of DCFBA

DCFBA enables to measure the leakage of fluorescently labeled size-marker mole-
cules from liposomes. The liposomes are labeled with a second, spectrally separated,
lipophilic probe (Fig. 2.1a). Although liposomes, with diameters typically ranging
from 50 to 400 nm, are relatively large compared to the encapsulated size-markers,
they still diffuse, albeit with a low diffusion constant, i.e. ∼ 2.3 µm2 s−1 for a 200
nm liposome [17]; for the water soluble Alexa fluor 488, the diffusion constant is
435 µm2 s−1 (succinimidyl ester; 643 Da; 25◦C) [35]. The size-marker molecules
also diffuse, but their motion is confined by the liposome. The fluorescence bursts
that reside from the liposomes diffusing through the focal volume of a confocal
microscope will therefore coincide with those from the size-marker molecules (Fig.
2.1b). If the size-marker molecules leak from the liposomes (Fig. 2.1c), for instance
through membrane pores, their motion is no longer limited by the liposomes and the
fluorescence bursts no longer coincide (Fig. 2.1d). Thus, a decrease in the level of
coincidence indicates passage of the size-marker molecules through membrane pores.
If the size-marker molecules are too large to pass through the membrane pores, the
bursts will still coincide (Fig. 2.1e – f).
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Figure 2.1: Principle of dual-color fluorescence-burst analysis. (a) Liposomes are
labeled with a fluorescent lipid analog (◦) and loaded with size-marker molecules that
are labeled with a spectrally non-overlapping second fluorophore (�). The motion of
the size-marker molecules (dotted arrow) is confined by the liposomes (solid arrow).
(b) The fluorescence bursts, resulting from the diffusion of the liposomes (panel a)
through the detection volume of a dual-color confocal microscope are recorded for
about 10 min. The bursts coincide, since the size-marker (lower panel) is liposome
(upper panel) associated. The dotted line indicates the offset used for the calculation
of the internal concentrations of the size-marker molecules (see Fig. 2.2). (c) Same as
panel a, but now after opening of a membrane pore and leakage of the size-marker
molecules. (d) The fluorescence bursts no longer coincide, since the size-marker
molecules are no longer liposome associated. (e) Same as panel c, but now the size-
marker molecules do not pass through the pore, and the fluorescence bursts (f) still
coincide. By varying the size-marker molecules, the pore-size can be determined. By
varying the lipid composition of the membrane, one can obtain detailed information
on the mechanism of pore-formation and the channel properties, e.g. as described
in [17, 19].
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During a measurement time of about 10 min, typically 100 to 1,000 fluorescence
bursts are observed and each is originating from a liposome passing through the
focal volume of the microscope. As both the fluorescence signals of the size-marker
molecules and the lipophilic probes are linearly related to the number of fluorophores
in the focal volume, the internal concentration of size-marker molecules in the lipo-
somes can be calculated from the fluorescent intensities of the bursts. Thus, a list of
typically 100 to 1,000 internal size-marker concentrations is obtained from a DCFBA
experiment. Pore-formation can be induced by, for instance, auto-insertion of antimi-
crobial peptides or α-hemolysin [23, 19] or gating of pores reconstituted in liposomes
[36], as was performed for the mechanosensitive channel of large-conductance MscL
from Escherichia coli [17].

2.4 Comparison with other methods

DCFBA uses two spectrally separated fluorophores to study the association to li-
posomes. The use of two fluorophores to study intermolecular interactions was
first employed in f luorescence cross-correlation spectroscopy (FCCS) [12]. FCCS
measures temporal correlations of two fluorescent signals to determine the level of
coincidence. In addition to FCCS, several other techniques exist that do not use
temporal correlations but use coincidence or burst selection instead. One of these
techniques is confocal f luorescence coincidence analysis (CFCA), which uses a rela-
tively simple statistical algorithm to quantitatively compare the coincidence of the
bursts and uses this to measure the relative concentration of interacting particles
[37, 38, 39]. CFCA has been applied to measure DNA restriction enzyme activity
[37, 38] and to characterize quantum dots using a very similar experimental setup
as for DCFBA [39]. CFCA offers simplicity in analysis and faster data acquisition
than FCCS. The main difference between CFCA and DCFBA is that in the former
technique, the whole fluorescence trace is analyzed, whereas the latter uses an arbi-
trary offset to select the fluorescence bursts. In this context, two-color coincidence
detection (TCCD [40]), where offsets are applied to select the fluorescence bursts,
is rather similar to DCFBA.

With TCCD, the bursts in the two fluorescence channels are recognized using two
arbitrary offsets and the fraction of events that are coincident is calculated. TCCD
has been proven extremely sensitive, especially in the case of a low fraction of coin-
cidence or a high background and it has been used to study DNA hybridization [40]
and the activity of telomerase [41]. Interestingly, TCCD was recently used to study
the oligomerization of αβ-heterodimers of the T-cell receptor in the membranes of
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T-cells [42]. The main difference between DCFBA and TCCD is that with DCFBA a
single offset is applied to select liposomes that are labeled with multiple fluorophores,
whereas TCCD uses two offsets to study the fraction of coincidence between two flu-
orescence signals. DCFBA offers the advantage over TCCD that the distribution of
the ratios of coincidence is obtained, and not only the fraction of coincidence. This
is particularly useful in the case of a variable number of fluorophores, as is the case
for liposomes because of their heterogeneous size-distribution and encapsulation ef-
ficiency. DCFBA allows for determining the internal size-marker concentration in
the liposomes, with single liposome resolution.

2.5 Instrumentation

DCFBA can be performed on any dual-color confocal microscope where two spec-
trally different fluorophores can be separately detected. For the excitation, two
lasers [12, 17, 19] or two-photon excitation [38, 43] can be used, the latter offering
the advantage of simplified alignment. A high degree of overlap of the two focal
volumes of the microscope is essential, especially if the liposomes are smaller than
the focal volume. The focal volume can be below 1 fl and is equal to π

3
2 ω2

xyωz, where
ω2

xy and ωz are the lateral and axial radii of the confocal volume, respectively. The
bin-time td should be small enough to allow for detection of single events of lipo-
somes diffusing through the focal volume and hence should be smaller than ω2

xy/D,
or typically below 10 ms.

One of the main requirements for DCFBA is that the liposome concentration
is low enough to avoid detection of multiple events, i.e. the average number of
liposomes present at the same time in the focal volume should be well below 1. Since
the focal volume is typically smaller than 1 fl, the liposome concentration should be
lower than 1 nM. Assuming an average surface area per lipid of 0.7 nm2 (for 1,2-
dioleoyl-sn-glycero-3-phosphatidylcholine (DOPC) [44, 45]) and a molecular weight
of 700 Da, a liposome with a radius of 200 nm consists of roughly 1 million lipid
molecules and has a molecular weight of 700 MDa. This means that the maximum
concentration of lipids for DCFBA is about 0.7 mg ml−1. In practice, DCFBA was
successfully applied to liposome concentrations ranging from 50 µg ml−1 to 1 mg
ml−1.
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Table 2.1: Fluorophore pairs suitable for DCFBA.

Lipophilic probe λex
a λem

b Size-marker probe λex
a λem

b

DiO 484 501 Alexa fluor 633 632 647
Cy5 647 665

DiD 648 670 Alexa fluor 488 495 519
Cy2 492 506

a Excitation wavelength in nm.
b Emission wavelength in nm.

2.6 Liposomes

The liposomes need to be labeled with for instance a lipophilic probe. Dialkyl-
carbocyanine dyes are fluorescent probes that mimic lipid molecules and consist
of a charged fluorophore conjugated to two acyl chains. They are available in a
range of colors, for example, DiO and DiD (Invitrogen, Carlsbad, CA, Table 2.1).
Other fluorescent lipid analogs are the NBD labeled phospholipids (7-nitro-2,1,3-
benzoxadiazole, λex = 465 nm, λem = 534 nm). In addition to fluorescent lipid
analogs, many fluorophores which are poorly soluble in an aqueous environment can
be used to label the liposomes. The lipophilic probe marker can be incorporated into
the liposomes by adding it to the lipid solution in organic solvent and prior to lipo-
some formation. Alternatively, because many lipophilic probes are poorly soluble in
an aqueous buffer, they can be added to the liposome suspension to auto-insert in
the membrane, although this may lead to staining heterogeneities and hence artifacts
in the measurements.

Each liposome should have a sufficient number of fluorescent lipid analogs to
allow for clear detection. On the other hand, the fluorescence signal should be low
enough to avoid any saturation of the detection system. The optimal amount of
lipophilic probe is strongly dependent on the lipid composition, most likely because
the fluorescence quantum yield is dependent on the microenvironment and the charge
of the lipid membrane. We use molar DiO or DiD to lipid ratios ranging from 1
: 40,000 (∼ 25 fluorophores per liposome) for liposomes composed of negatively
charged lipids, and up to 1 : 4,000 (∼ 250 fluorophores per liposome) for those
composed of zwitterionic lipids.

The size of the liposomes is found to be a non-critical parameter, and DCFBA
was even performed with whole Lactococcus lactis cells [19]. For this, GFP was
expressed as a leakage marker and the membrane was labeled with the fluorescent
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lipid analogue DiD. Thus, DCFBA can be used as an alternative to flow cytometry
and can be used to measure expression of GFP or leakage of fluorophores from cells
[46]. A general problem with the whole-cell assay was that the cells were labeled by
addition of DiD to the cell suspension, and this resulted in heterogeneities in and
among the samples. This led to a broad distribution and poor reproducibility of the
results and sensitivity of the assay was low. An alternative for membrane labeling
would be the tagging of an integral membrane protein with a red fluorescent protein
such as mCherry [47].

2.7 Size-marker molecules

One of the merits of DCFBA is that any molecule can be used as a leakage marker
that can be fluorescently labeled and encapsulated into the liposomes. They can
range from the smallest fluorophore available, NBD (164 Da), up to nm-sized quan-
tum dots. Two major conditions are: (i) The fluorescence of the size-marker does not
spectrally overlap with the fluorescence of the lipophilic probe. (ii) The size-marker
is not too hydrophobic (or strongly cationic when anionic lipids are used), such that
it (transiently) associates with the membrane. The latter can be easily checked by
adding (free) size-marker molecules to the liposome suspension and performing a
DCFBA measurement. We used the fluorescent lipid analog DiO and labeled the
size-marker molecules with either Alexa fluor 633 (Invitrogen, Table 2.1) or Cy5 (GE
Healthcare, Waukesha, WI). Alternatively, we used the fluorescent lipid analog DiD
in conjunction with Alexa fluor 488 or Cy2 [17, 19].

Fluorophore-labeled dextran molecules are commercially available in a wide range
of sizes, from 1 up to 2,000 kDa, and they are often used as size-markers to deter-
mine pore-sizes [48, 49, 50, 51]. However, with dextrans it is difficult to accurately
determine pore-sizes because: (i) dextrans are polydisperse and a particular sample
may have a broad distribution of molecular weights with a spread of typically ∼
50%, and (ii) in an aqueous solution, dextrans form ellipsoids with shortest radii of
∼ 2.0 nm and relatively independent of their size [52]. Therefore, soluble proteins
of known structure are a better alternative to dextrans for the determination of
pore-sizes. Proteins can be labeled with fluorophores at either specific or a-specific
positions. In particular, cysteines can be labeled using fluorophores conjugated to
thiol-reactive groups, such as maleimides or iodoacetamides. Since the number of
freely accessible cysteines in proteins is often limited, labeling at specific positions
can be achieved by engineering single cysteine mutants [9]. Alternatively, primary
amines (N-termini, lysines) can be labeled using fluorophores conjungated to amine-
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reactive groups, such as succinimidyl esters, N-hydroxysuccinimide (NHS)-esters or
isothiocyanates. Also, primary amines can be labeled with maleimides in a basic
environment (pH > 8) [17].

The presence of unlabeled size-marker molecules does not pose a problem for
DCFBA, because they cannot be detected and do not interfere with the measure-
ments. However, the presence of free label (unbound to a size-marker molecule) and
the presence of more than one label per size-marker molecule can affect DCFBA mea-
surements. To overcome these problems, an excess (> 10×) of protein relative to the
label should be used for the labeling reaction. In addition, unbound dye can be re-
moved from the size-marker molecules using size exclusion chromatography [17]. The
labeling efficiency can be determined by comparing the absorption of the protein to
that of the label (e.g. molar extinction coefficient ε = 73 cm−1 mM−1 for Alexa fluor
488 at 494 nm, and ε = 159 cm−1 mM−1 for Alexa fluor 633 at 621 nm). The tryp-
tophan and tyrosine absorption of the protein at 280 nm can be calculated using for
instance the ProtParam tool (http://www.expasy.org/tools/protparam.html)
[53]. Absorption of the dye molecules at 280 nm should be corrected for (ε = 76
cm−1 mM−1 for Alexa fluor 488, and ε = 30 cm−1 mM−1 for Alexa fluor 633).

2.8 Encapsulation

The same criteria as for the lipophilic probes apply to the number of size-marker
molecules which are encapsulated in the liposomes, and there should be a sufficient
number of molecules present to detect a significant signal but not too many to
avoid saturation. The encapsulation efficiency can be estimated from the fraction
of fluorescence bursts from the liposomes that do not have a coinciding fluorescence
burst from the size-marker molecules [17]. The encapsulation efficiency is typically
between 0 – 40% [17], but this is largely dependent on the surface charges of the
size-marker molecules, the lipid composition of the membrane, and the ionic strength
of the medium [54]. Generally, anionic molecules are encapsulated ∼ 10-fold more
efficient in liposomes composed of zwitterionic than of negatively charged lipids.
The concentration of the size-marker molecules needed for sufficient encapsulation
is thus dependent on the experimental conditions (size-marker, lipid composition,
buffer), but usually concentrations between 5 to 100 µM can be easily reached.

Encapsulation can be achieved using four different approaches: (i) The solution
of the size-marker molecules is mixed with the detergent-solubilized lipids. The
detergent is subsequently removed by adsorption to polystyrene beads (e.g. Bio-
Beads, Bio-Rad, Hercules, CA), dilution or dialysis [55]. (ii) The aqueous solution
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of size-marker molecules is added to the lipid solution in organic solvent which is
subsequently removed [56]. This method is not very suitable for the encapsulation
of proteins, since the presence of organic solvent denatures the macromolecules. (iii)
Encapsulation in the liposomes is obtained by rehydration of a dried lipid film with
the aqueous size-marker molecule solution [19, 57]. (iv) The size-marker molecules
are encapsulated by freeze-thawing of preformed liposomes. This method is espe-
cially useful in the case where the membrane pores are reconstituted in the liposome
[17]. In all approaches, multiple cycles of freezing the liposomes in liquid nitrogen
and subsequent thawing at temperatures between 20 – 100◦C greatly enhance the
encapsulation efficiency [54]. As all methods result in a heterogeneous population of
liposomes with many multilamellar structures, they need to be extruded through a
polycarbonate filter with defined pore-sizes, which results in unilamellar liposomes
of a more discrete size and increases the encapsulation efficiency [54, 58, 59, 60]. The
non-encapsulated size-marker molecules can be removed from the liposomes using
centrifugation (e.g. 300,000 ×g for 15 min) or size-exclusion chromatography.

2.9 DCFBA analysis

A DCFBA measurement results in fluorescent intensity traces from both the lipo-
somes and the size-marker molecules (Fig. 2.2a). The analysis is based on the iden-
tification of the fluorescence bursts originating from the liposomes diffusing through
the focal volume, using an arbitrary fluorescence offset Ioffset. The offset should be
high enough to allow for identification of liposomes passing through the focal volume
and to distinguish these events from the background noise. Since each liposome is
labeled with multiple (25 – 250) fluorophores, the bursts are of relatively high in-
tensity. We generally use values for the offset between 20 – 40% of the maximum
intensity, with lower values leading to more burst events but also to lower size-marker
/ liposome ratios (Fig. 2.2b). To allow direct comparison of two samples (e.g. closed
vs. open pores), the offset needs to be kept constant.

Given that the intensities of both the fluorescent lipid analog and the size-marker
molecules are linearly proportional to the number of fluorophores, the concentration
Ci of size-marker molecules inside the liposome can be calculated for each burst i:

Ci =

∫ t2
t1

Isize−markerdt(∫ t2
t1

Iliposomedt
) 3

2
, (2.1)

where Iliposome and Isize−marker are the fluorescence signals from the liposomes and
the size-marker particles, respectively, and Iliposome is above Ioffset between t1 and
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Figure 2.2: DCFBA measurements in liposomes loaded with Alexa fluor 633-labeled
glutathione. (a) Between t1 and t2, the fluorescent intensity of the liposome is above
the offset (dotted line) and the total intensities of both the fluorescent lipid analog
(upper panel) and the size-marker molecules (lower panel) are calculated for each
burst. The internal concentration of size-marker molecules in the liposomes can
now be calculated, using Eqn. 2.1. (b) The offset should be taken such that only
significant events from liposomes diffusing through the focal volume are taken into
account. A too low an offset results in lower average concentrations (•, dotted line,
right axis), since non-significant bursts are taken into account (�, solid line, left
axis), and a too high an offset results in poor statistics. (c) Histogram analysis of
liposomes loaded with 0 (�), 1 (◦), 5 (4) and 10 (H) µM of Alexa fluor 633-labeled
glutathione. Adapted from [17].
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t2. The 3
2 is a scaling factor because the fluorescent lipid analogs are associated

with the surface of the liposome, whereas the size-marker molecules are volume
encapsulated and they scale to the powers of 2 and 3, respectively [17, 19]. Since Ci

is a multiplicative parameter, it is a log-normal function [61]. Ci is in arbitrary units,
but is linearly proportional to the internal concentration. Using the fluorescence
per particle or a calibrant conversion factor for liposomes with a known internal
concentration of fluorophores, Ci can be converted to real units (Fig. 2.2c).

2.10 Fluorescence correlation spectroscopy

The same fluorescence trace can be used for both DCFBA and f luorescence correla-
tion spectroscopy (FCS). FCS is a well established technique to measure the con-
centrations and mobility of biomolecules and is based on the temporal correlation
of the fluorescent intensity trace [8, 11]. FCS can be used to calculate the diffusion
speed of liposomes and size-marker molecules. Because free size-marker molecules
move faster through the focal volume than those encapsulated in liposomes, FCS
can be also used to quantify leakage, using a two component fit (Fig. 2.3) [17]. The
disadvantage of FCS relative to DCFBA is that only information on the ensemble
average is obtained. Also, FCS is more sensitive to artifacts arising from big ag-
gregates of fluorophores, since these have a relatively large contribution to the final
correlation. In principle, FCCS [12, 62] can be used to determine the leakage of size-
marker molecules from liposomes too. However, in our experience, it is difficult to
use FCCS to quantify leakage from liposomes and the reproducibility and sensitivity
are relatively low, especially if a large fraction of the liposomes does not contain
size-marker molecules or active pores.

2.11 Laser-scanning DCFBA

For sufficient statistics on the population of liposomes, typically about 100 to 1,000
bursts should be recorded during a DCFBA measurement, depending on the hetero-
geneity of the sample. The diffusion constant of a 200 nm liposome is 2.3 µm2 s−1

[17], and this means that at a lipid concentration of 1 mg ml−1, the acquisition time
is at least 5 min and kinetic processes faster than this acquisition time cannot be
followed. However, the measurement time can be 10 to 100-fold decreased by stir-
ring or moving the sample [37]. Alternatively, the probe beams can be moved and
this approach was used to study the pore formation of cytolytic peptides in erythro-
cytes using a laser-scanning confocal microscope [50]. For a laser-scanning DCFBA

26



Geert van den Bogaart Laser-scanning DCFBA

Figure 2.3: FCS was used to determine the leakage through the MscL pore. Alexa
fluor 633-labeled bovine pancreas trypsin inhibitor (BPTI) was encapsulated in the
liposomes and the fluorescence autocorrelation was measured (◦, upper inset). Upon
opening of MscL (by labeling of Cys-22 at the constriction site of the pore with MT-
SET [63], �) and the release of BPTI, the movement of BPTI was no longer limited
by the liposomes (lower inset). Curves were fitted with a two component model
(solid lines), with a slow component attributed to size-marker molecules still encap-
sulated in the liposomes and a fast component corresponding to the free molecules.
The lower panel shows the residuals of the fit. Adapted from [17].
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measurement, two confocal images of the size-marker molecules and the liposomes
are simultaneously recorded (Fig. 2.4). To achieve less than one event per pixel,
the dwell-time of the laser-scanning should be smaller than ω2

xy/D (� 10 ms). Be-
cause confocal images contain both spatial and temporal information, the diffusion
of the liposomes and size-marker molecules can be obtained by a spatial-temporal
correlation of the images [64, 65].

Figure 2.4: Laser-scanning DCFBA. (a) Cartoon showing the setup for the scanning
of the probe beam in lateral x and y directions using two scanning-mirrors. (b) Close-
up of the detection volume. (c) Laser-scanning DCFBA measurement of a total area
of 100 × 100 µm, with a step size of 0.2 µm. The peaks indicate the fluorescent
signal from the liposomes and the size-marker molecules. (d) An enlargement of
some of the fluorescence bursts from panel c to indicate the overlap of the bursts.
(e) Comparison of DCFBA measurements on liposomes with encapsulated Alexa
fluor 633-labeled glutathione in the static (•, dotted line) and scanning (�, solid
line) mode. For both samples, ∼ 1,500 bursts were analyzed.

2.12 Results

The pore-sizes of the mechanosensitive channel MscL from E. coli and the antimi-
crobial peptide melittin from bee venom were determined using DCFBA. MscL is an
osmolyte pore protein that functions as a safety valve for the cell, opening upon a
decrease in the external osmolyte concentration and preventing cell lysis. It forms a
very large pore in the membrane with 2.5 to 4 nS conductivity [18]. We determined
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the effective pore-size of MscL reconstituted in DiO-labeled liposomes, using a range
of size-marker molecules (Fig. 2.5). A cysteine was engineered at the constriction
site of the pore (MscL G22C); this mutant is pushed open when the Cys-22 site
is labeled with a charged thiol-specific reagent [63]. For compounds smaller than
about 2 – 3 nm (proteins up to ∼ 7 kDa), the internal size-marker concentrations Ci

(Eqn. 2.1) shifted to lower values upon opening of MscL, indicating that these size-
marker molecules were able to pass through MscL, whereas for larger compounds no
change in Ci was observed [17]. The single liposome resolution of DCFBA was used
to estimate the reconstitution efficiency of MscL. Importantly, only about 50% of
the liposomes leaked their full content, whereas the others were not affected. This
indicated that about half of the liposomes did not incorporate a functional MscL
channel. Based on the protein to lipid ratio, we expected an average number of 10
MscL channels per liposome. Thus, the reconstitution efficiency was less than 10%,
and this number was in accordance with published data [17].

Melittin is a 26 residues lytic peptide that kills (bacterial) cells by autoinserting
into their membranes and forming pores [20, 66, 67]. We determined the effective
pore-size for various lipid compositions as a function of the melittin concentration
(Fig. 2.6). For neutral, bilayer-forming lipids, there was a positive correlation be-
tween the melittin concentration and the pore-size, whereas for negatively-charged
or non-bilayer forming lipids, the pore-size was independent of the melittin con-
centration and was at least 5 nm (Fig. 2.6a) [19]. In addition, melittin caused
membrane fusion or aggregation, which was observed as a decrease of the number
and an increase of the intensities of the fluorescence bursts. Importantly, the collec-
tive information from a DCFBA experiment enables to distinguish membrane fusion
from lysis. Treatment of the liposomes with the detergent Triton X-100 resulted
in the disappearance of the bursts and a total homogenization of the sample (Fig.
2.6b). The 10 – 100 µm-sized giant unilamellar vesicles (GUVs) have been proven
useful for studying lytic peptides and also allow to distinguish pore-formation and
fusion from lysis [67, 68]. Because of their large size, the leakage of size-marker mole-
cules from GUVs takes place in seconds to minutes timescale and can be followed
using fluorescence microscopy [67]. In addition, experiments with GUVs allow to
determine the effect of lytic peptides on the viscoelastic properties of the membrane
[68] that cannot be assessed with DCFBA. Compared to experiments with GUVs,
DCFBA offers the advantage of improved statistics, as generally 100 – 1,000 of lipo-
somes are measured. Moreover, for DCFBA sub µm-sized vesicles can be used that
are more stable and less tedious to handle than GUVs.

In principle, these results could also be obtained with alternative approaches,
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Figure 2.5: The effective pore-size of MscL. (a) DCFBA was performed on lipo-
somes with MscL reconstituted and the membrane labeled with the fluorescent lipid
analog DiO (�, solid line). After chemically opening of MscL (•, dotted line), the
internal concentration of Alexa fluor 633-labeled glutathione decreased due to leak-
age through MscL (inset). Because not all liposomes contained an active MscL
channel, there was still a large fraction of liposomes with glutathione encapsu-
lated and considerate overlap between the two histograms. (b) A number of size-
marker molecules was tested: Alexa fluor 633-labeled glutathione (1.4 kDa); insulin
(6.8 kDa); bovine pancreas trypsin inhibitor (BPTI, 7.6 kDa); HPr of the PEP-
dependent sugar:phosphotransferase system (10.2 kDa); thioredoxin (12.6 kDa); and
α-lactalbumin (15.3 kDa). The y-axis shows the relative concentration after opening
of MscL. Molecules smaller than HPr leaked out, whereas larger molecules did not
(no change in the average internal concentration upon opening of MscL, dotted line).
The error bars indicate the standard deviation. Adapted from [17].
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Figure 2.6: Pore-formation of melittin. (a) Melittin action depends on the lipid com-
position of the membrane. The C 1

2
values for leakage and fusion are shown, defined

as the melittin to lipid ratios where the average internal concentration of size-marker
molecules in the liposomes (bars) or the number of bursts (fusion) decreased 50%,
respectively. For liposomes composed of the zwitterionic DOPC, an increasing melit-
tin to lipid ratio is needed for leakage of larger size-marker molecules, whereas for
liposomes composed of the negatively charged DOPG, leakage is a-specific. As size-
markers, fluorophore labeled glutathione (GSH), bovine pancreas trypsin inhibitor
(BPTI), dextran (10 kDa) and α-lactalbumin were used. (b) Fluorescent intensity
trace of DiO-labeled DOPG liposomes (upper panel). At high concentrations, melit-
tin induces fusion of the liposomes, as is apparent from a decrease of the number of
peaks and an increase of the intensity per peak (center panel; melittin to lipid ratio
of 0.06). Addition of 1% (w/v) of Triton X-100 results in lysis of the liposomes and
diminishes all fluorescence bursts (lower panel). Adapted from [19].
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such as the calcein dequenching assay or techniques that involve a separation step
(see section 2.2). However, DCFBA offers three advantages: (i) Only ∼ 1 µg of
liposomes is needed for a measurement and therefore, many measurements can be
done with just one batch of liposomes. (ii) More importantly, information on the
population level of liposomes is obtained and not just the average extent of leakage
and this was used to determine the reconstitution efficiency of MscL [17]. (iii)
DCFBA can be used to discriminate between leakage, fusion and lysis in a single
experiment, as was shown by melittin induced fusion of liposomes [19].

2.13 Ligand binding

DCFBA can be used to study the binding of components to membrane proteins
reconstituted in liposomes. In this case, liposomes have to be prepared bearing
the fluorescently-labeled receptor and the ligand must be labeled with a spectrally
separated fluorophore. To have a limited background resulting from unbound ligand
molecules, the affinity should be high enough (< 0.1 µM). As fluorescence allows
single molecule detection, DCFBA is much more sensitive than binding assays based
on radioactivity (reviewed in [69]), and this makes DCFBA especially useful to study
systems with a high binding affinity. An advantage of DCFBA relative to other
fluorescence-based binding assays, such as FCCS and f luorescence resonance energy
transfer (FRET), is that single liposome resolution is obtained and this enables to
study the population distribution and oligomerization behavior.

DCFBA was successfully used to determine the binding of the Cy5-labeled SecA
ATPase to the Alexa fluor 488-labeled SecYEG protein channel of the protein secre-
tion system from E. coli ([70] for review, Fig. 2.7). The ratio of SecA over SecYEG
is obtained from the fluorescence bursts:

Ci =

∫ t2
t1

Iliganddt∫ t2
t1

Ireceptordt
. (2.2)

This equation is similar to Eqn. 2.1, apart from that no volume-surface normaliza-
tion is needed, since both receptor and ligand are associated to the surface of the
liposomes. By varying the concentration of unlabeled SecA, a binding constant of
4 nM was determined, in agreement with literature values [71]. This technique can
also be applied to study the oligomerization of the various components of the Sec
system or the interaction of proteins with the surface of the liposomes.
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Figure 2.7: DCFBA to probe binding of SecA to the membrane reconstituted Se-
cYEG complex. (a) DCFBA can be used to determine the binding between a
fluorophore-tagged ligand and a liposome associated receptor that is labeled with a
spectrally different fluorophore. (b) Upon binding, the fluorescence bursts of the re-
ceptor and the ligand overlap. Here, we present the binding of 10 nM of Cy5-labeled
SecA motor protein to the Alexa fluor 488-labeled SecYEG translocon from E. coli ;
the Alexa fluor 488 was on the SecY subunit (c) The histogram presents the ratio of
ligand to receptor from panel b (�, solid line, Eqn. 2.2). Upon addition of a 100-fold
excess of unlabeled SecA (•, dotted line), the ratio shifted to lower values.
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2.14 Concluding remarks

The fluorescence burst technique DCFBA enables to measure leakage of fluorophores
from liposomes. It is especially useful for studying membrane pores as one obtains
single liposome information. Measurements can be done with a small amount of
material (1 – 10 µg liposomes) and in a few seconds time span if the acquisition
is sped up using probe-scanning or sample stirring. Furthermore, one can distin-
guish between fusion / aggregation, lysis and pore-formation in a single experiment.
Binding to membrane proteins can also be measured with DCFBA, provided that
the interaction of binding partners is of sufficiently high affinity. DCFBA has been
proven useful to characterize mechanosensitive channel proteins [17] and antimicro-
bial peptides [19] and in the future we plan to use it to unravel the pore-formation
and channel properties of other proteins.
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Chapter 3

Dual-color fluorescence-burst

analysis to probe protein

efflux through the

mechanosensitive channel

MscL

Geert van den Bogaart, Victor V. Krasnikov, and Bert Poolman1

3.1 Abstract

The mechanosensitive channel protein of large conductance, MscL, from Escherichia
coli has been implicated in protein efflux, but the passage of proteins through the
channel has never been demonstrated. We used dual-color f luorescence-burst a-
nalysis (DCFBA) to evaluate the efflux of fluorescent labeled compounds through
MscL. The method correlates the fluctuations in intensity of fluorescent labeled
membranes and encapsulated (macro-) molecules (labeled with second fluorophore)
for each liposome diffusing through the observation volume. The analysis provides
quantitative information on the concentration of macromolecules inside the lipo-
somes and the fraction of functional channel proteins. For MscL, reconstituted in

1This chapter has been published in Biophysical Journal (2007) 92: 1233–1240 [17].
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large unilamellar vesicles, we show that insulin, bovine pancreas trypsin inhibitor
and other compounds smaller than 6.5 kDa can pass through MscL, whereas larger
macromolecules cannot.

3.2 Introduction

Mechanosensitive channels are found in bacteria, fungi, plants, and animals and
play a vital role in cell physiology [18]. Upon a dilution of the external osmolyte
concentration, bacterial cells eject cytoplasmic molecules, including ions, metabolites
[72], and possibly proteins [73]. For instance, Escherichia coli releases a subset of
proteins, up to 10% of total protein content, when cells are dispersed in water [74]. At
least part of the cytoplasmic molecules released has been attributed to membrane
channel proteins gated by mechanical forces [75]. For a basic understanding of
protein release by microorganisms and for biomedical applications, it is important to
establish whether channel proteins of large conductance can facilitate the passage of
macromolecules. For instance, liposomes containing mechanosensitive channels have
been proposed as drug delivery vehicles for the controlled release of therapeutic
peptides and proteins [26]. In the case of the mechanosensitive channel of large
conductance (MscL) from E. coli, the protein or membrane environment has been
engineered to allow the channel to open and close in response to light or pH [76, 77].

MscL is the biophysically and biochemically best characterized mechanosensitive
channel protein and has a large conductance of 2.5 to 4 nS [18]. On the basis of the
crystal structure of the homologous MscL protein from Mycobacterium tuberculosis
[78] and a protein fusion study [79], MscL is predicted to form a pentamer. From
molecular modeling [28, 80], patch-clamp studies [28], and in vivo and in vitro flux
measurements [75, 81, 82, 83], the diameter of the pore of MscL has been estimated
to be between 30 and 40 Å. This diameter should be sufficient for the release of small
proteins, but it is not known how large a molecule can actually pass through MscL
[28, 74, 75, 77, 82, 83].

Here, we used dual-color f luorescence-burst analysis (DCFBA, chapter 2), to
monitor efflux of a broad range of (macro-) molecules through a membrane pore.
This analysis is based upon the fluorescent DiO labeling of MscL-containing lipo-
somes and encapsulating macromolecules labeled with a second fluorophore Alexa
fluor 633 (Fig. 3.1). The fluorescent lipid analogue DiO and Alexa fluor 633 have
non-overlapping excitation and emission spectra and can be detected separately. For
both labels, the fluorescence intensity fluctuations, resolving from the liposome dif-
fusing through the observation volume of a confocal microscope, are correlated with
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each other. To activate MscL, a cysteine was engineered at the constriction site of
the pore (G22C) for labeling with thiol-specific reagents. MscL (G22C) is pushed
open when a charge is introduced at the Cys-22 site [63]. Labeling of MscL G22C
with MTSET introduces five (positively-charged) choline moieties at the constriction
site of the pore [77], whereas MTSES introduces (negatively-charged) sulfonaethyl
moieties [63]. A set of peptides and stably folded proteins were chosen as substrates

Figure 3.1: Principle of DCFBA. (a) The focal geometry of a two-channel confo-
cal microscope and diffusion of DiO-labeled (◦) liposomes, containing Alexa fluor
633-labeled macromolecules (�). Note that the diffusion of the two fluorophores co-
incides. (b) Like (a), but after opening of MscL and release of the macromolecules.
Note that the diffusion no longer coincides. (c) Fluorescence count traces resulting
from the diffusion of DiO labeled liposomes (upper panel, IDiO) with Alexa fluor
633-labeled glutathione encapsulated (lower panel, IAF633). Between t1 and t2 the
intensity of the DiO signal is above the offset.

for efflux through MscL (Table 3.1). The number of DiO molecules per liposome is
independent of the state (open or closed) of MscL, whereas the number of Alexa fluor
633-labeled macromolecules does depend on this state. With MscL in the open state,
the labeled molecules, depending on their size, might be released. When DiO labeled
liposomes, with encapsulated Alexa fluor 633-labeled molecules, diffuse through the
observation volume of the confocal microscope, the DiO and the Alexa fluor 633 sig-
nals correlate (Fig. 3.1a). If the macromolecules are small enough to efflux through
MscL, opening of MscL G22C by chemical modification with MTSET or MTSES
[63] will reduce this correlation (Fig. 3.1b). Molecules smaller than bovine pancreas
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Table 3.1: Size and dimensions of the macromolecules.

Substrate MW
a Db dimensionsc MscLd

glutathione 307 135 14× 3× 5 +
bradykinin R9C 1,006 115 24× 13× 11 +
insulin 5,733 100 31× 29× 24 +
BPTI 6,511 95 23× 21× 31 +
HPr 9,119 80 32× 32× 33 –
thioredoxin 11,502 75 25× 30× 35 –
α-lactalbumin 14,178 60 52× 32× 34 –

a Molecular weight in Da before labeling with Alexa fluor
633 (1,089 Da, Fig. 3.2b).

b Diffusion coefficient D in µm2 s−1, and in 50 mM
potassium phosphate buffer, pH 7.0, supplemented
with 1 M glycerol. Free Alexa fluor 633 C5-maleimide:
D = 135 µm2 s−1. Typical errors are ±5%.

c Dimensions of the macromolecules in Å, based on the
NMR and X-ray structures (section 3.5), and obtained
by fitting the structures in a box with minimal volume.

d + indicates that the substrate can efflux through MscL
(section 3.4).

trypsin inhibitor (BPTI, MW = 6,511 Da) effluxed through MscL, whereas histidi-
ne-containing protein (HPr, MW = 9,119 Da) and larger molecules did not. These
observations were confirmed using f luorescence correlation spectroscopy (FCS). Fur-
thermore, we show that only a fraction of the MscL channel molecules participated
in the protein transport across the membrane.

3.3 Methods

3.3.1 MscL purification and reconstitution in liposomes

MscL G22C [63] was expressed in the E. coli mscL-knockout strain PB104 [84] using
vector pB10b [85]. Cells were grown to mid-exponential growth phase (OD at 660
nm of 0.5) and expression of mscL was induced by adding 1 mM IPTG (isopropyl-
-D-thiogalactopyranoside). Membrane vesicles were then prepared by rupturing the
cells with a high pressure homogenizer (Kindler Maschinen AG, Zürich, Switserland)
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and solubilized by 3% octyl-β-glucoside. MscL was purified using nickel affinity
chromatography as described previously [9].

Purified MscL G22C was inserted into Triton X-100 destabilized liposomes as
described [76, 86]. Briefly, 4 mg ml−1 liposomes were extruded 13× through 200 nm
pore-size polycarbonate filters (Avestin, Ottawa, Canada) and titrated with Triton
X-100 until saturation. The lipid mixtures were composed of 1,2-dioleoyl-sn-glycero-
3-phosphatidylcholine (DOPC), 1,2-dioleyl-sn-glycero-3-phosphatidylserine (DOPS,
Avanti Polar-Lipids, Alabaster, AL) and the fluorescent lipid analog 3,3’-dioctadecyl-
oxacarbocyanine perchlorate (DiO; Invitrogen, Carlsbad, CA; excitation and emis-
sion wavelengths of 484 and 499 nm respectively) in a 30,000 : 10,000 : 1 mol ratio.
MscL was added to the mixture in a protein to lipid ratio of about 1 : 50,000 (mol
pentameric MscL / mol lipid) as estimated by a Folin reagent based DC-protein
assay (Bio-Rad, Hercules, CA). Subsequently, the detergent was removed by incu-
bating the mixture overnight at 4◦C with stepwise addition of 100 mg ml−1 Bio-Bead
SM-2 polystyrene beads (Bio-Rad). Membrane reconstitution was performed in 50
mM potassium phosphate buffer, pH 7.0.

3.3.2 Substrate labeling and encapsulation

To measure the upper size of molecules that can diffuse through MscL, several pro-
teins were labeled with the fluorophore Alexa fluor 633 C5-maleimide (Invitrogen;
excitation and emission of 621 and 639 nm, respectively). The hormone insulin from
bovine pancreas (Sigma), trypsin inhibitor from bovine pancreas (BPTI, Sigma-
Aldrich, St. Louis, MO), HPr of the phosphotransferase system (PTS) from E. coli
(purified as described in [87]), thioredoxin from Spirulina sp. (Sigma-Aldrich) and
the calcium metalloprotein α-lactalbumin from bovine milk (Sigma-Aldrich) were
labeled by adding 1 ml 100 µM protein solution in 30 mM K-Hepes, pH 8.5, to
40 nmol Alexa fluor 633, and the mixture was incubated for 30 min at room tem-
perature. At this pH, maleimides not only react with sulfhydryl groups but also
with primary amines such as the side-chain of lysines and the N-terminus of pro-
teins. Reaction conditions (2.5-fold excess of protein over Alexa fluor 633; pH 8.5)
were chosen to preferentially label the N-terminus. The buffer was exchanged to 50
mM potassium phosphate, pH 7.0, using gel-filtration with a Sephadex G-25 column
(Nap10 column, Amersham Biosciences, Piscataway, NJ). Glutathione and the pep-
tide RPPGFSPFC (bradykinin R9C, Genscript, Piscataway, NJ) were labeled by
adding 1 ml 500 µM solution in 50 mM potassium phosphate, pH 7.0, to 40 nmol
Alexa fluor 633 C5-maleimide and incubating for 30 min at room temperature.

The mass of Alexa fluor 633 C5-maleimide was determined using matrix-assisted
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laser desorption / ionisation time of f light (MALDI-TOF) mass spectrometry. 0.5
µl of a 1 µM solution of Alexa fluor 633 in water with 0.1% TFA was spotted on
the MALDI target and immediately mixed 1 : 1 with the matrix solution consisting
of 10 mg ml−1 α-cyano-4-hydroxycinnamic acid (dissolved in 70% acetonitril plus
0.065% trifluoroacetic acid). The spots were allowed to dry completely before the
MALDI-TOF experiment was carried out on an Applied Biosystems 4700 Proteomics
Analyzer (Foster City, CA).

The Alexa fluor 633 labeled macromolecules were encapsulated into MscL-con-
taining liposomes by at least three fast freezing (liquid nitrogen), and slow thawing
(at 4◦C) steps, in concentrations ranging from 1 to 10 µM and sample volumes of 200
µl. After this, 1 M of the membrane permeable osmolyte glycerol was added to slow
down diffusion. The liposomes were extruded through 200 nm pore filters at a total
lipid concentration of 2.5 mg ml−1. Dynamic light scattering (DLS) experiments
were performed to determine the size of the liposomes. DLS was performed at a
fixed angle of 90◦ with a Malvern Instruments Sizer 5,000 (Worcestershire, United
Kingdom), using the Contin analysis mode.

The liposomes were diluted to a final concentration of 1 mg lipid ml−1 into 50 mM
potassium phosphate, pH 7.0, plus 1 M glycerol in the presence or absence of 1 mM
of either MTSET ([2-(trimethylammonium)ethyl] methanethiosulfonate bromide) or
MTSES ([2-sulfonatoethyl] methanethiosulfonate sodium salt, Anatrace, OH) for
opening of the MscL channels, and incubated for 30 min at 18◦C. FCS or DCFBA
was then measured for 5 to 10 min at 18◦C in a 2 µl volume.

3.3.3 Optical setup

DCFBA and FCS measurements were carried out on a laser scanning confocal mi-
croscope [9], based on an inverted microscope Axiovert S 100 TV (Zeiss, Jena, Ger-
many), in combination with a galvanometer optical scanner (model 6860, Cambridge
Technology, Watertown, MA) and a microscope objective nano-focusing device (P-
721, PI Electronics AG, Baden-Dättwil, Switzerland). For excitation of the fluores-
cent lipid analog DiO, an argon ion laser (488 nm, Newport Corporation, Irvine,
CA), and for excitation of Alexa fluor 633 a He-Ne laser (633 nm, JDS Uniphase,
Milpitas, CA) were focused by a Zeiss C-Apochromat infinity-corrected 1.2 NA 63×
water immersion objective. The laser power for both channels did not exceed 10
µW at the back aperture. Emission was collected through the same objective, sep-
arated from the excitation beams by a beam pick-off plate (BSP20-A1, ThorLabs,
Newton, NJ), and split into two channels by a dichroic beam splitter (585dcxr,
Chroma Technology, Rockingham, VT) and finally directed through emission filters
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(HQ 535/50 and HQ675/50, Chroma Technology) and pinholes (diameters of 30 µm)
onto two avalanche photodiodes (SPCM-AQR-14, PerkinElmer Optoelectronics, Fre-
mont, CA). The fluorescence signals were digitized and auto- and cross-correlation
curves were calculated using a multiple τ -algorithm. The autocorrelation curves
were fitted with a two step analytical model (section 3.3.5). For the DCFBA, the
fluorescence count traces for both colors were recorded for more then 300 s with a
binwidth of 1 µs.

The setup was calibrated by measuring the known diffusion coefficients of Alexa
fluor 488 and 633 in water (Invitrogen; D = 300 m2 s−1 [88]). The lateral radii
ωxy, defined as the point where the fluorescence count rate per molecule decreased
e2 times, for 488 and 633 nm excitation, were 180 and 240 nm, respectively, cor-
responding to detection volumes of ∼ 0.20 fl and 0.45 fl. For the DCFBA, the
overlap between the two focal volumes was optimized by maximizing the cross-
correlation signal of a double labeled, doublestranded oligonucleotide. For this, the
oligonucleotides 5’-ATTAT TGAGT GGTCA CTTTA AA and 5’-TTTAA AGTGA
CCACT CAATA AT, labeled with Alexa fluor 488 and 633, respectively (Invitrogen),
were boiled together for 5 min at a final concentration of 0.5 µM and subsequently
slowly cooled to 4◦C to allow annealing. Afterwards, 1 mM NaN3 was added as a
preservative.

3.3.4 DCFBA analysis

DCFBA (see also chapter 2) was used to probe efflux through MscL. First, Alexa
fluor 633 labeled macromolecules were encapsulated in MscL containing liposomes
labeled with a second fluorophore DiO. Then, the fluorescence-bursts emerging from
diffusion of the liposomes through the focal volume of the dual-color confocal laser-
scanning microscope was measured (Fig. 3.1c). For all the bursts in the DiO fluo-
rescence above a certain offset, the area of the ith peak (Li) was then calculated:

Li =
1

t2 − t1

∫ t2

t1

IDiOdt, (3.1)

where the fluorescence in the DiO channel IDiO is above the offset between times t1

and t2 (Fig. 3.1c). For the fluorescence in the Alexa fluor 633 channel IAF633, the
corresponding signal (Si) was also calculated:

Si =
1

t2 − t1

∫ t2

t1

IAF633dt. (3.2)

Because the fluorescence intensities are linearly proportional to the number of mole-
cules, the concentration of macromolecules in arbitrary units, Carb, could now be
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calculated:
[Carb]i =

Si

L
3
2
1

. (3.3)

In equation 3.3, the signals are normalized because DiO is associated to the surface
of the liposomes and Alexa fluor 633 is present inside the vesicles; as a function of
liposome radius, Li and Si thus scale to the power 2 and 3, respectively. From Carb,
the average concentration over all the liposomes (Cav) could be calculated:

Cav =
∑NL

i=1[Carb]i
NL

, (3.4)

with NL corresponding to the number of bursts. In addition to Cav, the number of
empty liposomes was also determined. A burst in the DiO count rate corresponded
to an empty liposome, when a corresponding burst in the Alexa fluor 633 count
rate was absent. The above analysis assumes that the liposome diameter is smaller
than that of the observation volume and that the observation volumes of the two
channels spatially coincide. In general, both assumptions can be satisfied by a
proper adjustment of the objective fill-factors of the excitation laser beams and the
diameters of the confocal pinholes.

3.3.5 Fluorescence correlation spectroscopy

To verify the results obtained by DCFBA, the diffusion of macromolecules was as-
sessed using FCS. With FCS (chapter 1), one can determine diffusion constants and
concentrations for ensemble averages [8, 86]. The fluorescence autocorrelation signals
of the DiO and the Alexa fluor 633 channels were measured and the data were fitted
with a two-step analytical model to quantify the release of macromolecules. The
fitting model for a normalized autocorrelation function of P different compounds,
assuming 3-dimensional Brownian motion, is given by [86]:

G(τ) =
1
V

∑
i∈P

Ciα
2
i

1
1 + 4τDi

ω2
xy

1√
1 + 4τDi

z2
0(∑

i∈P

Ciα1

)2 , (3.5)

where αi is the product of the fluorescence quantum yield and the absorption cross-
section, Ci is the concentration of the molecules, ωxy and z0 are the effective radii
perpendicular and parallel to the focal axis, respectively, and V is the effective
confocal volume, defined as V = π

3
2 ω2

xyz0.
Because not all liposomes were of the same size and the diffusion constant is

inversely related to their radius (Einstein-Stokes relationship, see Eqn 1.2), the flu-
orescence autocorrelation curves could not be fitted with equation 3.5 and assuming
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two components (Eqn. 3.5; P = 2). Therefore, the model was modified so that it in-
cluded the distribution of the liposomes. The radii of the liposomes follow a Maxwell
distribution, which can be approximated with a Gaussian distribution, with average
radius R and spread a. The fraction of liposomes with radius r is then given by:

k(r) =
2 exp

(
−(r −R)2a−2

)
a
√

π

(
1 + erf

(
R

a

)) . (3.6)

The number W (r) of DiO molecules per liposome is related to the radius r by:

W (r) =
8πc

A
r2, (3.7)

where c is the ratio of DiO to lipid molecules and A is the surface area of a lipid (0.6
– 0.7 nm2 [44, 45]). The number of macromolecules S inside a liposome is related
to the radius of the liposome by:

S(r) =
4
3
πCSr3, (3.8)

where CS is the concentration of substrate inside the liposome. The diffusion coef-
ficient Dl of a liposome also depends on its radius according to the Einstein-Stokes
relationship:

Dl(r) =
γ

r
, (3.9)

where γ is a constant determined by the viscosity and temperature of the medium.

Assuming that αi is linearly dependent on the number of DiO or substrate mole-
cules in the liposome, the fluorescence autocorrelation of DiO (Eqn. 3.10) and
substrate (Eqn. 3.11) are given by:

G(τ) =
1

V Cl

∫ ∞

0

W (r)2k(r)
1

1 + 4τDl(r)
ω2

xy

1√
1 + 4τDl(r)

z2
0

dr

(∫ ∞

0

W (r)k(r)dr

)2 , (3.10)

G(τ) =
1
Vr

fCl

∫ ∞

0

S(r)2k(r)
1

1 + 4τDl(r)
ω2

xy

1√
1 + 4τDl(r)
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where Cl is the concentration of liposomes, Df is the diffusion constant of the free
substrate, Cf is the concentration of free label, and f is the fraction of liposomes
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containing substrate. If substrate effluxes through MscL, the percentage of fast
component F increases after opening of the channel, where F is defined as:

F =
Cf

fCl

∫ ∞

0

S(r)2k(r)dr + Cf

× 100. (3.12)

The numerators of equations 3.10 to 3.12 cannot be analytically obtained and were
therefore approximated numerically, using Simpson’s method in 8 steps from r =
R− 2a to r = R + 2a.

3.4 Results

To assess the diffusion of macromolecules through MscL, MscL G22C was reconsti-
tuted in liposomes that were labeled with the fluorescent lipid analogue DiO. Figure
3.2a shows the result of DLS measurements on liposomes that were extruded through
200 nm diameter filters. An average radius of the liposomes of 107±5 nm was found,
with a spread of 16.5± 1.5 nm. The solid line is a fit, assuming a Gaussian distribu-
tion. A series of Alexa fluor 633-labeled macromolecules was encapsulated in the li-
posomes. The mass of Alexa fluor 633 C5-maleimide was 1,089 Da in both the uncon-
jugated (Fig. 3.2b) and the conjugated state (not shown). SDS-PAGE gels of Alexa
fluor 633-labeled insulin, BPTI, HPr, thioredoxin, and α-lactalbumin, are shown
in figure 3.3, where the proteins are visualized by UV-illumination or Coomassie
brilliant blue (CBB) staining. All the tested macromolecules were present in a
monomeric form, according to the literature [89, 90, 91, 92] and confirmed by FCS
and size-exclusion chromatography (not shown). The oligomeric state of insulin de-
pends on its concentration and is monomeric at the concentration used here [93].

For the DCFBA, the fluorescence intensity fluctuations resulting from the lipo-
somes diffusing through the confocal volume was measured for 5 to 10 min. During
this time, 100 to 1,000 liposomes passed through the focal volume, estimated from
the fluorescence trace, where each burst corresponds to a liposome (Fig. 3.1). To
verify whether the DCFBA measurements were quantitative, Alexa fluor 633-labeled
glutathione at 1, 5, and 10 µM was encapsulated inside liposomes containing DiO.
The fluorescence intensities were accumulated for 10 minutes and the Carb-values
were calculated according to Eqn. 3.3 (Fig. 3.4a). The Cav values (Eqn. 3.4) were
1.2±0.3 for 1 µM, 3.8±0.6 for 5 µM and 7.9±0.7 for 10 µM (Fig. 3.4b), which is in
fair agreement with the expected ratio of 1 : 5 : 10. The percentages of empty lipo-
somes were 53±12% for 1 µM, 24±3% for 5 µM and 5.5±1% for 10 µM (Fig. 3.4c).
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These values are close to the values of 76%, 26% and 6.6%, respectively, calculated
from the average size of the liposomes (Fig. 3.2a), assuming a Poisson distribution
of the number of molecules contained in the liposomes. Deviations between the mea-
sured and expected values are likely due to pipeting errors and uncertainties in the
concentration of Alexa fluor 633 labeled glutathione, which was estimated from the
absorption at 630 nm. Spatial differences in the observation volumes of the channels
could also have contributed to the observed deviations.

The efflux from MscL-containing liposomes was studied by encapsulating Alexa
fluor 633 labeled macromolecules. 4 µM glutathione, 8 µM insulin, 2 µM BPTI,
2 µM HPr, 2 µM thioredoxin or 8 µM α-lactalbumin were encapsulated into the
DiO-labeled liposomes. The macromolecules did not associate measurably with the
membrane, as was verified by the addition of the Alexa fluor 633 labeled macromole-
cules to DiO containing liposomes and performing DCFBA experiments (data not
shown). The complete histograms of BPTI and thioredoxin are shown in figure 3.5a
and 3.5b. Figure 3.5c shows the average concentration Cav of the tested compounds
in the liposomes, and figure 3.5d shows the percentages of empty liposomes. Upon
opening of the MscL G22C channel by modification with MTSET or MTSES, the
concentration of glutathione, insulin and BPTI decreased significantly, whereas in
the case of HPr, thioredoxin and α-lactalbumin there was no significant change (Fig.
3.5c). Furthermore, the fraction of empty liposomes increased for glutathione from
37.5 ± 0.5% to 62 ± 5%, for insulin from 11 ± 2% to 36 ± 2%, and for BPTI from

Figure 3.2: Characterization of the liposomes and of Alexa fluor 633. (a) The size of
the liposomes by DLS. The average radius was 107±5 nm, with a spread of 16.5±1.5
nm. (b) The mass of Alexa fluor 633 C5-maleimide by MALDI-TOF was 1,089 Da
in both the unconjugated (shown) and the conjugated state (not shown).
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Figure 3.3: The size-marker molecules. SDS-PAGE gels after UV-illumination (UV)
or Coomassie brilliant blue staining (CBB) of insulin, BPTI, HPr, thioredoxin, and
α-lactalbumin, all labeled with Alexa fluor 633. The 3-dimensional structures of the
macromolecules encapsulated in the liposomes were taken from the RCSB protein
data bank. Shown are the NMR structure of human insulin [94], and the X-ray
structures of BPTI [95], HPr from E. coli [96], thioredoxin from E. coli [97] and
human α-lactalbumin [98]. The scale bar represents 2 nm.
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54.5± 2% to 71.5± 2%. In the case of insulin and BPTI, modification of MscL with
the negatively charged MTSES resulted in an increase of empty liposomes compa-
rable to MTSET. When HPr, thioredoxin, or α-lactalbumin were incorporated into
liposomes, there was no increase in the fraction of empty liposomes upon MscL-
modification with either MTSET or MTSES (Fig. 3.5d). Addition of MTSET and
MTSES to the labeled macromolecules in solution did not result in a change in fluo-
rescence. Furthermore, MTSET and MTSES did not effect efflux of Alexa fluor 633
labeled glutathione or BPTI, encapsulated in liposomes without MscL, indicating
that efflux occurred through MscL. Finally, steady-state levels of efflux were reached
and the liposomes were not leaky due to for instance residual detergent, since the
concentration distributions were stable for > 24 hrs.

To verify the results obtained by DCFBA, the diffusion of the liposomes and
the macromolecules was assessed using FCS. With FCS, one can determine diffusion
constants and concentrations for ensemble averages [8, 86] and not of individual
particles as with DCFBA. The fluorescence autocorrelation signals of the DiO and
the Alexa fluor 633 channels were measured and the data were fitted with Eqn. 3.10
and 3.11 to quantify the release of macromolecules. The spread in the sizes of the li-
posomes was determined by performing fluorescence autocorrelation spectroscopy of
liposomes containing the fluorescent lipid analogue DiO. Fitting the autocorrelation
function with equation 3.10 showed reasonable agreement (Fig. 3.6). For coefficient
γ (Eqn. 3.9), a value of 0.23± 0.05 µm3 s−1 was found, corresponding to a diffusion

Figure 3.4: Proof of principle of DCFBA. (a) Histogram shows the distribution of
liposomes loaded with 0, 1, 5, or 10 µM of glutathione as a function of Carb (Eqn.
3.3). (b) The average concentration Cav (Eqn. 3.4) of the Alexa fluor 633-labeled
molecules in the liposomes. (c) The percentages of empty liposomes. Error bars
were calculated from three measurements.
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Figure 3.5: Protein passage through MscL probed with DCFBA. Histogram shows
the distribution of MscL G22C containing liposomes loaded with (a) 2 µM BPTI and
(b) 2 µM thioredoxin, unmodified (- control) or modified with MTSET or MTSES,
as a function of Carb (Eqn. 3.3). (c) The average concentration Cav of the Alexa
fluor 633-labeled molecules in the liposomes (Eqn. 3.4). (d) The percentages of
empty liposomes. Error bars were calculated from three measurements.
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constant of D ≈ 2.3 µm2 s−1 for a liposome with a radius of 100 nm in 50 mM
potassium phosphate, pH 7.0, plus 1 M glycerol. This D is about 60 times smaller
than that of free Alexa fluor 633 which has a diffusion constant D = 135 ± 6 m2

s−1 in 50 mM potassium phosphate, pH 7.0, plus 1 M glycerol. These diffusion con-
stants are in accordance with the Stokes-Einstein relationship. Furthermore, fitting
the autocorrelation curves with equation 3.10 (Fig. 3.6), yielded an average radius
R of 112 ± 7 nm and spread a of 17.5 ± 2.5 nm. Both numbers are in excellent
agreement with DLS measurements, where R = 107± 5 nm and a = 16.5± 1.5 nm
were determined (Fig. 3.2a). For the measurements on Alexa fluor 633, The auto-
correlation curves were fitted with Eqn. 3.11 and the fits were acceptable when γ

was given the same value as estimated from the measurements with DiO (Fig. 3.6).

Figure 3.6: Autocorrelation curve of liposomes containing fluorescent lipid analogue
DiO. The solid line represents a fit with equation 3.10. An average radius R = 110
nm and spread a = 19 nm were obtained. The lower panel shows the residuals (Res.)
of the fit.

In the case of glutathione, the nonameric peptide bradykinin R9C, insulin and
BPTI, opening of the channel resulted in an increase of the fraction of fast component
F which corresponds to the released fluorophore (Fig. 3.7). No increase was observed
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for HPr, thioredoxin, and α-lactalbumin. These results are in perfect agreement with
the results obtained by DCFBA. The fluorescence-burst analysis, however, has the
advantage over FCS of yielding a distribution of macromolecules over the liposomes,
whereas FCS only provides qualitative information.

Figure 3.7: Protein passage through MscL probed with FCS. Fluorescence auto-
correlation curves of MscL containing liposomes, before (black line, �) and after
(gray line, H) opening of the channel by modification with MTSET. Shown are
typical autocorrelation measurements for liposomes containing (a) insulin and (b)
thioredoxin, both labeled with Alexa fluor 633. Curves were fitted with a two step
analytical model (Eqn. 3.11) and residuals are shown (Res.). (c) The percentage of
particles with a high mobility (F ), corresponding to released substrates, of all tested
macromolecules. Error bars were calculated from 3 measurements.
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3.5 Discussion

Both DCFBA and FCS revealed that the tripeptide glutathione, the nonameric pep-
tide bradykinin R9C, insulin, and BPTI, all labeled with Alexa fluor 633, are able
to efflux through MscL, whereas HPr, thioredoxin and α-lactalbumin are not. The
molecular weights and dimensions of these macromolecules, derived from the three
dimensional structures and presented by the Research Collaboration for Structural
Bioinformatics protein data bank (RCSB pdb, http://www.rcsb.org, Fig. 3.3),
are given in Table 3.1. These dimensions were obtained by fitting the structures in a
box with minimal volume and do not include the bound Alexa fluor 633 C5-maleimide
label of 1,089 Da. As a result of this labeling, the dimensions of glutathione and
bradykinin are dominated by the Alexa fluor 633 label. Because of the dimensions
of insulin and BPTI (Table 3.1), the diameter of MscL must be larger than about 2
– 3 nm. This diameter might be overestimated, because conformational changes of
the size-marker proteins are not taken into account. In addition, this diameter holds
for MscL opened by MTSES or MTSET, which bind a moiety of about 5 – 6 Å to
each of the subunits of the channel [63] in an unknown conformation. Patch-clamp
experiments showed that the conductances of MscL channels opened by modifica-
tion with MTSET and opened by stretching of the membrane by a negative pipette
pressure are comparable [63], suggesting a similar pore diameter. The pore diam-
eter estimated from the passage of insulin and BPTI is consistent with calculated
estimates of 29 to 46 Å based on the conductance of the channel [28, 80].

It has been suggested that some small organic osmolytes like ATP, glycine be-
taine and trehalose are hindered in their diffusion through MscL [99]. In view of
the here presented data on protein efflux, and reports on fluorophore [26, 77] and
glycine betaine efflux via MscL [100], the earlier claims that cytoplasmic molecules
are rejected from entering the pore [75, 99] seem questionable. It is possible, how-
ever, that the rates at which different types of molecules diffuse through MscL vary
greatly. Owing to the limited time resolution of DCFBA, we could not obtain ki-
netic information on (macro-) molecule diffusion through the pore. The reason is
that liposomes diffuse very slow due to their relatively large size. The measured av-
erage diffusion speed of liposomes (proportional to 1

R ) is about 60 times smaller than
that of free Alexa fluor 633 dye. In order to measure enough liposomes to obtain
an acceptable autocorrelation curve, the measurement time should typically be >

1 min and information about rates of diffusion are not readily obtained. Thus, the
diffusion through MscL of gluthathione, bradykinin, insulin and BPTI (and possibly
that of ATP [99]) may be slow compared to that of ions.

The S3 domain of the associated C-terminal helices of the MscL pentamer are
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proposed to form a pre-filter for metabolites at the cytoplasmic entrance, excluding
high-molecular weight substances from entering the pore [99]. We clearly show that
macromolecules up to at least 6.5 kDa can pass through MscL, but we cannot dis-
tinguish between the pre-filter or the actual pore in determining the size exclusion
limits of the channel. Efflux experiments with the delta 110–136 mutant, lacking
this S3 domain [101], might elucidate the role of the S3 domain in determining the
pore-size. It has been claimed [75] that wild-type E. coli cells release thioredoxin
upon an osmotic downshift, whereas thioredoxin is retained by mscL− cells, suggest-
ing that thioredoxin is able to diffuse through MscL. This observation contradicts
our work. Our estimates should be regarded as lower limits, because proteins may
be hindered in their passage due to binding to the surface of the pore or interaction
with the methanethiosulfonate label. We consider the latter less probable because
MscL modification with positively- (MTSET) and negatively-charged (MTSES) la-
bels yielded identical results. Lastly, our pore diameter matches the value obtained
by patch-clamp studies, where it was found that poly-L-lysines with a diameter larger
than 37 Å blocked the conductance of the channel, whereas smaller poly-L-lysines
had no effect [28].

The 52 kDa elongation factor Tu, the 41 kDa heatshock protein DnaK and the
142 kDa enterobactin synthase polypeptide EntF have been reported to be released
upon osmotic downshock [81, 82, 83], and these macromolecules have been hypothe-
sized to pass through MscL. Due to the high molecular weight and large dimensions
of these molecules, this seems rather unlikely. Moreover, a more recent study with a
MscL knockout strain suggests that these molecules might be released via a mech-
anism independent of MscL [74]. The genome of E. coli K12 contains 262 open
reading frames coding for proteins smaller then 9.2 kDa, of which 46 are predicted
transmembrane proteins and 26 are secreted proteins. Of the remaining 190 open
reading frames, more than 100 are proteins of unknown functions and for a large
number it is not known whether they self-associate or complex with other proteins.
Therefore, the number of proteins potentially able to diffuse through MscL upon an
osmotic downshift, will most likely be smaller than 100. Nevertheless, the release of
this relatively small number of proteins could be physiologically significant.

Efflux through MscL was previously assessed by two techniques: patch-clamp
and calcein dequenching [28, 63, 77]. Both methods have a number of limitations
compared to the fluorescence based approach used in this work. In the case of the
patch-clamp technique, direct translocation of proteins through membrane pores
is not readily observed, because of limited charges on the proteins relative to the
free ions in the solution. Protein translocation, however, can be observed indirectly
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through blocking of the channel conductance [28, 29, 30]. The calcein effux assay
is based upon the self-quenching of fluorophore [77] at very high concentrations
(typically 25 – 100 mM), unlike the low concentrations used here (1 – 10 µM). Be-
cause fluorophore-labeled proteins cannot be incorporated at concentrations needed
for self-quenching, calcein dequenching is not feasible for monitoring effux of macro-
molecules. The fluorescence based approach used in this work has further advantages
of relatively short measurement times (typically 5 min) and small volumes (about
1 µl). In this study, the diffusion through MscL was studied both by DCFBA and
FCS. The FCS results, however, provide no information on the distribution of the
macromolecules over the liposomes.

Similar to the fluorescence based techniques used in this study, the macromole-
cule efflux from liposomes could also be studied with size exclusion chromatography.
However, such measurements do not yield information on the distribution of macro-
molecules over the liposomes. Furthermore, much more material (∼ 100×) is needed
for size exclusion chromatography. In addition to fluorescence autocorrelation spec-
troscopy, efflux could be measured using dual-color fluorescence cross-correlation
spectroscopy [12], since DiO and the Alexa fluor 633-labeled macromolecules have
distinctive emission and excitation wavelengths. However, according to our expe-
rience, the cross-correlation curve is difficult to quantify and prone to substantial
errors, since a large fraction of the liposomes does not contain an active channel or
labeled macromolecule. Thus, the change of the cross-correlation curve upon open-
ing of the channels is small. Therefore, in this particular case, dual-color fluorescence
cross-correlation spectroscopy is expected to be less accurate than fluorescence au-
tocorrelation spectroscopy.

Using DCFBA, it was shown that after opening of the channels, a large fraction
of the liposomes still contained the same concentration of fluorescent labeled macro-
molecule as before opening, even in the case of glutathione, insulin and BPTI, which
were able to diffuse through MscL. This indicates that a large fraction (between 40
and 70%) of the liposomes did not contain a functional MscL channel. Based on
the reconstitution ratio of MscL pentamer to lipid of 1 : 50,000 (mol / mol), it is
expected that each liposome should contain approximately 10 MscL channels. Be-
cause about half of the liposomes did not contain an active channel, about 90% of
the channel must have been lost during the reconstitution and / or not function-
ally incorporated into the liposomes. This agrees with the reconstitution efficiencies
reported in the literature. For instance, for MscL pentamer to lipid ratio’s of 1 :
50,000 to 1 : 10,000 (mol / mol) typically only 1 to 7 active channels are found in a
patch with a diameter of ∼ 1 µm, instead of the expected 30 to 150 [77, 102, 103].
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On the basis of thiol-labeling with membrane-impermeant reagents, the majority of
‘active’ MscL seems to be oriented right-side-in, but always a fraction of inside-out
protein is present ([104]; A. Koçer, pers. comm.). When these preparations were
frozen-thawed up to 8 times, we did not see a change in the efflux activity (or speci-
ficity, not shown). Although these data are consistent with the notion that MscL is
active in both orientations, it was technically not possible to rule out the possibility
that protein efflux occurred via the fraction of inside-out oriented molecules.

In conclusion, this is the first time that efflux of macromolecules through MscL
has been unequivocally demonstrated. DCFBA provides an approach of analyzing
the permeability properties of membrane proteins, with a number of merits compared
to existing methods. It can be used as an universal method to study translocation
of fluorophore-labeled macromolecules by membrane pores, expressed in cells or
reconstituted in liposomes. The method is of particular importance for studying the
effective pores of antimicrobial peptides, for which channel-formation and membrane
permeabilization is still elusive [23, 105], and has been applied by us to determine
the pore properties of magainin 2 and melittin (chapter 4, [19]).
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Chapter 4

The lipid dependence of

melittin action investigated

by dual-color

fluorescence-burst analysis

Geert van den Bogaart, Jacek T. Mika, Victor V. Krasnikov, and Bert Poolman1

4.1 Abstract

Dual-color f luorescence-burst analysis (DCFBA) was used to study melittin-induced
leakage of macromolecules from liposomes of various lipid compositions. To perform
DCFBA, fluorescently-labeled size-marker molecules were encapsulated into lipo-
somes, labeled with a second, lipid-attached fluorophore. By correlating the fluores-
cence bursts, resulting from the liposomes diffusing through the detection volume of
a dual-color confocal microscope, the distribution of size-marker molecules over the
liposomes was determined. It was found that melittin causes leakage via two differ-
ent mechanisms: (1) For liposomes composed of neutral bilayer-forming lipids, low
melittin concentrations induced pore-formation with the pore-size depending on the
melittin concentration. (2) For liposomes containing anionic and / or non-bilayer
forming lipids, melittin induced fusion or aggregation of liposomes accompanied by
a-specific leakage. Experiments with liposomes prepared from Escherichia coli lipid

1This chapter has been published in Biophysical Journal (2007) 93: 154–163 [19].
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extracts and intact cells of Lactococcus lactis indicate that both mechanisms are
physiologically relevant.

4.2 Introduction

Antimicrobial peptides are typically 12 – 50 amino acids long and play an important
role in the innate immune response of the host organism. Over 800 antimicrobial
peptides have been identified in species as diverse as bacteria, fungi, plants and
mammals [23] and they are a possible source of antibiotics for the pharmaceutical
industry [106, 107]. The antimicrobial peptide melittin is a membrane disrupting
agent, frequently used as a model for hemolytic activity [108] and is one of the best
studied antimicrobial peptides to date (see [66] for recent review). The strongly
cationic (6+) melittin is the major component of the European honeybee (Apis mel-
lifera) venom [20] and consists of 26 residues. In aqueous solution, melittin exists as
either a monomer, with no defined secondary structure [109, 110], or as a tetramer of
α-helical peptides, depending on the concentration, ionic strength and pH of the so-
lution [110, 111, 112]. It retains the amphiphilic α-helical structure in the membrane
[113, 114, 115]. Melittin has strong hemolytic and antimicrobial activity. It kills the
cell by auto-insertion in the membrane, thereby forming large a-specific pores in both
eukaryotic and prokaryotic membranes, leading to the leakage of cell content [105].
Other cytotoxic mechanisms of action have also been proposed for melittin, including
phospholipase-D activation that leads to hydrolysis of phospholipids and probably
activation of unknown transduction cascades [23, 66, 105, 116, 117, 118, 119].

It has been proposed that melittin induces pore-formation via the toroidal mech-
anism [120, 121], whereby the lipids, in particular the head-groups, together with the
peptides line the pore. However, the toroidal mechanism is not undisputed and evi-
dence is also available in favor of a barrel-stave arrangement of the melittin peptides
in the pore [115, 122, 123, 124, 125]. There are also reports that claim that melittin
disrupts membranes via the carpet-like mechanism [108, 123]. In the barrel-stave
arrangement, the amphiphilic α-helical peptides insert in the membrane bilayer in
such a way that the hydrophilic regions, but not the lipid head-groups, form the
interior of the pore. In the carpet-like mechanism, the peptides disrupt the mem-
brane by forming an extensive layer of membrane-associated peptides and dissolve
the membrane in a detergent-like manner with the helices orienting parallel to the
surface. According to the widely accepted toroidal pore model, the pores consist of
about 4 – 8 melittin molecules [126, 127]. Regardless of the lipid composition, at
low peptide to lipid ratios, the helical segments bind parallel to the membrane plane
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[128, 129, 130, 131, 132], at the depth of the glycerol groups [133]. Each peptide
would occupy an area of about 6 nm2 of membrane surface [134]. Depending on the
membrane composition, an increase in melittin concentration is thought to result in
reorientation of melittin and insertion of the peptide perpendicular to the membrane
plane [121], which induces the formation of pores [108, 115, 135].

The size of the melittin pore has been estimated to be between 3.5 and 4.5 nm
in transmission electron microscopy [136] and 4.4 nm in neutron diffraction studies
[121]. This is in reasonable agreement with estimates from leakage experiments of
macromolecules [51, 67, 126, 135, 136, 137, 138, 139, 140], where pore-sizes ranging
from 1.5 to 4.8 nm have been estimated. It should be noted, however, that the
difference between the smallest (1.5 nm) and the largest pore-size estimate (4.8 nm)
corresponds to molecules diffusing through the pore of less than 10 kDa up to more
than 100 kDa and this apparent discrepancy might be of crucial importance for
the mechanism of cell killing by melittin. It seems likely that these differences in
pore-size estimates arise from differences in salt concentration, osmotic gradient,
and lipid composition [23, 66, 141, 142]. For a better understanding of the action
mechanism and the cytotoxic activity of melittin, a better knowledge of the pore-
formation and pore-size is essential. Whether and how the pore-size increases with
increasing melittin concentration is still a matter of debate [121]. In previous studies,
phospholipid vesicles and erythrocyte membranes were used to monitor the leakage
of macromolecules as a function of the melittin concentration, but the mechanism of
pore-formation and -size could not be specified unambiguously [51, 135, 136, 143].

We used dual-color f luorescence-burst analysis (DCFBA; chapters 2 and 3 [17])
to probe the formation and size of the melittin pore. DCFBA allows one to determine
the population distribution of size-marker molecules over the liposomes, thereby
providing detailed information of the leakage process that is not readily obtained by
conventional methods. Moreover, only small quantities of lipids are needed (∼ µg)
and the data acquisition is relatively fast (∼ 10 min), which allows for medium
throughput screening of lipid compositions and melittin concentrations.

4.3 Methods

4.3.1 Melittin and lipids

Melittin was obtained from GenScript Corporation (purity > 95%, Piscataway,
NJ). Escherichia coli total lipid extract, cholesterol and the synthetic lipids 1,2-
dioleoyl-sn-glycero-3-phosphocholine (DOPC), 1,2-dioleoyl-sn-glycero-3-phosphoe-
thanolamine (DOPE) and 1,2-dioleoyl-sn-glycero-3-phosphatidylglycerol (DOPG)
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were from Avanti Polar Lipids (Alabaster, AL). Stock solutions of the lipids of 20 mg
ml−1 in chloroform were prepared. The membrane dyes DiO (3,3’-dioctadecyloxa-
carbocyanine percholate; excitation wavelength λex = 484 nm, emission wavelength
λem = 501 nm) and DiD (1,1’-dioctadecyl-3,3,3’,3’-tetramethylindodicarbocyanine
percholate; λex = 644 nm, λem = 665 nm, Invitrogen, Carlsbad, CA) were added
to the lipid stock solutions to ensure co-incorporation in the vesicle membrane. For
DOPC, a 1 : 4,000 DiO (or DiD) to lipid ratio was used; for all other lipid mixtures,
a 1 : 40,000 ratio was used. To obtain similar fluorescence-burst intensities, the
probe to lipid ratio had to be 10-fold higher for DOPC. This is probably due to
different interactions of DiO with zwitterionic DOPC when compared to the anionic
DOPG. Experiments with liposomes composed of pure DOPG or a 1 : 1 mixture of
DOPC / DOPG indicated that a 10-fold higher DiO concentration did not influence
the leakage and fusion events (not shown).

4.3.2 Labeling of size-marker molecules

Dextran molecules conjugated to Alexa fluor 647 (for the 10 kDa dextran, λex = 650
nm, λem = 668 nm) and Oregon Green (for the 70 kDa dextran, λex = 496 nm,
λem = 521 nm) were from Invitrogen and dissolved in 50 mM potassium phosphate,
pH 7.0, to a final concentration of 100 µM. The effective Stokes radii of the 10 and
70 kDa dextrans are 2.4 and 5.0 nm, respectively [51, 144], although in solution they
form ellipsoids with shortest radii of ∼ 2.0 nm [52]. Glutathione, bovine pancreatic
trypsin inhibitor (BPTI) and bovine α-lactalbumin were from Sigma-Aldrich (St.
Louis, MO). Solutions of 100 µM BPTI and α-lactalbumin in 30 mM K-Hepes, pH
8.6, were labeled with 44 µM Alexa fluor 633 C5-maleimide (Invitrogen, λex = 622
nm, λem = 640 nm, MW = 1,089 Da [17]) by incubating for 30 minutes at room
temperature. The labeled macromolecules were separated from the unbound fluo-
rophore by size exclusion chromatography (Nap10 columns, Amersham Biosciences,
Piscataway, NJ) with subsequent buffer exchange to 50 mM potassium phosphate,
pH 7.0. Glutathione was labeled with the same fluorophore in 50 mM potassium, pH
7.0. The purity of the proteins and efficiency of labeling was checked by SDS-PAGE
and in-gel fluorescence.

4.3.3 Preparation of liposomes

For the liposome preparation, 250 µl (5 mg) of the lipid chloroform stock was dried
by rotary evaporation at 50◦C for 2 h. The lipid film was resuspended in 1 ml
of 50 mM potassium phosphate, pH 7.0, with the size-marker molecules present at
concentrations between 1 and 20 µM. After 3 times fast freezing (liquid nitrogen) and
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slow thawing (room temperature) and subsequent extrusion through 200 nm pore-
size polycarbonate membranes (Avestin, Ottawa, Canada), the non-encapsulated
size-marker molecules were separated from the liposomes by centrifugation (20 min,
270,000 ×g, 4◦C). For the DCFBA measurements, the liposomes were resuspended
in 50 mM potassium phosphate, pH 7.0, to a final concentration of 80 µg of lipid
ml−1.

4.3.4 DCFBA measurements

DCFBA measurements were performed as described previously (chapters 2 and 3
[17]). Briefly, the fluorescently labeled size-marker molecules were encapsulated in
liposomes that were labeled with a second fluorophore (the lipid analogue DiO or
DiD). The fluorescence bursts, resulting from the diffusion of the liposomes through
the detection volume of a dual-color confocal microscope [17], were recorded for
at least 10 min (Fig. 4.1). During this period, more than 1,000 liposomes passed
through the focal volume (Fig. 4.2). For all the fluorescence bursts above a certain
offset, the integrated intensities of both the fluorescent lipid analogue and the size-
marker molecules were calculated. The size-marker concentration (C) of the ith

liposome (burst) could then be obtained by division:

Ci =

∫ t2

t1

ISMdt(∫ t2

t1

ILdt

) 3
2
, (4.1)

where the fluorescence of the lipid marker (IL) is above a certain offset between t2

and t1 and ISM is the fluorescence of the size-marker. In equation 4.1, the signals are
normalized because the lipid analogue is associated with the surface of the liposomes
and the size-marker is present in the vesicles. As a function of liposome radius, ISM

and IL thus scale to the power of 3 and 2, respectively [17]. From Ci, the average
concentration Cav over all the liposomes could be calculated:

Cav =
1
N

N∑
i=1

Ci, (4.2)

where N corresponds to the number of liposomes [17].
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Figure 4.1: Principle of DCFBA. Liposomes labeled with the fluorescent lipid ana-
logue DiO and with encapsulated Alexa fluor 633 (AF633)-labeled size-marker mole-
cules are depicted schematically. The fluorescence bursts, resulting from the diffusion
of liposomes through the detection volume of a dual-color confocal microscope, are
recorded for more than 10 min. Since both DiO and Alexa fluor 633 are liposome as-
sociated, the intensity bursts in both channels coincide. Addition of melittin results
in pore-formation and pore-size dependent leakage of the size-marker molecules from
the liposomes and thereby, in turn, cancels out the coincidence of the fluorescence
bursts.
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Figure 4.2: Fluorescence traces from DCFBA experiments. The upper panels show
the intensity traces for the fluorescent lipid analogue DiO and the lower panels the
corresponding traces of the encapsulated Alexa fluor 633-labeled glutathione. Traces
are shown for liposomes consisting of: DOPC without (panel a) and with melittin
(panel b; the melittin to lipid ratio was 0.03, which corresponds to a concentration
of 4 µM), and DOPG without (c) and with melittin (panel d; the melittin to lipid
ratio was 0.09, which corresponds to a concentration of 12 µM). Melittin eliminates
the bursts from Alexa fluor 633-labeled glutathione, because glutathione is no longer
associated with the liposomes and the signal from individual molecules is low. Only
the first 25 s of > 10 min are shown.
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4.4 Results

4.4.1 Pore-formation

The effect of the lipid composition on the melittin pore-size was studied using
DCFBA, which enables rapid measurements of leakage with single liposome reso-
lution [17]. The liposomes were labeled with the fluorescent lipid analogue DiO or
DiD and encapsulated with size-marker molecules that were labeled with a second
fluorophore. Since both the fluorescent lipid analogue and the size-marker molecules
are liposome associated, both fluorescence signals coincide (Fig. 4.1, top panel).
Upon pore-formation, the size-marker molecules with dimensions smaller than the
diameter of the melittin pores leak out (Fig. 4.1, bottom panel). This results in the
loss of coincidence of the signals. In figure 4.2a, part of a typical intensity trace is
shown for liposomes consisting of 100% DOPC with encapsulated fluorescently la-
beled glutathione. After addition of melittin, glutathione leaked out of the liposomes
and the fluorescence bursts no longer coincided (Fig. 4.2b). The same phenomenon
was observed for liposomes composed of the anionic lipid DOPG (Fig. 4.2c – d).
Each individual burst from the fluorescent lipid analogues corresponds to a liposome
diffusing through the detection volume, and, for such a liposome, the concentration
of size-marker was calculated (Eqn. 4.1). Since traces were recorded for longer than
10 min, the concentration distributions of large populations (typically more than
1,000 liposomes) were obtained. Steady-state levels of efflux were reached, since the
concentration distributions were stable for > 24 hrs (not shown).

Figure 4.3a presents the concentration distribution at different melittin concen-
trations of DiO-labeled liposomes composed of DOPC with encapsulated Alexa fluor
633-labeled glutathione (Eqn. 4.1). Upon addition of melittin, pores were formed
and the glutathione leaked out, resulting in lower internal concentrations. Liposomes
composed of DOPG showed a similar behavior, albeit at higher melittin concentra-
tions (Fig. 4.3b). Surprisingly, the number of liposomes decreased with increasing
melittin concentration (the surface of the histogram corresponds to the concentra-
tion of liposomes). For liposomes composed of a mixture of DOPC / DOPE, both
the size-marker concentration and the total number of liposomes dropped already at
low melittin to lipid ratios (Fig. 4.3c). This decrease of the liposome concentration
was due to liposome fusion or aggregation, since the average DiO burst intensities
increased in parallel (Fig. 4.4a). Moreover, bright fluorescent, micrometer-sized
particles were observed in microscopic images, which were not visible before the ad-
dition of melittin (Fig. 4.4b). The detergent Triton X-100 (used at 0.05% v/v) fully
dissolved the liposomes and completely abolished the bursts of both the fluorescent
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lipid analogues and the size-marker molecules (not shown).

Figure 4.3: Pore-formation of melittin. The distribution of Alexa fluor 633-labeled
glutathione (C, Eqn. 4.1) over the liposomes is shown for various melittin to lipid
ratios (molar ratios are indicated in the figure). The distributions are shown for
liposomes consisting of: (a) DOPC, (b) DOPG, and (c) a 3 : 7 ratio of DOPC /
DOPE. Upon the addition of melittin, the concentration of glutathione decreased
due to leakage from the liposomes. Importantly, for DOPG and DOPC / DOPE the
total number of liposomes (area of the histogram) also decreased upon the addition
of melittin due to membrane fusion or aggregation. The bin-width used was 0.16.
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Figure 4.4: Melittin-induced fusion of liposomes consisting of 100% DOPG. (a)
Fluorescence intensity traces of the fluorescent lipid analogue DiO before (upper
graph) and after the addition of melittin (lower graph; melittin to lipid ratio of 0.09;
12 µM). Upon the addition of melittin, the number of fluorescence bursts (related
to the liposome concentration) decreased and the average burst intensity increased.
(b) Fluorescence microscopy images of the samples from panel a. After addition of
melittin (lower panel), micrometer size particles became visible. The scale bar is 50
µm.
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4.4.2 Lipid composition dependence

To quantify the melittin activity for different lipid compositions, the total number
of liposomes was plotted as a function of the melittin concentration. Typical curves
are shown in figure 4.5 (�) for liposomes composed of 100% DOPC (panel a), 100%
DOPG (b) and a 3 : 7 ratio of DOPC / DOPE (c). Also, the average concentration of
encapsulated size-marker was calculated (Eqn. 4.2), and for Alexa fluor 633-labeled
glutathione, these are also shown in figure 4.5 (•). For DOPC, glutathione leakage
was observed already at very low melittin concentrations, whereas membrane fusion
was not observed below melittin to lipid ratios of 0.4 (Fig. 4.5a; only data up to
0.08 are shown). For DOPG, glutathione leakage was observed at concentrations
about ten times higher than for DOPC (Fig. 4.5b). Interestingly, liposome fusion or
aggregation was observed in the same concentration range as the leakage of contents.
Similar behavior was observed for liposomes consisting of a 3 : 7 ratio of DOPC /
DOPE (Fig. 4.5c), albeit at significantly lower melittin concentrations than for
DOPG (notice the differences in the scales of the x-axes of figure 4.5b – c). To
obtain CL, 1

2
, defined as the concentration of melittin where half of the liposomes

released their content, the size-marker concentration curve (Fig. 4.5, •, solid line)
was fitted with a cumulative normal distribution function:

Cav =
1
2

(
1− erf

CM − CL, 1
2

σ
√

2

)
, (4.3)

where Cav is the average size-marker concentration of the liposomes normalized to
the condition where no melittin was present, CM is the melittin concentration, σ2

is the variance and erf indicates the error function. Similarly, the melittin CF, 1
2
-

concentrations at which half of the liposomes were fused or aggregated (Fig. 4.5,
�, dotted line) were calculated using equation 4.3, with Cav corresponding to the
normalized number of liposomes.

The CF, 1
2
-values for fusion or aggregation were determined for a number of lipid

compositions. DOPC fused at melittin to lipid ratios of 0.44 ± 0.04. Addition of
10% cholesterol reduced the melittin to lipid ratio needed for fusion or aggregation
to 0.25 ± 0.07 (Fig. 4.6a). Liposomes consisting of 1 : 1 and 3 : 7 ratios of
DOPC / DOPE fused or aggregated at melittin to lipid ratios of 0.13 ± 0.03 and
0.004± 0.003, respectively. 100% DOPE was not tested, since it did not form stable
bilayers under the used experimental conditions [145]. Similar to DOPE, DOPG
decreased the amount of melittin needed to induce liposome fusion or aggregation,
and, for 100% DOPG, this was induced at a melittin to lipid ratio of 0.06 ± 0.02.
Analogous to liposome fusion or aggregation, the CL, 1

2
-values were determined for

leakage of different size-markers (Fig. 4.6b). Fluorescently-labeled glutathione (1.4
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Figure 4.5: Melittin titration curves. Normalized, average glutathione concentra-
tions (Cav, Eqn. 4.2, •) and total number of liposomes (�) plotted as a function of
the melittin to lipid ratios for liposomes composed of: (a) DOPC, (b) DOPG, and
(c) a 3 : 7 ratio of DOPC / DOPE. The data were normalized to the conditions
where no melittin was present. For the total number of liposomes, the datasets for
the 4 different size-markers were averaged and the error bars show the standard
deviation. The solid and dotted lines are fits with a cumulative distribution func-
tion (Eqn. 4.3), used to obtain the melittin to lipid ratio where leakage or fusion
was 50% (CL, 1

2
- and CF, 1

2
-values, respectively). For liposome fusion or aggregation,

the CF, 1
2
-values with spread σ2 were as follows: (a) CF, 1

2
= 0.3 (40 µM melittin),

σ2 = 0.9, (b) CF, 1
2

= 0.07 (9.3 µM), σ2 = 0.33 and (c) CF, 1
2

= 0.005 (0.7 µM),
σ2 = 0.001. For glutathione leakage, the CL, 1

2
-values were: (a) CL, 1

2
= 0.002 (0.3

µM), σ2 = 0.001, (b) CL, 1
2

= 0.05 (6.7 µM), σ2 = 0.15 and (c) CL, 1
2

= 0.005 (0.7
µM), σ2 = 0.002.
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kDa), BPTI (7.6 kDa), 10 kDa dextran (10 kDa) and α-lactalbumin (15.3 kDa) were
used as size-markers. In the case of 100% DOPC and DOPC with 10% cholesterol,
the smaller size-marker molecules leaked out at lower melittin concentrations than
the bigger ones, indicating a pore-size dependence on the melittin concentration. For
liposomes containing synthetic DOPE or DOPG this size dependence was abolished
(Fig. 4.6b), suggesting that leakage is a consequence of the fusion or aggregation
of the liposomes rather than formation of specific pores. The 70 kDa dextran was
also tested for liposomes consisting of 100% DOPG or a 1 : 1 mixture of DOPC
/ DOPE, and this compound leaked out at similar melittin concentrations as the
smaller size-markers (not shown). Thus, in membranes with a fraction of DOPE or
DOPG, melittin triggers the formation of holes with sizes of at least 2.3 – 5 nm (size
of the largest size-markers [17, 144]). Interestingly, for liposomes consisting of E. coli
total lipid extract, there was a melittin concentration dependence for the leakage of
the three smallest size-markers (Fig. 4.6b), and hence a pore-size dependence. E.
coli membranes consist of anionic lipids (phosphotidylglycerol (PG) plus cardiolipin)
and phosphatidyletanolamine (PE) in a ratio of about 3 to 7 [146]. The CF, 1

2
-value

for fusion or aggregation, but not the CL, 1
2
-value for leakage, was similar as for

membranes consisting of a 3 : 7 mixture of DOPG / DOPE (0.03± 0.01, Fig. 4.6a).

4.4.3 In vivo leakage experiments

DCFBA is based on the fluorescent labeling of liposomes and encapsulated size-
marker molecules labeled with a second fluorophore. Here, we demonstrate that
this approach can also be used to probe pore-formation in bacteria instead of lipo-
somes, using GFP as a leakage marker. Lactococcus lactis (strain MG1363) cells,
expressing the OpuC-GFP fusion protein from a plasmid, were labeled with the red
membrane probe DiD. OpuC is the 24 kDa substrate-binding domain of OpuA (an
osmoregulated ABC transporter from L. lactis), expressed as a soluble protein [147].
OpuC-GFP can be considered as two beads each with a Stokes radius of 2.8 nm [148].
The inset of figure 4.7 shows confocal images of L. lactis cells expressing OpuC-GFP
(upper image) and labeled with DiD (lower image). The main figure presents the
GFP concentration before and after 5 min treatment with 4 µM melittin. As can
be seen from the figure, melittin caused leakage of OpuC-GFP and thus formation
of pores of at least 2.8 nm.
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Figure 4.6: Melittin action on liposomes of various lipid compositions. (a) CF, 1
2
-

values for liposome fusion or aggregation, reflecting the melittin to lipid ratio where
half of the liposomes were fused or aggregated. The bars represent the standard
deviation for more than 10 measurements. (b) CL, 1

2
-values for leakage of the fluores-

cent size-marker molecules. The size-markers are arranged on increasing size: GSH,
Alexa fluor 633-labeled glutathione (MW = 1.4 kDa [17]); BPTI, Alexa fluor 633-
labeled bovine pancreas tryptic inhibitor (MW = 7.6 kDa [17]); 10 kDa dextran,
Alexa fluor 647-labeled dextran molecule (MW = 10 kDa); α-lactalbumin, Alexa
fluor 633-labeled α-lactalbumin (MW = 15.3 kDa [17]).

68



Geert van den Bogaart Results

Figure 4.7: In vivo leakage experiment. DCFBA experiments were performed on L.
lactis cells expressing a OpuC-GFP fusion protein of 51 kDa (inset, upper figure).
The cell membranes were stained with the red fluorescent lipid analogue DiD (inset,
lower figure). The scale-bar is 3 µm. The distribution of the GFP-fusion protein
over the cells is presented in the main figure (�). After addition of 4 µM melittin,
the GFP-fusion protein leaked from the cells and this resulted in a decrease of the
internal GFP concentration (•).
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4.5 Discussion

In the case of membranes prepared from 100% DOPC, Alexa fluor 633-labeled glu-
tathione leaked out at melittin to lipid ratios of 0.002 ± 0.001, which is consistent
with literature values for liposomes with PC head-groups and small size-marker
molecules [51, 121, 135, 136]. Solid-state NMR studies have shown that melittin
has a transmembrane orientation at these melittin to lipid ratios [123, 124, 125].
For larger size-marker molecules, leakage occurred at higher melittin concentrations
(Fig. 4.6b), demonstrating that the pore-size is related to the melittin concentration.
It has been reported that at melittin to lipid ratios of less than 0.01, the fluorophore
calcein leaked out, but not labeled dextran (Stokes radius of 1.3 nm and 2.4 nm,
respectively), whereas at higher melittin concentrations both leaked out [51]. Other
studies also provide evidence for a certain relationship between the pore-size and
melittin concentration, since large size-marker molecules leaked to a lesser extent or
at a higher melittin concentration than the smaller ones [135, 136]. At high melittin
to lipid ratios of 0.44± 0.04, melittin fused or aggregated liposomes (Fig. 4.6a). At
this melittin to lipid ratio, the phospholipids structure is still that of a bilayer with
minimal disruption [149, 150]. The fusogenic effect of melittin has been reported in
the literature [136, 151, 152, 153] but is now quantitatively differentiated from the
formation of discrete pores. The presence of 10% cholesterol increased the melittin
to lipid ratios needed for efflux, relative to 100% DOPC liposomes (Fig. 4.6b), and
the activity of melittin was reduced. It is well known that cholesterol reduces the
pore-forming activity of melittin [66, 111, 127, 142, 154] and this is probably due to
reduced binding of the peptide to the bilayer [155, 156, 157]. The reduced melittin
activity may also be accounted for by tight lipid packing and increased deformation
energy induced by cholesterol [66].

Melittin was much less active in liposomes containing a fraction of anionic DOPG
than in liposomes consisting of 100% zwitterionic DOPC (Fig. 4.6b), whereas the
absorption to the PG liposome surface of the cationic peptide is about 6-fold higher
than to PC [134]. For 100% DOPG liposomes, melittin to lipid ratios of 0.045 ±
0.001 were needed to induce leakage of glutathione, and this is about 25 times
higher than that for 100% DOPC liposomes. For liposomes consisting of a 1 : 1
ratio of DOPC / DOPG, an intermediate melittin to lipid ratio of 0.028 ± 0.001
was needed to induce leakage (Fig. 4.6b). It is well known that melittin is less
active with negatively-charged lipids like DOPG than with neutral lipids [51, 67,
127, 136, 137, 138, 139, 140, 141, 158]. This phenomenon has been explained by the
difficulty in membranes with a negative surface charge to insert the melittin α-helix,
which requires a reorientation of the molecule from parallel to perpendicular to the
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membrane plane. In membranes with negatively-charged head-groups, the cationic
melittin is more tightly bound in comparison to membranes with zwitterionic PC
head-groups [108]. This proposal is supported by the finding that PC membranes
have a lower capacity for surface absorption of melittin in comparison to negatively
charged bilayers [134].

Importantly, for DOPG containing liposomes, there was no difference in melittin
activity for the leakage of different size-markers (Fig. 4.6b). Thus, contrary to 100%
DOPC liposomes, there was no relationship between the pore-size and the melittin
concentration and the holes formed must have been at least 3.2 – 5 nm in diameter
(size of α-lactalbumin and 70 kDa dextran [17, 144]). This is in agreement with the
finding that PG containing membranes have no preference for 4 and 70 kDa dextrans,
whereas more of the smaller compound leaked out from zwitterionic PC membranes
[108]. Another important difference was that melittin induced fusion or aggrega-
tion of DOPG containing liposomes at similar concentrations as leakage, whereas
for 100% DOPC liposomes, this concentration was 100 – 1,000 times higher (Fig.
4.6). These findings are in accordance with turbidity measurements, where the size
of small unilamellar vesicles increased for negative lipids, but not for neutral lipids
[136, 152]. It has been suggested that melittin does not insert into PG containing
bilayers, but only accumulates at the surface and that this asymmetric accumula-
tion eventually leads to nonselective membrane damage and efflux via non-specific
holes [108, 155]. This is supported by the finding that aggregation of surface bound
α-helical melittin leads to a reduced bilayer thickness [159, 160, 161, 162] and con-
sequently local structural instabilities and fluctuations [108]. According to our find-
ings, these nonselective pores coincide with fusion or aggregation (Fig. 4.5b). Thus,
in negatively charged membranes, melittin aggregates either deep in the membrane
or on the membrane surface, which leads to fusion or aggregation of the lipid bilayers,
accompanied by non-specific contents leakage from the liposomes. These morpho-
logical changes of membranes induced by melittin occur only when the lipids are in
the crystalline liquid phase and the hydrocarbon chains have a disordered conforma-
tion [133]. It is well known that if the lipids are in the gel-phase, melittin induces
micellization of the vesicles and, at high concentrations, a complete loss of vesicular
structure via the carpet-like mechanism [132, 133, 137, 154, 163, 164, 165, 166].

The presence of 50% DOPE had similar effects on the melittin activity as DOPG.
Higher melittin concentrations were necessary to induce leakage of the smaller size-
marker molecules from liposomes composed of a 1 : 1 mixture of DOPC / DOPE,
compared to 100% DOPC. Also, all size-marker molecules leaked out at similar
melittin concentrations and the pore-size dependency on the melittin concentration
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was lost (Fig. 4.6b). DOPE is a non bilayer forming lipid and promotes a nega-
tive membrane curvature [145]. It is known that lipids of positive curvature (e.g.
lysoPC) facilitate and lipids with negative curvature (PE) inhibit melittin pore-
formation [111, 120, 136]. Lipids of positive curvature facilitate the bending of the
membrane into the toroidal pore. Additionally, melittin binds with a 10 – 100-fold
lower dissociation constant to membranes composed of PE / PG than to PC / PG
[155, 167], and this might prevent the pore-formation. For liposomes consisting of
a 1 : 1 ratio of DOPC / DOPE, fusion or aggregation occurred at melittin to lipid
ratios of 0.13± 0.03 and this is about 3-fold lower than for 100% DOPC liposomes.
This difference is probably due to the destabilizing effect of bilayers by PE [145],
an effect that is opposed by melittin [150]. A DOPE content of 70% resulted in
liposome fusion or aggregation already at 0.004± 0.003 melittin to lipid ratio. The
melittin concentrations needed for membrane fusion and contents leakage were much
lower for liposomes consisting of a 3 : 7 ratio of DOPC / DOPE than for liposomes
consisting of the same ratio of DOPG / DOPE (Fig. 4.6).

In conclusion, melittin has two different effects on membranes (Fig. 4.8): (i)
pore-formation with the pore-size dependent on the melittin concentration and (ii)
membrane fusion or aggregation accompanied by non-specific leakage. The first ef-
fect was observed at low melittin concentrations for liposomes consisting of 100%
DOPC or 90% DOPC with 10% cholesterol. The second effect dominated in all lipid
mixtures containing the anionic lipid PG or the non-bilayer lipid PE. Interestingly,
for liposomes consisting of E. coli total lipid extract, a melittin concentration depen-
dence was observed for leakage of the three smallest size-markers (Fig. 4.6b). This
was not observed for liposomes composed of a 3 : 7 ratio of DOPG / DOPE, which
can be regarded as a mimic of the E. coli total lipid extract [146]. This difference
must be due to other factors, like acyl chain length, degree of fatty acid saturation
or the presence of tracer amounts of other lipids, which may cause a different lipid
packing and hence binding of melittin. Whatever the basis for the difference is,
our measurements emphasize the importance of comparing synthetic and native-like
lipid mixtures in studying the pore-formation of antimicrobial peptides. For an-
other group of antimicrobial peptides (rabbit defensins), similar differences between
E. coli and synthetic lipids have been reported [138, 168]. It was recently shown
that melittin leads to aggregation of intact Candida albicans, E. coli and Staphylo-
coccus aureus cells [136], and probably both the pore-formation and the leaky-fusion
mechanism are relevant in vivo. DCFBA can be used for an in vivo leakage assay, as
was shown in preliminary experiments with L. lactis cells expressing a GFP-fusion
protein (Fig. 4.7).
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Figure 4.8: Model for the action of melittin. In membranes composed of neu-
tral (zwitterionic), bilayer-forming lipids, low melittin concentrations induce pore-
formation. The pore-size is dependent on the melittin concentration. A further
increase in the melittin concentration will ultimately lead to membrane fusion or
aggregation. In membranes containing anionic and / or non-bilayer forming lipids,
melittin addition results in non-specific membrane leakage and fusion or aggregation.

73



Acknowledgements The lipid dependence of melittin

General techniques that have been employed to study antimicrobial peptides are
X-ray crystallography, and optical, fluorescence, NMR, Fourier transform infrared,
Raman, and circular dichroism spectroscopy [23]. DCFBA is a powerful addition
to these techniques, since it allows the detection of concentration distributions and
is able to discriminate leakage from membrane fusion and lysis (chapters 2 and 3,
[17]; this work). It has further advantages of being relatively fast with acquisition
times of ∼ 10 min and using very little (∼ µg) material. Therefore, DCFBA enables
medium-throughput screening of lipid compositions and size-marker molecules, and
we intend to use it to study different antimicrobial peptides. One could also employ
DCFBA to determine the effects of salt and osmotic gradients on melittin action
and thereby obtain a better understanding of the in vivo effects [66, 142].
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Chapter 5

On the decrease in lateral

mobility of phospholipids by

sugars

Geert van den Bogaart, Nicolaas Hermans, Victor V. Krasnikov, Alex H. de Vries,
and Bert Poolman1

5.1 Abstract

Upon cold and drought stress, sucrose and trehalose protect membrane structures
from fusion and leakage. Similarly, these sugars protect membrane proteins from
inactivation during dehydration. We studied the interactions between sugars and
phospholipid membranes in giant unilamellar vesicles with the fluorescent lipid ana-
log DiO incorporated. Using fluorescence correlation spectroscopy, it was found that
sucrose decreased the lateral mobility of phospholipids in the fully rehydrated, liquid
crystalline membrane more than other sugars did, including trehalose. To describe
the nature of the difference in the interaction of phospholipids with sucrose and
trehalose, atomistic molecular dynamics studies were performed. Simulations up to
100 ns showed that sucrose interacted with more phospholipid head-groups simulta-
neously than trehalose, resulting in a larger decrease of the lateral mobility. Using
coarse-grained molecular dynamics, we show that this increase in interactions can
lead to a relatively large decrease in lateral phospholipid mobility.

1This chapter has been published in Biophysical Journal (2007) 92: 1598–1605 [21].
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5.2 Introduction

Organisms from all kingdoms of life [169] accumulate disaccharides in response to
various stresses, such as temperature [170], osmotic [171] and oxidative stress [172].
Upon cold and drought-stress, many organisms accumulate trehalose to protect both
proteins and lipid membranes (see [173, 174] for review). Higher plants often ac-
cumulate sucrose instead of trehalose [175]. The protection of biological structures
by sugars has applications in a wide range of fields, including food preservation and
cryo-conservation of eukaryotic cell lines [176]. Recently, we showed that sucrose
and trehalose (Fig. 5.1) protect membrane proteins from inactivation upon the con-
version of large unilamellar vesicles (LUVs) to giant unilamellar vesicles (GUVs),
which involves a cycle of dehydration and rehydration [9].

Figure 5.1: (a) Trehalose (α-D-glucopyranosyl-α-D-glucopyranoside) and (b) sucrose
(β-D-fructofuranosyl-α-D-glucopyranoside)

The ability of many sugars to protect lipid bilayers and proteins during freez-
ing and drying has been established in several studies [173, 174]. Drying of mem-
branes, composed of lipids with a high phase transition temperature (Tm), induces
a transition from the liquid-crystalline to the gel-phase. This causes solute leakage,
membrane fusion, and aggregation of membrane proteins. The protective effects of
sugars are two-fold: (i) the formation of a glassy matrix, and (ii) direct interactions
between the lipids and the sugars [177, 178, 179]. With a glassy matrix, the sugars
form a hydration layer of amorphous glasses, preventing mechanical disruption and
denaturation of (membrane) proteins. The formation of a glassy matrix is related to
the glass transition temperature (Tg) of the sugars, and sugars with a high Tg gener-
ally provide better protection than sugars with a low Tg [175, 177, 178]. Dehydration
of membranes increases the Tm of the lipids and causes the liquid-crystalline to gel-
phase transition, which has consequences for the membrane as permeability barrier
and the conformational state of the embedded proteins. In the dry state, hydrogen
bond formation between the sugar molecules and the lipid head-groups reduces this
increase of the Tm and thereby prevents the phase transition [174, 177, 178, 179].

Of all tested sugars, trehalose (Tg = 106◦C [180]) has been shown to cause the
largest suppression of the Tm, offering the largest protection of vesicles and cells
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against solute leakage and fusion [173, 174]. However, disaccharides like sucrose
(Tg = 60◦C [180]) have been shown to also offer good protection against these
membrane rupturing events [181, 182]. In general, fructans provide better protec-
tion against solute leakage than glucans, whereas glucans provide better protection
against membrane fusion [183]. Both the suppression of the Tm and the forma-
tion of a glassy matrix are necessary for preventing membrane fusion, whereas the
glassy matrix appears sufficient for the prevention of contents leakage from vesicles
[178, 183]. Recently, it was found that the sugar to lipid ratios needed to prevent
membrane fusion were 10-fold higher than those needed to suppress the Tm, and
even higher ratios were needed to prevent solute leakage [179]. Thus, despite a large
number of studies on the protective effects of sugars on membranes, the precise
interactions of these sugars with the lipids are poorly understood.

Most studies on the interactions between sugars and phospholipid membranes
focus on either the Tm or on the protection against solute leakage and fusion of lipo-
somes or whole cells, and little is known about the interactions between sugars and
the lipids in the fully hydrated state. In solution, trehalose interacts directly with
phospholipid bilayers, as was shown with Fourier transform infrared spectroscopy
[184]. These interactions must differ from the interactions in the dry state, because
trehalose increased the Tm of fully hydrated lipid membranes in solution but not of
membranes in the dried state [185, 186]. Here, we report on sugar-membrane inter-
actions, using f luorescence correlation spectroscopy (FCS) and molecular dynamics
(MD) simulations. FCS was used to measure the influence of various sugars on the
lateral diffusion of fully hydrated lipids in GUVs. The MD simulations were used to
rationalize the observed differences in diffusion coefficients.

5.3 Methods

5.3.1 GUV formation

For the formation of GUVs, 1 µl of a solution of 10 mg ml−1 lipids in chloroform was
dried in vacuum at room temperature on a UV-ozon cleaned cover-glass and rehy-
drated for 2 hours in 10 mM potassium phosphate, pH 7.0, with the sugar present.
The lipid mixtures were composed of either pure DOPC (1,2-dioleoyl-sn-glycero-3-
phosphatidylcholine), or a mixture of DOPC and DOPS (1,2-dioleyl-sn-glycero-3-
phosphatidylserine, Avanti Polar-Lipids, Albaster, AL) at a 3 : 1 molar ratio. For
FCS, the fluorescent lipid analog 3,3’-dioctadecyloxacarbocyanine perchlorate (DiO;
Invitrogen, Carlsbad, CA; excitation and emission wavelengths of 484 and 499 nm,
respectively) was incorporated at a DiO to lipid ratio of 1 : 10,000 molar.
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5.3.2 Fluorescence correlation spectroscopy

FCS measurements were carried out on a laser scanning confocal microscope [9],
based on an inverted microscope Axiovert S 100 TV (Zeiss, Jena, Germany), in
combination with a galvanometer optical scanner (model 6860, Cambridge Technol-
ogy, Watertown, MA) and a microscope objective nanofocusing device (P-721, PI
Electronics AG, Baden-Dättwil, Switzerland). For excitation of the fluorescent lipid
analog DiO, an argon ion laser (488 nm, Newport Corporation, Irvine, CA) was
focused by a Zeiss C-Apochromat infinity-corrected 1.2 NA 63× water immersion
objective. The intensity of the laser beam did not exceed 10 µW at the back aper-
ture of the objective. Emission was collected through the same objective, separated
from the excitation beam by a beam pick-off plate (BSP20-A1, ThorLabs, New-
ton, NJ), and directed through an emission filter (HQ 535/50, Chroma Technology,
Rockingham, VT) and a pinhole (diameter of 30 µm) onto an avalanche photodiode
(SPCM-AQR-14, PerkinElmer Optoelectronics, Fremont, CA). The fluorescence sig-
nal was digitized and the autocorrelation curve was calculated using a multiple τ

algorithm. The setup was calibrated by measuring the known diffusion coefficient
of Alexa fluor 488 in water (Invitrogen; D = 300 µm2 s−1 [88]). The lateral radius
ωxy, defined as the point where the fluorescence count rate per molecule decreased
e2 times, was 180 nm, corresponding to a detection volume of ∼ 0.20 fl.

For the FCS measurements, the focal volume was positioned at the upper pole
of a GUV, as described in [9]. For each sample, the fluorescence autocorrelation
of 10 GUVs was measured for 80 s. The fluorescence autocorrelation curves were
fitted with a model for 2-dimensional Brownian motion [11]. The viscosities of the
sugar solutions were determined by measuring the diffusion constant of free Alexa
fluor 488 in the various solutions. The diffusion constant is linearly related to the
viscosity, as described by the Einstein-Stokes relationship (Eqn. 1.2).

5.3.3 General atomistic MD simulation conditions

All MD simulations at atomistic scale were performed using the GROMACS code
[187], with parameters based on the GROMOS force-field parameter set 53A6 [188].
The simple point charge (SPC) water model [189] was used to model water. Newton’s
equations of motion were integrated using the leapfrog algorithm [190] with a 2 fs
time step. The LINCS method [191] was applied to constrain all bond lengths. The
water geometry was constrained using the SETTLE algorithm [192]. The simulations
were carried out in a rectangular box with an isothermal-isobaric (NPT) ensemble
at 300 K, using a Berendsen thermostat [193], with a coupling constant of 0.1 ps.
The pressure was coupled semi-anisotropically using a Berendsen scheme [193] with
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a reference pressure of 1 bar in all directions, a relaxation time of 1 ps, and an
isothermal compressibility of 5 10−5 bar−1.

The non-bonded interactions were calculated using a twin-range cut-off scheme.
All Lennard-Jones and electrostatic interactions within the 0.9 nm short-range cut-
off were evaluated every time-step, based on a pair list recalculated every 10 steps.
The Lennard-Jones potentials and electrostatic interactions within the long-range
cut-off distance of 1.4 nm were calculated simultaneously with each pair list update,
and assumed constant in between. Electrostatic interactions beyond the 1.4 nm
cut-off radius were corrected with a reaction field potential, with εr = 62 [194]. For
analysis, the atomic coordinates were saved every 50 ps. The MD data were analyzed
using the standard GROMACS tools [187] as described in [195] and [196].

5.3.4 Used topologies

The topologies of both sucrose (β-D-fructofuranosyl-α-D-glucopyranoside) and tre-
halose (β-D-glucopyranosyl-α-D-glucopyranoside) for the atomistic MD simulations
were generated from protein data-bank files [197], using the Dundee PRODRG2
Server [198]. The force-field parameters to describe trehalose were modified accord-
ing to Lins and Hünenberger [199]. The force-field parameters to describe sucrose
were derived starting from the force-field parameters of hexopyranose-based carbo-
hydrates [199] with respect to bond angle bending, bond stretching, dihedral defor-
mation, improper dihedral deformation, and Van der Waals interactions. For the
partial charges, the classical electrostatic potential outside the sucrose molecule was
fitted to the corresponding quantum-mechanical potential. Redistribution of charges
was required to permit the definition of neutral charge groups with restricted sizes
within the molecule, similar as in [199]. During the 10 ns simulations, both sugars
stayed in solution up to 1.5 M, as expected from the solubility of the sugars. The
topology files are provided in the supplementary information of [21].

5.3.5 Description of initial conditions and systems

The starting conditions for the atomistic MD simulations of trehalose and sucrose
with DOPC bilayer were created by deleting the water molecules from a system with
an equilibrated DOPC bilayer [200]. The DOPC bilayer consisted of two monolayers
of 32 lipids each. A total of 16, 32, or 60 trehalose or sucrose molecules were added
to this system and the box was filled with water molecules, resulting in initial sugar
concentrations of 0.4, 0.8, and 1.5 M. During the simulation, the majority of both
sucrose and trehalose molecules rapidly associated with the lipid bilayer, resulting
in a large drop of the bulk concentration of sugar. The final lipid to water ratio
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was higher than 1 : 25 molal, so the lipid bilayer was fully hydrated. The systems
were equilibrated for 10 ns at 300 K, after which most of the sugars were adsorbed
on the bilayer interface with the lipid head-groups, and these systems were taken as
starting conditions for further simulations.

5.3.6 Coarse-grained MD simulations

All coarse-grained MD simulations were performed using the GROMACS code [187].
Newton’s equations of motion were integrated using the leapfrog algorithm [190] with
a 5 fs time step. The bonds and angles were represented by a harmonic potential.
The simulations were carried out in a rectangular box of fixed size (25×25×10 nm)
with the temperature at 325 K, using a Berendsen thermostat [193], with a coupling
constant of 0.1 ps. The Lennard-Jones potentials and forces were calculated using
the shift potential implemented in GROMACS [187], which decreases potentials and
forces smoothly to zero at the cut-off of 1.2 nm [200]. A twin-range cut-off scheme
was used with a short-range cut-off of 0.9 nm, and a long-range cut-off of 1.2 nm,
with a neighbor list that was updated every 10 timesteps. For analysis, the atomic
coordinates were saved every 50 ps.

The lipids were represented by rods consisting of two beads and the sugars as
squares consisting of four beads, with masses of 72 amu per bead. The length of
all bonds between the beads was 0.47 nm with a 1,250 kJ mol−1 nm−2 harmonic
force constant. The interactions between molecules were either attractive or semi-
attractive, where the Lennard-Jones parameters were 4εiσ

6
i = 0.216 kJ mol−1 nm6

and 4εiσ
12
i = 0.232 10−2 kJ mol−1 nm12 for the attractive interactions and 4εiσ

6
i =

0.181 kJ mol−1 nm6 and 4εiσ
12
i = 0.195 10−2 kJ mol−1 nm12 for the semi-attractive

interactions. The interactions between lipid molecules and between sugar molecules
were set to semi-attractive. The interaction between each of the beads of the sugar
molecules with the lipid molecules was varied from attractive to semi-attractive. All
interaction sites were uncharged. The lipids and the sugars were kept in two planes
using positional restraints in the direction perpendicular to the planes with force
constants 1,000 kJ mol−1 nm−2 and 100 kJ mol−1 nm−2, respectively. The planes
of the lipids and of the sugars were 0.5 nm apart. A total of 1,024 lipid molecules
and 512 sugar molecules was simulated for a total simulation time of 500 ns. This
simulation time can be converted to real time by comparing the diffusion constants
from the simulations with those measured with FCS (6.5 ± 0.6 µm2 s−1, Fig. 5.2).
From the simulations, a lateral diffusion constant was obtained of 66 ± 9 µm2 s−1 for
the lipids and in absence of interacting sugar. This is about 10-fold higher than the
diffusion constant from the FCS measurements, and this indicates that the simulated
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real time was about 10-fold longer accordingly (∼ 5 µs).

5.4 Results

5.4.1 Fluorescence correlation spectroscopy

In the absence of sugar, and using FCS on GUVs, a lateral diffusion constant D of
the fluorescent lipid analogue DiO was measured of 6.5 ± 0.6 µm2 s−1. This value
is in agreement with values determined by means of FCS [9, 10] and pulsed field
gradient NMR [201]. Addition of sugars up to 2 M reduced the lateral mobility in
a concentration dependent manner; the maximal decrease in D was about 2.5-fold
and observed for sucrose. For all concentrations, sucrose inhibited the diffusion of
lipids more than maltose and trehalose (Fig. 5.2a). This larger inhibition of the
phospholipid diffusion by sucrose was observed both in membranes consisting of a 3
: 1 molar ratio of DOPC / DOPS and in membranes consisting of pure DOPC (not
shown). The decrease by sugars could not be fully attributed to an increase in the
viscosity of the bulk-phase (Fig. 5.2b) as predicted by Saffman and Delbrück [202].

The two monosaccharides fructose and glucose, of which sucrose is composed,
decreased the lateral mobility to a lesser extent than sucrose (Fig. 5.2c). In addi-
tion, a range of other (oligo)saccharides was tested: glucose, maltose, maltotriose
and maltotetrose (only estimated up to 0.8 M because of limited solvability), with
increasing hydrogen bonding capabilities. Although there appeared to be a trend
that longer saccharides caused a stronger decrease in the lateral mobility of lipids,
the decrease was not as large as that of sucrose (Fig. 5.2d), indicating that the effect
was not related to an increased viscosity of the bulk phase. Sucrose thus inhibited
the lateral diffusion more than all the other sugars tested, suggesting a stronger
interaction of sucrose with the lipids.

5.4.2 MD simulations

MD simulations at an atomistic scale were performed in an attempt to rationalize
the differences in the interactions between sucrose and trehalose with the lipid mem-
brane. A total of 7 simulations were performed: a DOPC bilayer in water without
sugar and DOPC bilayers in water with 0.4, 0.8 and 1.5 M initial concentrations
of sucrose or trehalose, all at 300 K. After 10 ns equilibration time, all simulations
were performed for 100 ns. During the 10 ns equilibration time, a steady state
was reached (not shown), in accordance with published data [196, 203, 204]. The
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Figure 5.2: Sugars decrease the lipid mobility. The diffusion of the fluorescent
lipid analogue DiO in membranes consisting of 3 : 1 molar mixture of DOPC /
DOPS is shown. On the x-axis, the bulk concentrations (a) and viscosities (b)
of sucrose (�), trehalose (H) and maltose (N), and the bulk concentrations of (c)
sucrose (�), glucose (�) and fructose (�), and (d) sucrose (�), glucose (�), maltose
(N), maltotriose (O) and maltotetrose (M) are plotted. The standard deviation of
at least 10 measurements is indicated
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projected area per lipid during the simulations was independent of the sugar con-
centrations and was 58.4± 0.8 Å2. This value is lower than experimental values for
pure DOPC of 59.4 [205] to 72.2± 0.5 Å2 [44, 45]. The area per lipid is known to be
lower in comparison to experimental ones when using the GROMOS 53A6 force field
[188, 206]. Since the lipids were still in the liquid crystalline phase, the simulations
were used to provide qualitative information regarding the interactions between the
lipid head-groups and the sugars.

Figure 5.3 shows a snapshot of the 0.8 M initial sucrose system after 100 ns
of simulation time. It shows that most of the sucrose molecules interact with the
lipid head-groups, leading to an increase in the surface concentration and lower bulk
concentrations. The density profiles perpendicular to the membrane of different
atom groups for the 0.8 M initial sucrose and trehalose systems are presented in
figure 5.4. The density profiles show that both sucrose and trehalose were adsorbed
at the DOPC bilayer interface. No differences in protrusion were observed between
sucrose and trehalose or between the glucose and fructose moieties of sucrose.

In addition to the starting condition where the sugars were added to an existing
DOPC bilayer, a random mixture of sugar, water, and DOPC molecules was sim-
ulated. Within 10 nanoseconds of simulation time, a bilayer formed spontaneously
[207], with the sugars interacting in a similar way as in the simulations where a
DOPC bilayer was present from the start. This indicates that the interaction is not
an artefact of the starting conditions or the timescale of the simulation.

In the absence of sugar, a lateral diffusion constant for the lipids of D = 4.7±3.2
µm2 s−1 was obtained, which is in good agreement with the measured value of
D = 6.5± 0.6 µm2 s−1. The distribution of the diffusion constants of the individual
lipids was wide, as can be seen in the histogram in figure 5.5 and is also reported
in [195]. If the simulation time is increased, the diffusion constants should converge
to the same value. However, MD simulations of DPPC (dipalmitoyl phosphati-
dylcholine) bilayers showed only a small narrowing of the spread of the diffusion
constants between 100 and 500 ns simulation (data not shown). Because of this
broad distribution and the limited number of lipids it was not possible to calculate
D reliably from the trajectories, and the data had to be interpreted qualitatively.
It is clear that both sucrose and trehalose reduced the lateral mobility of the lipids
at all three concentrations (Fig. 5.5). Due to the qualitative nature of the results,
however, no statistically significant difference between sucrose and trehalose could
be observed in the simulations.

Next, the interactions of sucrose and trehalose with the lipid layer were analyzed
in terms of hydrogen bonding (Fig. 5.6). The analysis should be considered as an
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Figure 5.3: The MD simulations. Snapshot taken from a MD simulation of a DOPC
bilayer with 0.8 M initial sucrose system after 100 ns. Only one of the leaflets
of the bilayer is shown. For clarity, the sucrose molecules are presented in line
representation on the left side of the figure, whereas the lipids are presented as ball-
and-stick. Only hydrogens capable of forming hydrogen bonds are shown. On the
right side of the figure, the lipids and the sucrose molecules are presented in line and
ball-and-stick representation, respectively.
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Figure 5.4: Density profiles along the axis perpendicular to the membrane for the
0.8 M initial sugar simulations. (a) The electron densities are shown of trehalose
(H), water (N), and the head-groups (•) and tails (�) of DOPC. (b) The same as for
(a), only with the densities for the glucose (◦) and fructose (�) moieties of sucrose
plotted separately. For clarity of the figure, symbols spaced 0.4 nm are plotted.

Figure 5.5: Distribution of the diffusion constants of the lipids obtained from the MD
simulations with no sugar (�), 0.4 M (•), 0.8 M (N), or 1.5 M (H) initial concentration
of sucrose, and 0.4 M (�), 0.8 M (J), or 1.5 M (I) initial concentration of trehalose.
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indication for hydrogen bond formation. A hydrogen bond was considered present
if an acceptor and a donor atom were within a distance of 0.35 nm of each other,
and donor – hydrogen – acceptor formed an angle smaller than 30◦. For all sugar
concentrations, sucrose formed about 10% more hydrogen bonds per sugar with
lipid head-groups than trehalose (Fig. 5.6a). The life-time of the hydrogen bonds
did not significantly differ between sucrose and trehalose. The average number of
mutual hydrogen bonds between the sugar molecules was not different for sucrose and
trehalose (Fig. 5.6a). Most hydrogen bonds between sugars and lipid head-groups
were formed with the phosphate oxygens. The average number of sugar molecules
that formed hydrogen bonds with a lipid was significantly larger for sucrose than for
trehalose (Fig. 5.6b) and the average number of lipids that formed hydrogen bonds
with a sugar was also larger (Fig 5.6c). For the 0.8 M initial sugar concentrations,
the distribution of the number of lipid molecules bound per sugar is shown in figure
5.6d. In summary, sucrose interacted with more lipid molecules at the same time
than trehalose.

To assess whether an increased number of interactions between the sugar mole-
cules with the phospholipids can result in a decrease of the lateral mobility of the
phospholipids, coarse-grained simulations were performed. The lipids were repre-
sented as rods consisting of two beads and the sugars as rectangles consisting of
four beads (Fig. 5.7a). The lipids were confined to move in a plane, as were the
sugars. The respective planes were 0.5 nm apart, but some movement of the mole-
cules perpendicular to the planes was allowed. The affinity of the lipid beads to each
of the sugar beads was varied from semiattractive to attractive, modeling different
levels of interaction between the sugars and the lipids and reflecting the hydrogen
bonding capacity. The lateral diffusion of the lipids decreased when the number of
sugar beads, that had attractive interactions to the lipid beads, increased from 0 to
3 (Fig. 5.7b).

5.5 Discussion

5.5.1 Fluorescence correlation spectroscopy

In this study, we assessed the interaction between sugars and lipid bilayers, using
FCS. We show that sugars reduced the lateral mobility of phospholipids in the
hydrated, liquid crystalline membrane. Interestingly, for all sugar concentrations,
sucrose slowed down the lipid diffusion more than other sugars, including trehalose.
Since trehalose and sucrose solutions have a similar viscosity, the often used Saffman-
Delbrück model [202], which describes the relationship between lateral diffusion and
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Figure 5.6: Hydrogen bond analysis. (a) The average number of hydrogen bonds
between the sugar molecules and the lipids (closed symbols) or between sugar mole-
cules (open symbols) for sucrose (�, �, solid lines) and trehalose (•, ◦, dashed lines).
(b) The average number of sucrose (�) and trehalose (•) molecules that formed hy-
drogen bonds with a lipid. (c) The average number of lipids that formed hydrogen
bonds with a sucrose (�) or trehalose (•) molecule. (d) Distribution of the number
of lipids that bound to a sucrose (�) or trehalose (•) molecule (for 0.8 M of initial
sugar).
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Figure 5.7: Increased cross-linking decreases the lipid mobility. (a) Snapshot of a
coarse-grained MD simulation. The lipids are represented by small rods consisting of
two beads (dark gray), whereas the sugars are represented by rectangles consisting
of four beads (black). The position of the molecules is restrained to planes parallel
to the light gray square. The affinity of each of the sugar beads to the lipids can
be varied. A total of 1,000 lipids and 500 sugar molecules were simulated in the
unit cell, but only a fraction is shown. (b) Diffusion constants obtained from the
coarse-grained simulation as a function of the number of high affinity beads of the
sugar, relative to the lipid with weakly interacting sugar.
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the viscosity of the bulk phase, fails. Furthermore, one of the main assumptions of
the model is that the membrane forms an homogeneous two dimensional medium,
and that the radii of the molecules the membrane consists of, are infinitely smaller
than the radius of the diffusing particles. In the case of lipids, this assumption
is obviously not satisfied and the Saffman-Delbrück model has inherent limitations
[208].

The decrease of the lateral phospholipid mobility by sucrose was also larger than
that of the trisaccharide maltotriose and the tetrasaccharide maltotetrose, which
have more hydrogen bonding capabilities. Maltotriose is known to protect mem-
branes against leakage upon freezing and drying [186, 209]. The stronger decrease
in the lateral mobility by sucrose than that by other sugars is unlikely to be an
artefact due to the use of the fluorescent lipid analogue DiO, since the analogue
NBD C6-HPC showed a similar effect [9]. NBD C6-HPC has a fluorescent moiety in
the lipid tail rather than the head-group like DiO. Furthermore, the measured effect
was present in membranes consisting of pure DOPC and of a mixture of DOPC and
DOPS.

The large decrease of the lateral mobility by sucrose has not been reported pre-
viously. Two experimental studies regarding the effect of sugars on the diffusion
of lipids have been published [210, 211], both using the alcohol sugar glycerol. A
FRAP study (f luorescence recovery after photo-bleaching) showed that the diffusion
constant decreased linearly with the sugar concentration [210], whereas an excimer
formation study showed a much smaller effect, about 2-fold [211]. For glycerol, we
measured an inhibition of the lateral phospholipid mobility of about 1.5-fold (not
shown), which is in agreement with the excimer formation study [211]. In the FRAP
study [210], a fluorescent-labeled transmembrane lipid was used in multilayer lipid
sheets, and this configuration might have influenced the diffusion of the lipid probe.
Neither of these studies explored sucrose or trehalose.

5.5.2 MD simulations

MD simulations by Pereira et al. [196] and recently Skibinsky et al. [203] showed
interactions between trehalose and lipid head-groups similar to our observations, but
sucrose was not investigated. A MD study, where both sucrose and trehalose were
included, was performed by Sum et al. [204]. They showed that both trehalose and
sucrose inserted into the bilayer and interacted with multiple lipid molecules simul-
taneously, which is in agreement with our simulation. However, due to the length
of these simulations (∼ 10 ns) and the limited number (128) of lipid molecules, no
significant diffusion constant of the phospholipids could be calculated. Furthermore,
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the hydrogen bonds were not analyzed to the same extent as in our work. Therefore,
at the start of this project, no model was available to explain the effect of different
sugars on the lateral lipid mobility. We ran longer (100 ns) simulations to be able
to model the influence of the sugars on the lipid head-groups. The lipid bilayers
were fully hydrated to be able to compare our FCS measurements with the MD
simulations.

Our MD simulations at atomistic scale show that both sucrose and trehalose slow
down the lateral diffusion of the lipids, although no difference between the sucrose
and the trehalose was observed due to the limited timescales and number of lipid
molecules of the simulations. A more extensive analysis of the MD data showed that
sucrose formed approximately 10% more hydrogen bonds with phospholipid head-
groups than trehalose (Fig. 5.6), whereas the lifetimes of the hydrogen bonds were
similar. Furthermore, sucrose interacted with more lipid head-groups simultaneously
than trehalose. Coarse-grained model simulations showed that an increased cross-
linking of lipids by sugars can result in a relatively large reduction of the diffusion
constant (Fig. 5.7). Based upon these observations, it is concluded that sucrose is
more efficient in cross-linking the lipid head-groups than trehalose. The result is a
stronger reduction of the lateral lipid mobility and provides an explanation for the
FCS data.

In summary, using FCS we showed that sucrose decreases the lateral mobility of
lipids more than trehalose. Atomistic and coarse-grain MD simulations provide an
explanation for the differences these sugars exert on the lateral mobility of lipids.
Relatively small differences in the interactions between sugars and phospholipids
result in relatively large effects on the lipid mobility. These different interactions
may also lead to differences in membrane protection.
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Chapter 6

Protein mobility and

diffusive barriers in E. coli :

consequences of osmotic

stress

Geert van den Bogaart, Nicolaas Hermans, Victor V. Krasnikov, and Bert Poolman1

6.1 Abstract

The effect of osmotic stress on the intracellular diffusion of proteins in Escherichia
coli was studied, using a pulsed version of f luorescence recovery after photo-bleach-
ing, pulsed-FRAP. This method employs sequences of laser pulses which only partly
photo-bleach the fluorophores in a cell. Since the cell size and geometry are taken into
account, pulsed-FRAP enables to measure diffusion in very small cells of different
shapes. We found that upon an osmotic upshock from 0.15 to 0.6 Osm, imposed by
NaCl or sorbitol, the apparent intracellular diffusion (D) of mobile green f luorescent
protein (GFP) decreased from 3.2 to 0.4 µm2 s−1, whereas the membrane permeable
glycerol had no effect. Exposing E. coli cells to higher osmolalities (> 0.6 Osm) led
to compartmentalization of the GFP into discrete pools, from where the GFP could
not escape. Although free diffusion through the cell was hindered, the mobility of
GFP in these pools was still relatively high (D ≈ 0.4 µm2 s−1). The presence of

1This chapter has been published in Molecular Microbiology (2007) 64: 858–871 [22].
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osmoprotectants restored the effect of osmotic stress on the protein mobility and
apparent compartmentalization. Also, lowering the osmolality from 0.6 Osm back
to 0.15 Osm restored the mobility of GFP. The implications of these findings in
terms of heterogeneities and diffusive barriers inside the cell are discussed.

6.2 Introduction

Bacterial cells are very crowded with biomacromolecules. In Escherichia coli the
concentration of proteins, DNA and RNA is 200 to 320 mg ml−1 [212, 213] and the
macromolecules account for ∼ 25 – 30% of the cell volume [214]. Upon an osmotic
shock, the concentration of macromolecules can increase up to 400 mg ml−1, but the
cells remain viable [212, 214]. This concentration is approaching that of a protein
crystal, and in hyperosmotically stressed bacteria the macromolecules can account
for ∼ 50% of the cell volume. Approximating the macromolecules as 5 nm diameter
spheres, the surface to surface distances of the molecules become less than 1 nm [215].
At these small distances, the high cytoplasmic crowding has been proposed to shape
the cell volume into transient networks of electrolyte pathways and pools, enabling
a flow of biochemical ions through the cytoplasm [215]. The steric hindrance and
electrostatic effects will have a significant impact on the mobility of proteins in the
cytoplasm [214, 216].

Fluorescence recovery after photo-bleaching (FRAP) has been used to study
GFP mobility in vivo in eukaryotic cells [217] and various organelles ([15] for a
review). In bacteria, FRAP was first applied to measure protein diffusion in E. coli
by Elowitz et al. [218] and later by Mullineaux et al. [219]. Recently, Konopka et al.
[220] used FRAP to study the effect of osmotic stress on the intracellular diffusion of
GFP. With FRAP, a spot is irreversibly photo-bleached by a brief intense light pulse.
Using an attenuated probe beam, the diffusion of unbleached fluorophores into the
photo-bleached area is then measured. The recovery of the fluorescence over time
is proportional to the mobility of the fluorophore. However, FRAP measurements
on prokaryotic cells and cell organelles are technically difficult due to their small
size, which is close to the best achievable optical resolution. Thus, unlike in large
eukaryotic cells, in prokaryotic cells a very large fraction (> 40% in the published
studies) of fluorophore is photo-bleached and this leads to incomplete recovery. Also,
diffusion is affected by the proximity of the cell membrane. To deal with these
problems, one can collect series of cell images during the recovery process and thereby
take the whole GFP content and geometry into account [218, 219, 220].

Here, we report on a new approach to overcome the problem of photo-bleaching of
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a large fraction of fluorophores in a small cell. Instead of using a separate bleaching
and probe beam, we use sequences of short, low intensity (1 s, < 1 kW cm−2) laser
pulses (pulsed-FRAP). For the data analysis, we take into account both the kinetics
of photo-bleaching and the end level of recovery, hence combining continuous photo-
bleaching with FRAP. Like FRAP, continuous photo-bleaching has been used to
measure the diffusion constant in vesicles and cells ([221] and references therein).
With continuous photo-bleaching, the fluorescence decay is fitted with a model that
incorporates the rate of photo-bleaching and the diffusion coefficient. To deal with
the geometry of the cell, we determine the shape of the bacterium and use a numerical
finite difference method to approximate the diffusion / photo-bleaching rates. Since
the cell size and geometry are taken into account, pulsed-FRAP can be used to
probe protein mobility in small compartments of various shapes. With pulsed-FRAP,
only the fraction of GFP located in the focal volume is measured rather than the
distribution in the cell as a whole, which, as we will show in this article, can reveal
macromolecular heterogeneities that are not readily observed by other methods.
Moreover, it can be used to probe the mobility of very photo-instable fluorophores.
Pulsed-FRAP may find applications in probing (macro-) molecule mobility in small
bacteria and eukaryotic cell organelles.

6.3 Methods

6.3.1 Sample preparation

E. coli strain MC1061 (Belgian Coordinated Collections of Microorganisms, acc.
no. LMBP 472, ∆(araA-leu)7697 araD139 ∆(codB-lac)3 ∆lac74 galK16 galE15
mcrA0 relA1 rpsL150 spoT1 mcrB9999 hsdR2 λ−F−) [222] was transformed with
pGFPCR (National Center for Biotechnology Information, acc. no. AF007834)
[223]. The pGFPCR plasmid is a derivative of pGFPuv (Clontech, Mountain View,
CA) and carries the cycle 3 variant of GFP [224] behind the lac promoter. GFP has
a tendency to dimerize, and, at the expression levels used, it is likely we studied the
diffusion of dimers [220]. The cells were grown aerobically to exponential phase (OD
at 660 nm of 0.2 – 0.5) at 37◦C in Luria Broth (LB) medium supplemented with
ampicillin (50 µg ml−1), but without inducer to keep the level of GFP relatively low.
Cells were then harvested and washed three times to reach an optical density at 660
nm of 0.5 in either 25 mM or 200 mM sodium phosphate, pH 7.0, each supplemented
with 50 mM glucose. The cells were kept on ice prior to the measurements. The
osmolality of the media was measured by determination of the freezing point, using
a Osmomat 030 (Gonotec GmbH, Berlin, Germany).
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After incubation of 10 µl of cell suspension for 5 min at 37◦C, a 50 times excess
of fresh medium (preheated at 37◦C) was added as specified in Table 6.1, that is,
with or without 10 mM K+, 1 mM proline and / or 1 mM glycine betaine. After
additional 5 min incubation at 37◦C, a microscope sample was prepared by applying
10 µl on a poly-L-lysine-coated cover glass. The poly-L-lysine prevented the cell from
moving and a comparison of cell images prior and after each measurement indicated
that the cells were completely immobilized. Since the sample consisted of a small
volume and low cell density, the oxygen content of the sample was assumed constant.
At the GFP expression levels used, the contribution of the autofluorescence to the
total signal was insignificant. The diffusion of GFP inside the cells was measured at
room temperature.

6.3.2 Preparation of giant liposomes

A mixture of polyethylene glycol 6000 (PEG6000) and isolated cytosol from E. coli
cells, expressing GFP, was encapsulated into ∼ µm-sized liposomes. Cells in the
late exponential phase of growth from a 1 l culture were washed and resuspended
in 3 ml milli-Q containing tracer amounts of deoxyribonuclease 1 (Sigma, St. Louis,
MO). Cell lysis was achieved by sonification at 30 W with the instrument (Vibra
Cell V91301, Bioblock Scientific, Illkirch, France) in pulse modus (15 periods of 15 s
on – 45 s off) on ice. Unbroken cells and membranes were removed by centrifugation
(300,000 ×g, 10 min). The supernatant was mixed 1 : 1 with a solution of 400
g PEG6000 kg−1 milli-Q. The viscosity of this mixture was ∼ 90 mPa s, which
is similar to the estimated viscosity of the cytoplasm inside the E. coli cell (see
discussion section).

The cytoplasm / PEG6000 mixture was encapsulated in ∼ µm-sized liposomes as
described by Pautot et al. [225] and Noireaux and Libchaber [226]. Briefly, inverted
micelles were created by suspending 0.8 mg ml−1 of a 3 : 1 mixture of DOPG /
DOPC in dodecane by 30 min sonification in a cleaning sonic bath and overnight
stirring at 30 ◦C. Subsequently, 1 µl of the cytoplasm / PEG6000 mixture was added
to 50 µl of the emulsion and small droplets of ∼ µm size were created by vortexing
for 30 s. The lipid dispersion was then placed on top of 100 µl of 50 mM potassium
phospate, pH 7.0, and the sample was centrifuged for 10 min at 200 ×g. During the
centrifugation, the water droplets migrated from the dodecane to the aqueous phase
and liposomes were formed.

96



Geert van den Bogaart Methods

6.3.3 Optical setup

Measurements of the diffusion coefficients were carried out on a laser scanning con-
focal microscope [9], based on an inverted microscope Axiovert S 100 TV (Zeiss,
Jena, Germany), in combination with a galvanometer optical scanner (model 6860,
Cambridge Technology, Watertown, MA) and a microscope objective nano-focusing
device (P-721, PI Electronics AG, Baden-Dättwil, Switzerland). For excitation of
GFP, an argon ion laser (488 nm, Newport Corporation, Irvine, CA) was directed
through an electronic shutter (Melles Griot, Carlsbad, CA) and was focused by a
Zeiss C-Apochromat infinity-corrected 1.2 NA 63× water immersion objective. The
intensity of the laser did not exceed 10 µW at the back aperture of the objective.
The lateral radius ωxy, defined as the point where the fluorescence count rate per
molecule decreased e2 times, was 180 nm. Emission was collected through the same
objective, separated from the excitation beam by a beam pick-off plate (BSP20-
A1, ThorLabs, Newton, NJ), and directed through an emission filter (HQ 535/50,
Chroma Technology, Rockingham, VT) and a pinhole (diameter of 30 µm) onto
an avalanche photodiode (SPCM-AQR-14, PerkinElmer Optoelectronics, Fremont,
CA). The fluorescence signal was digitized and acquired by a PC.

6.3.4 Data analysis

The fluorescence is linearly proportional to the GFP concentration and changes in
time due to diffusion and photo-bleaching of GFP. Considering the elongated shape
of the confocal volume, the motion of GFPs in E. coli can be approximated to be two-
dimensional (in lateral directions, r) as in [218, 219, 220]. GFP is initially (t ≤ t0,
Fig. 6.1b) uniformly distributed in the cell and has concentration C0. Assuming
that GFP diffusion obeys the classic Brownian motion law with a single diffusion
constant D (see discussion section), Fick’s second law can be applied for the GFP
concentration fluctuations inside the cell C(r, t):

δC(r, t)
δt

= D∆C(r, t). (6.1)

Secondly, we assume that the photo-bleaching rate is proportional to the intensity
of the focussed laser beam I(r):

δC(r, t)
δt

= BI(r)C(r, t), (6.2)

where B is a photo-bleaching constant.
For the pulsed-FRAP experiments, first a confocal image of the cell was recorded.

Subsequently, the laser was focussed in the cell and 5 – 15 laser pulses were applied
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with varying interval times. The diffusion constant D and photo-bleaching constant
B were obtained from the fluorescence trace (Fig. 6.1b) in the following way: A
computational grid was superimposed over the confocal images of the bacterium
(Fig. 6.1a, left panel), with x and y grid indices i and j, respectively, and grid
spacing rs. At the membrane of the bacterium, Neumann boundary conditions
(∇C(r, t) = 0) were assumed and the concentration of GFP at each grid point was
calculated using an explicit finite difference method with time step ts:

Ci,j,t+ts = Ci,j,t + Dts
r2
s

[
Ci+1,j,t + Ci−1,j,t +

Ci,j+1,t + Ci,j−1,t − 4Ci,j,t

]
− tsBi,j,t, (6.3)

where Bi,j,t is the decrease of the fluorescence due to photo-bleaching. This method
is numerically stable and convergent when Dts/r2

s < 0.25 and the time steps and
grid spacing should be chosen accordingly. For GFP in E. coli, diffusion coefficients
are typically smaller than 20 µm2 s−1 [218, 219, 220], and ts and rs were 50 µs and
100 nm, respectively. Since the intensity of a focussed laser beam follows a Gaussian
distribution perpendicular to the optical axis (in r):

Bi,j,t = BIi,jCi,j,t, (6.4)

and

Ii,j = exp
(
− r2

s

ω2
xy

(
(i− i0)2 + (j − j0)2

))
, (6.5)

where (i0, j0) is the position of the focussed laser beam (Fig. 6.1a, left panel). After
a certain photo-bleaching time, at t = t1 (Fig. 6.1b), the detected fluorescence had
decreased to:

C1 =
∑
i,j

Ii,jCi,j,t1 , (6.6)

where the summation is over all the grid points that are located in the bacterium. At
this time, the shutter was closed for a time period long enough to allow redistribution
of the remaining GFP (t = t2, Fig. 6.1b). After this time interval, the shutter was
opened and the fluorescence was again measured for one second. Since (mobile)
GFP had been homogenously distributed in the cell and the total amount of GFP
in the cell did not change between t1 and t2 (no photo-bleaching):

C2 =
∑
i,j

Ii,j

∑
i,j

Ci,j,t1

N
, (6.7)

where N is the number of grid points that are located in the bacterium.
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Figure 6.1: Principle of pulsed-FRAP. (a) Left panel: Confocal image of an E. coli
cell with a computational grid superimposed. The grid spacing rs is 100 nm and
the size (at ωxy, dotted circle) of the focussed laser (position (i0, j0)) is indicated.
The scale bar is 3 µm. Right panel: Confocal image analysis to quantify the spa-
tial distribution of GFP. For each point located in the bacterium, the fluorescence
ratios before and after the pulsed-FRAP measurement were calculated and plotted
as a function of the distance from the focussed laser. (b) The confocal volume is
positioned on an E. coli cell expressing GFP and at t0 a laser pulse of 1 s (till t1)
is applied. This results in non-uniform spatial distribution of GFP in the cell at t1.
After a certain time interval, at t2, the GFP distribution of the cell is homogenous
again and another laser pulse of 1 s is applied. The fluorescence count rates depend
on the diffusion constant D of GFP inside the cell. Only the first 3 of 5 to 15 laser
pulses are shown.
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In brief, a diffusion measurement consists of the following steps: First, a con-
focal image of the bacterium is recorded (Fig. 6.1a, left panel). Then, the laser
beam is focussed in the cell (at position (i0, j0), Fig. 6.1a) and 5 – 15 laser
pulses are applied with varying interval times. After each measurement, a sec-
ond confocal image is recorded to check whether the fluorescence is distributed
uniformly. Subsequently, a computational grid is superimposed over the confocal
image (Fig. 6.1a, left panel) and the decrease of C(t) is modeled for different com-
binations of B and D, using equations 6.3 – 6.6. Using multivariate least square
statistics, the fluorescence intensity measurements are then fitted by minimizing(
[C(t)/C0]measured − [C(t)/C0]modeled

)2, using a program written in Visual Basic
.NET. To estimate the dynamic range of the method, the diffusion constant D ver-
sus C0, C1 and C2 were plotted for different photo-bleaching constants of a typical
rod-shaped E. coli bacterium of 3.2 × 0.8 µm (Fig. 6.2). As can be seen from the
figure, the range of the diffusion constants that is accessible with this method lies
between 0.01 and 20 µm2 s−1. For diffusion coefficients larger than 20 µm2 s−1,
C2 − C1 converges to 0, and due to fast protein motion the whole cell is photo-
bleached instantly. By decreasing the photo-bleaching time (from t0 to t1, Fig.
6.1b), faster diffusion can in principle be measured, although rs and ts should be
decreased accordingly to keep Dts/r2

s < 0.25. For diffusion coefficients smaller than
0.01 µm2 s−1, the decay in fluorescence becomes too small to allow for accurate
determination of the diffusion coefficient. The dynamic range of D for smaller and
for larger cells shifts to lower and higher values, respectively. For very large cells
(> 10 µm), C0−C1 converges to 0, and the diffusion constant cannot be determined
accurately. However, for cells of this size, conventional FRAP or FCS can be used.

In general, FCS requires a low number of particles in the detection volume (0.1 –
100 nM), whereas FRAP-based techniques, such as pulsed-FRAP, are more applica-
ble for higher concentrations of fluorophore. For photo-unstable fluorophores, the
diffusion can be accessed with pulsed-FRAP, whereas FCS and conventional FRAP
require more photo-stable dyes. For diffusion in small, µm-sized compartments,
fitting of FRAP and fluorescence autocorrelation curves is challenging, due to the
influence of nearby membranes [6]. Since the cell size and shape are taken into ac-
count in the pulsed-FRAP method, this procedure enables to measure diffusion in
very small compartments.
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6.4 Results

6.4.1 Principle of pulsed-FRAP

E. coli cells expressing GFP at a relatively low level were grown to mid-exponential
phase to measure the diffusion of this fluorescent molecule in the cell. Under the
microscope, no inclusion bodies were visible. The cells were then washed and resus-
pended in low osmolality (0.15 Osm) medium consisting of 25 mM Na-phosphate,
pH 7.0, supplemented with 50 mM glucose, to remove K+ present in the growth
medium. K+ ions were removed to prevent an active response of the cells to an os-
motic shock through the accumulation of this ion (see sections 6.4.3 and 6.5.2). The
intracellular protein diffusion was measured using the following protocol: First, an
E. coli cell expressing GFP was imaged with a laser-scanning confocal microscope,
after which the laser beam was blocked with a shutter and focussed in the center
of the cell (Fig. 6.1a, left panel, position (i0, j0)). Then, the shutter was opened
to record the decay in fluorescence for 1 s (Fig. 6.1b, from t0 to t1), and, subse-
quently, the shutter was closed for 3 to 100 s and the fluorescence recovery (at t2)
was measured. Depending on the physiological conditions (extent of osmotic stress),
the mobility of GFP differed and this required shorter or longer periods of shutter
closing to allow the fluorescence in the focal volume to reach a new steady state

Figure 6.2: Dynamic range of pulsed-FRAP measurements. C0 (dotted line) was set
to 1, and C1 (dashed line) and C2 (solid line) were calculated for a typical E. coli
cell of 3.2× 0.8 µm, using equations 6.3 – 6.6 and photo-bleaching rates of B1 = 2.5
s−1, B2 = 5 s−1 and B3 = 10 s−1.
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(before a new pulse of light could be applied). After the measurements, the cells
were imaged again and a computational grid was superimposed over the confocal
image (Fig. 6.1a, left panel). The diffusion constant and photo-bleaching rate were
obtained by approximating the photo-bleaching and spatial redistribution of GFP
with a numerical finite difference method as described in the methods section.

For unshocked cells, the GFP was uniformly spatially distributed over the cell
before and < 1 s after photo-bleaching, in accordance with literature data [218, 219,
220]. The fluorescence was measured with an integration time of 10 ms. For each
single cell measurement, the open – close cycle of the shutter was repeated 5 to
15 times. During the exposure time about 10 – 40 percent of the GFP situated in
the confocal volume was photo-bleached (Fig. 6.1b). The degree of photo-bleaching
depended on the photo-bleaching rate, the diffusion constant and the cell size. The
cells were still able to divide after the measurements (not shown). The inset of figure
6.3 shows a confocal image of a cell of approximately 4 µm in length, and the main
figure presents the pulsed-FRAP measurements and the fits. For unshocked cells, a
diffusion constant of 3.2 µm2 s−1 was found (n = 64), although the spread was broad
and diffusion constants varied from 0.1 to 24 µm2 s−1. At the laser intensity used, the
photo-bleaching rate was 3.5± 1.4 s−1 and this variation is likely due to differences
in the microenvironment of the cell. No correlation of the intermediate times with
the photo-bleaching rates and diffusion constants was found, both indicating that
the intervals were long enough to reach steady-state conditions. Assuming the cells
to be rod-shaped, the cell volume could be estimated from the confocal images and
was 2.9± 1.3 fl for unshocked cells. The diffusion constant did not correlate with (i)
the photo-bleaching rate (Fig. 6.4a), (ii) the expression level of GFP (Fig. 6.4b) and
(iii) the cell volume (Fig. 6.4c). The cell diameter for unshocked cells was 1.0± 0.3
µm and did not correlate with the diffusion constant (not shown). Measurements
could be made in cells as small as ∼ 1 µm. The contribution to the fluorescence
recovery of triplet state processes was insignificant, as could be seen from the ‘noise’
in the fluorescence traces (Fig. 6.1b and 6.3). Also, triplet state processes occur
at timescales � 1 s, and lastly, at high osmotic stress, the fluorescence recovery
after 1 s interval time was less than 10% of the total recovery. The photo-bleaching
constant was linearly related to the laser power (not shown).

6.4.2 Validation of the pulsed-FRAP method

Multiple measurements at the same position in a bacterium indicated that the typical
error of pulsed-FRAP was ∼ 75%. To obtain a further estimate of the accuracy of
the pulsed-FRAP method, liposomes encapsulated with GFP were used. A cytosolic
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Figure 6.3: Typical pulsed-FRAP traces (gray) and fit (black) from an unstressed
E. coli cell. The inset shows the confocal image of the cell and the scale bar is 2 µm.
The recording of a confocal image of this size and resolution took ∼ 2.5 s on our
setup and resulted in photo-bleaching of < 10% of the total GFP in the cell. The
diffusion constant for this measurement was 1.8 µm2 s−1 and the photo-bleaching
rate was 3.5 s−1.
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Figure 6.4: Analysis of pulsed-FRAP measurements. The diffusion constant D did
not show any apparent correlation with the photo-bleaching rate B (panel a), the
initial fluorescence (corresponding to the GFP expression level, panel b) and the cell
volume (panel c).
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extract from E. coli cells expressing GFP was isolated and mixed with a concentrated
PEG6000 solution to mimic the high (macro-) molecular crowding inside a cell. The
diffusion constant of GFP in this mixture was measured with f luorescence correlation
spectroscopy (FCS) and was 0.9± 0.3 µm2 s−1, corresponding to a viscosity of ∼ 90
mPa s. The cytosol / PEG6000 mixture was encapsulated into µm-sized liposomes
as described in [225, 226] and pulsed-FRAP measurements were performed. With
pulsed-FRAP measurements, a diffusion constant of 0.4± 0.3 µm2 s−1 (n = 18) was
found (Fig. 6.5) and a photo-bleaching rate of 4.9±2.8 s−1. The diffusion constants
ranged from 0.1 to 0.7 µm2 s−1. The absolute values and spread of the diffusion
constants in these µm-sized liposomes are in reasonable agreement with the estimates
of GFP mobility in the crowded cytosol / PEG6000 solutions, determined by FCS.
Taken together, the spread in the diffusion constants of GFP in the cytoplasm of
E. coli was much larger than can be expected based on the typical error of the
method (Table 6.1). This indicates that the variation of the diffusion constants is
to a large extent due to true variation in the sample. Mobility measurements by
FCS in liposomes (and cells) of only a few µm proved far less accurate than pulsed-
FRAP because of the high degree of photo-bleaching of GFP diffusing in such small
confined spaces (not shown).

As a final control, pulsed-FRAP measurements were performed on cephalexin-
treated cells, ranging in length from 4 to 16 µm. Cephalexin is a β-lactam antibiotic
that inhibits penicillin-binding protein 3 (PBP3) and impairs cell division [227],
resulting in long cell filaments [228] that are more suitable for conventional FRAP
measurements. In cephalexin-treated cells, an average diffusion constant of 9.8±3.6
µm2 s−1 (n = 25) was found. The cephalexin treated-cells were very fragile and
sensitive to osmotic stress (unpublished result) [229, 230] and still formed partial
septa, which might influence the diffusion of proteins in the cytosol. For studying
physiologically relevant parameters related to osmotic stress, the filamentous cells
were not very suited and not used further.

6.4.3 Osmotic stress: moderate upshock

To study the effect of an osmotic upshock on the intracellular diffusion of GFP,
E. coli cells were exposed to increasing concentrations of NaCl. After an osmotic
upshock with NaCl from 0.15 to 0.57 Osm (addition of 250 mM NaCl), the diffusion
constant in the cells decreased from 3.2 to 0.4 µm2 s−1. Although in both cases the
spread in the diffusion constants was broad (Fig. 6.6a and Table 6.1), the difference
was significant (P < 0.025), using a one-sided t test. Treatment with an intermediate
osmolality of 0.37 Osm (addition of 125 mM NaCl) resulted in a diffusion constant of
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Figure 6.5: Pulsed-FRAP measurements in liposomes. A cytosolic fraction from E.
coli cells, expressing GFP, was extracted and mixed 1 : 1 with 400 g PEG6000 kg−1

milli-Q; the final protein concentration was 20 mg ml−1. The diffusion of GFP in this
crowded mixture was 0.9± 0.3 µm2 s−1 and was determined by FCS. The mixture
was encapsulated in ∼ µm-sized liposomes (inset) and pulsed-FRAP measurements
were performed. The distribution of the diffusion coefficients is shown in the main
figure with a bin-width of 0.1 µm2 s−1. The average diffusion was 0.4 µm2 s−1

(n = 18). The inset shows a confocal image of a liposome. The scale bar is 1 µm.
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Table 6.1: Diffusion of GFP in E. coli.

Ca Osmb DGFP
c ranged ne t testf γg

0 0.15 3.2 0.1 – 24 64 25
125 NaCl 0.37 1.8 0.1 – 13 18 44
250 NaCl 0.57 0.4 0.0 – 3.5 18 + 197
500 sorb. 0.62 0.7 0.1 – 5.7 21 + 112
500 sorb. +10 KCl 0.64 2.0 0.2 – 6.8 15 39
500 sorb. +10 KCl + 1 bet. + 1 pro. 0.64 4.0 0.1 – 24 13 20
500 glyc. 0.65 2.3 0.1 – 21 17 34
500 glyc. +10 KCl 0.66 3.1 0.1 – 17 15 25
500 glyc. +10 KCl + 1 bet. + 1 pro. 0.66 3.0 0.2 – 23 15 26

a NaCl, sorbitol (sorb.), glycerol (glyc.), KCl and glycine betaine (bet.) plus proline
(pro.) concentrations in mM.

b Measured osmolality in Osm.
c Diffusion constant of GFP in µm2 s−1.
d Range of the diffusion constants in µm2 s−1.
e Number of measured cells.
f + indicates that the diffusion constant is significantly different from unshocked cells

(C = 0) based on a single-sided t test and P < 0.025.
g Apparent viscosity (γ) of the cytoplasm in mPa s.
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1.8 µm2 s−1 and this was not significantly different (P > 0.2) from unshocked cells.
The medium the unshocked cells were resuspended in had a lower osmolality (0.15
Osm) than the Luria Broth (LB, 0.24 Osm) in which the cells were grown. Next,
we analyzed the GFP mobility in cells washed and resuspended in medium of higher
osmolality (0.47 Osm), consisting of 200 mM (instead of 25 mM) Na-phosphate,
pH 7.0, plus 50 mM of glucose. As anticipated, this resulted in a somewhat lower
diffusion constant of 2.9 µm2 s−1, values ranging from 0.1 to 19 µm2 s−1. The
diffusion constants measured in cells in 0.15 Osm medium osmotically shocked with
500 mM sorbitol to 0.62 Osm are shown in figure 6.6b. Addition of sorbitol resulted
in a significant decrease of the diffusion constants to 0.7 µm2 s−1 (P < 0.025,
one-sided t test), similar to the impact of NaCl stress. The presence of 10 mM of
the osmoprotectant K+ with or without 1 mM proline plus 1 mM glycine betaine,
resulted in (partial) restoration of the mobility and yielded diffusion constants of
2.0 µm2 s−1 for K+ and 4.0 µm2 s−1 for K+ plus glycine betaine and proline, both
not significantly different from unshocked cells. Clearly, the combination of K+

ions plus the organic osmoprotectants [231, 232] restored the diffusive properties of
the cytoplasm to what they were before the osmotic upshock (both with NaCl and
sorbitol as stressing agent). Exposing the cells to hyperosmotic conditions with the
membrane-permeable sugar alcohol glycerol did not alter the diffusion constant of
cytoplasmic GFP (not shown).

6.4.4 Osmotic stress: large upshock

When E. coli was exposed to osmolalities higher than 0.6 Osm (NaCl > 250 mM),
a fraction of the GFP became immobile in ∼ 75% of the cells at 1.32 Osm and
100% of the cells at > 1.84 Osm. To quantify the fraction of immobile GFP, the
percentage of the fluorescence intensity after the pulsed-FRAP measurement was
plotted as a function of distance to the focussed laser beam (Fig. 6.1a, right panel).
Figure 6.7a shows these curves for three typical cells exposed to 0, 250, and 500
mM of NaCl (0.15, 0.57, and 1.32 Osm, respectively), and figure 6.7b shows the
corresponding confocal images. Cells shocked with up to 0.57 Osm showed a uniform
distribution prior and after the measurement, as can be clearly seen from both the
curves (Fig. 6.7a, N and •) and the confocal images (Fig. 6.7b). At 0.57 Osm
and higher osmolalities, plasmolysis was observed, as could be seen from the cells
no longer being ellipsoid shaped (Fig. 6.7b). Cells shocked with higher than 0.57
Osm of NaCl showed no longer a uniform distribution of GFP, and this non-uniform
distribution was stable for > 15 min (Fig. 6.7b). Note that for the cell in figure
6.7b shocked to 1.32 Osm (0.5 M NaCl), roughly half the cell was photo-bleached, a
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Figure 6.6: The effect of osmotic stress on the intracellular diffusion of GFP. (a)
The distribution of cells as a function of the diffusion constant for unstressed cells
at 0.15 Osm (�) and cells stressed with NaCl to 0.37 Osm (•) and 0.57 Osm (N). (b)
The distribution of cells as a function of the diffusion constant for unstressed cells at
0.15 Osm (�), and sorbitol-treated cells at 0.62 Osm, in the absence (•) or presence
of 10 mM KCl (N), or 10 mM KCl plus 1 mM glycine betaine and 1 mM proline
(H). For plotting of the data, the cells were pooled with bin-width log(D1

D2
) = 0.75.
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phenomena that was frequently observed for cells exposed to this high osmolality; in
other cells we observed multiple unbleached spots. Importantly, the photo-bleached
region was broader than can be expected on the basis of the radius of the focussed
laser beam (Airy disk, Fig. 6.7a), indicating that part of the GFP was still mobile
(albeit slowed) but could not freely diffuse through the entire cell.

Figure 6.7: (a) Fluorescence intensity distributions as described in figure 6.1a (right
panel) for three E. coli cells, treated with different NaCl concentrations: 0.15 Osm
(0 M, N), 0.57 Osm (250 mM, •) and 1.32 Osm (500 mM, �). The intensity before
photo-bleaching was set to 100%. The intensity of the focussed laser (Airy disk) is
plotted (solid line). The bin-width (80 nm) was chosen to pool a sufficient number
of image pixels. Since the bin-width is smaller than the diffraction limit, the fluo-
rescence intensity changes gradually within several adjacent bins. (b) The confocal
images corresponding to the curves in panel a, prior (0 s) and 10 s after the pulsed-
FRAP measurement. The non-uniform fluorescence distribution for the cell shocked
to 1.32 Osm (500 mM NaCl) was prevalent for > 15 min. The scale bar is 2 µm.

Figure 6.8a shows the average fluorescence distributions as a function of distance
to the focussed laser beam for ∼ 30 cells, exposed to different salt concentrations.
Clearly, the threshold for the apparent confinement of GFP to discrete pools in the
cell was between 0.57 and 1.32 Osm. For cells shocked with NaCl to 1.32 Osm,
the presence of K+ plus proline and glycine betaine led to almost full restoration of
the mobility and the GFP was uniformly distributed through the cell (Fig. 6.8b).
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Importantly, when cells were transiently (5 min at 37◦C) exposed to 1.32 Osm (500
mM NaCl) and subsequently diluted back to 0.15 Osm, only ∼ 15% displayed a
non-uniform distribution of GFP after photo-bleaching, and the mobility was the
same as in unshocked cells. Decreasing the osmolality back to 0.15 Osm of cells
that were stressed with a higher concentration of salt (1 M NaCl, 2.42 Osm) also
resulted in a similar restoration of the mobility and about 15% of the cells had
discrete pools of GFP. Dilution series of the untreated and osmotically-shocked E.
coli cells were plated on LB agar plates to determine the viability of the cells. For salt
concentrations up to 1.32 Osm, the cells remained fully viable under the conditions
used in this work. For higher concentrations, the viability decreased to 75 ± 10%,
which is in accordance with published data, using similar but not identical media
and stress conditions [220, 233].

Figure 6.8: (a) The average fluorescence distributions as described in figure 6.1a for
∼ 30 cells treated with NaCl. The fractions of cells that did not show a uniform
distribution after photo-bleaching are indicated between the brackets: 0.15 Osm (0
M, �, 0%), 0.37 Osm (125 mM, N, 0%), 0.57 Osm (250 mM, •, ∼ 5%), 1.32 Osm
(500 mM, H, ∼ 75%), 1.84 Osm (750 mM, �, ∼ 100%) and 2.42 Osm (1 M, J, ∼
100%). (b) Unstressed cells at 0.15 Osm (�, 0%) and cells stressed to 1.32 Osm (500
mM NaCl, H, ∼ 75%). The addition of 10 mM KCl (•, ∼ 55%) or 10 mM KCl plus
1 mM glycine betaine and 1 mM proline (N, ∼ 20%) to the osmotically stressed cells
resulted in (partial) restoration of the protein mobility. The bin-width was 180 nm.
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6.5 Discussion

6.5.1 Diffusion in bacterial cells

In this work, we used a combination of continuous photo-bleaching and FRAP to
probe GFP diffusion in the cytoplasm of E. coli. Similar to the published FRAP
studies [218, 219, 220], in our data analysis, we assume that the diffusion of GFP
in the cytoplasm of E. coli obeys the Einstein-Stokes equation. However, diffusion
in complex and crowded media has been reported to be anomalous [234], with the
mean square displacement proportional to tα, with the time factor α < 1. Anom-
alous diffusion arises from interactions of the particle with its medium and has been
observed in both eukaryotic [235, 236] and prokaryotic [237] organisms. In E. coli,
the diffusion of an mRNA-protein particle of ∼ 100 nm has been reported to be
anomalous with α about 0.7. However, as also indicated in [237], α is expected to be
close to 1 for smaller particles such as GFP and the diffusion might be approximated
by Brownian motion. Since there is no data available on anomalous diffusion of pro-
teins in the cytoplasm, we did not incorporate this factor into our model. Because
of this uncertainty, the diffusion constants should be regarded as apparent values,
reflecting the speed of the particles for timescales of ∼ 1 s (time of a laser pulse)
and distances of ∼ 400 nm (full-width at half-maximum). In principle, anomalous
diffusion in the cytoplasm of E. coli can be studied by varying the full-width at
half-maximum of the focussed laser.

Pulsed-FRAP measurements showed that GFP diffused in the cytoplasm of E.
coli cells with an apparent diffusion constant D of 3.2 µm2 s−1 (n = 64) and ranging
from 0.1 to 24 µm2 s−1. D did not correlate with the level of GFP expression
(variation > 10-fold, Fig. 6.4b), contrary to what has been reported by Elowitz et
al. [218]. This might be due to differences in the expression level or the FRAP
method (see below). The measured diffusion constant is much lower than that of
GFP in water (87± 2 µm2 s−1, [238]) and in the cytoplasm of most eukaryotic cells
(27 µm2 s−1 in Chinese hamster ovary cells [217]), which is consistent with the higher
molecular crowding in bacteria. The diffusion constants obtained by pulsed-FRAP
are in good agreement with the whole-cell FRAP measurements, where values of
8.2± 1.3 µm2 s−1 (n = 21, in E. coli MC1061) [218] and 6.2± 2.4 µm2 s−1 (n = 39)
[220] have been observed. Also, in these studies, a broad distribution of the diffusion
constants, ranging from 1 to 15 µm2 s−1, has been reported [218, 220]. Our value also
agrees well with diffusion constants reported in the literature for other proteins in the
E. coli cytoplasm. In cephalexin-elongated cells, a diffusion constant of D = 9.0±2.1
µm2 s−1 (n = 6) has been observed for the 30 kDa TorA-GFP fusion protein [219],
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and D = 2.5 ± 0.6 µm2 s−1 (n = 8) for the 72 kDa cMBP-GFP fusion protein
[218]. By means of FCS, D = 4.6± 0.8 µm2 s−1 has been measured for the 40 kDa
CheY-GFP fusion protein [239].

6.5.2 Osmotic stress in E. coli

Osmotically stressing E. coli cells from 0.15 to 0.6 Osm with NaCl (0.57 Osm, 250
mM) or sorbitol (0.62 Osm, 500 mM) led to a ∼ 10-fold decrease in the intracellular
GFP diffusion constant (Fig. 6.6, Table 6.1). Higher osmolalities resulted in part
of the GFP becoming confined to discrete pools. Sorbitol and NaCl withdraw wa-
ter from the cell [233], thereby increasing the molecular crowding and viscosity and
slowing down the diffusion. Glycerol showed no effect on the intracellular diffusion.
Unlike sorbitol and NaCl, glycerol can rapidly enter the cell by either passive dif-
fusion through the membrane [240] or via aquaglyceroporins, including the glycerol
facilitator GlpF [241], and therefore only transiently withdraws water from the cell
(that is, only shortly after addition of glycerol).

K+ ions, glycine betaine and proline are rapidly accumulated by the cell upon
osmotic shock ([231, 232] for reviews) and thereby preserve the water content of the
cell. The presence of these osmoprotectants increased the mobility of GFP in the
osmotically-stressed cells (Fig. 6.6b and 6.8b). Upon addition of K+ ions in the
absence of glycine betaine and proline, the diffusion constant was not fully restored
and this is in good agreement with the finding that the presence of potassium does
only lead to partial restoration of the water content and cell volume [242]. For osmo-
adaptation of E. coli, the uptake of glycine betaine and proline has priority over the
accumulation of K+ (and synthesis of glutamate and trehalose) as osmoprotectant
[243]. E. coli has been shown to be able to grow over a 100-fold concentration range
of NaCl, from 0.03 Osm (∼ 15 mM) to 3 Osm (∼ 1.5 M) [214]. The growth rate,
however, decreased linearly with salt concentrations above 0.28 Osm (∼ 124 mM
NaCl) [242], and the decreased protein diffusion constant might be an important
parameter for this decline. Owing to the size exclusion principle, the decrease of the
mobility can be expected to be even more pronounced for larger proteins [215].

Cells upshocked with osmolalities higher than 0.6 Osm showed plasmolysis (Fig.
6.7b); the shape of these cells was no longer ellipsoid. In accordance with Konopka et
al. [220], plasmolysing cells showed slowed GFP diffusion but with our experimental
setup it was not possible to quantify the extent of plasmolysis accurately. In fact,
when the cells were osmotically shocked to 1.32 Osm or higher osmolalities, the GFP
was no longer uniformly distributed. GFP (26 kDa, 2.8 nm Stokes radius, see section
6.5.6) became hindered in its diffusion from one end to the other end of the cell (Fig.
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6.8). This non-uniform distribution of GFP was persistent for > 15 min and the
apparent diffusion constant for movement from one pool to another must have been
lower than 0.001 µm2 s−1 (with D ≈ l2/t). Since the region that was photo-bleached
is much broader than the full-width at half-maximum of the laser (Fig. 6.7a and 6.8),
the diffusion of GFP within each pool must still have occurred with a reasonable
rate. This leads to the important conclusion that moderate to severe hyperosmotic
stress leads to compartmentalization of the cytoplasm into pools where the mobility
of the GFP is still relatively high (only ∼ 10-fold lower than in unshocked cells) but
diffusion between pools is essentially absent.

6.5.3 Comparison of methods

The conclusions from this work differ from those of Konopka et al. [220]. It is
therefore of particular importance to compare our approach to measure protein
mobility with the one used in [220] and to evaluate the two data sets. Although
the baseline diffusion is very similar in both studies (D is 3.2 and 6.2 µm2 s−1,
respectively), Konopka et al. report a decrease in GFP mobility of up to three orders
of magnitude (down to 0.01 µm2 s−1) when the osmolality was increased from 0.24
to 0.94 Osm. This may seem contradictory with our findings, where the diffusion
decreased ∼ 10-fold only, and this value was reached already when the osmolality was
increased from 0.15 to 0.57 Osm (Fig. 6.6b). However, these apparent differences
can be rationalised when the two methods are compared.

In the study of Konopka et al. [220], the diffusion of cytoplasmic GFP was
measured by whole-cell FRAP, a method first used by Elowitz et al. [218]. In [220],
a large part of the cell was photo-bleached with a focussed laser (full-width at half-
maximum of 0.9 µm). Subsequently, time series of whole cell fluorescence images
were recorded. These images were then converted to a one-dimensional intensity
distribution, by averaging the fluorescence intensities perpendicular to the cell axis.
The curves obtained were fitted with a model derived from Fick’s diffusion equation.
Because the fluorescence of the whole cell is taken into account, immobile or discrete
pools of GFP (for instance as a consequence of hyperosmotic stress) contribute to the
overall diffusion coefficient. Thus, the (low) diffusion coefficients probably reflect the
presence of both mobile and immobile GFP. With pulsed-FRAP, however, a smaller
part of the cell (in our case, the full-width at half-maximum is ∼ 0.4 µm) is photo-
bleached and the recovery of fluorescence in a discrete region allows heterogeneities
to be observed. By plotting the percentage of fluorescence after the measurement as
a function of distance from the laser beam (Fig. 6.1a, right panel, which is similar
to the conversion of the cell image to the fluorescence intensity curve in [220]), we
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observed photo-bleaching in only a part of the cell. However, the photo-bleached
region was larger than could be expected from the full-width at half-maximum of
the focussed laser beam (Fig. 6.7b). Parts of the cell showed no, or only very
little, photo-bleaching and this non-uniform GFP distribution was prevalent for >

15 min. Therefore in cells shocked with a high osmolality, discrete pools of GFP
must exist. For cells stressed at lower osmolalities (≤ 0.6 Osm), we cannot rule
out the possibility that transient pools of GFP exist, which must then be smaller
than the ∼ 400 nm spatial resolution of the measurements. The large spread of
the diffusion constants might reflect such cytoplasmic heterogeneities. If such pools
would exist, the diffusion between them must be high, since the apparent diffusion
of GFP in the cytoplasm of E. coli at low osmolality was 0.4 – 3.2 µm2 s−1.

In addition to the whole cell image analysis [218, 219, 220], conventional FRAP
measurements were performed on organelles of similar size as a bacterial cell, most
notably mitochondria [243, 244]. In these studies, GFP was photo-bleached by a
focussed laser beam at high intensity. Subsequently, the redistribution of GFP and
GFP fusion proteins in the mitochondrial lumen was monitored using an attenu-
ated probe beam. The half recovery time t 1

2
was taken from the curve, which was

then converted into a diffusion constant by using a complex mathematical model
[244, 245, 246] to account for the orientation and geometry of the mitochondria. In
principle, the diffusion of GFP in bacteria could be measured using a similar ap-
proach. However, it would be difficult to convert t 1

2
to a diffusion coefficient, since

additional photo-bleaching by the attenuated probe beam is relatively high due to
the photo-instability of the bacterial GFP used. Furthermore, due to our small
probe beam diameter (Fig. 6.1a, dotted circle), the assumption of one-dimensional
diffusion cannot be made (as in [218, 219, 220, 244, 245]). Also, in our case, the
orientation and geometric shape of the bacteria is precisely known since the cells
were immobilized on the poly-L-lysine-coated cover glass and a confocal image of
the cell was recorded. Therefore, a numerical approach as described in this study is
preferred over an analytical model. This numerical approach has further advantages
that more complex geometries of the cell and beam profile can be easily taken into
account.

6.5.4 Physiological relevance of slowed diffusion

What causes part of the GFP to become immobile? It has been speculated that the
cytoplasm forms a biopolymer meshwork comprising of the nucleoid with proteins,
RNA, ribosomes and associated water [215], in which protein might get trapped at
high osmotic stress [247]. Aggregation due to chaotropic effects is unlikely, since the
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mobility is restored after diluting osmotically shocked cells back to 0.15 Osm. The
nucleoid consists of the highly compressed genome and associated proteins into one
or two discrete bodies, which occupy about a quarter of the intracellular volume of
the cell (for review [248]). It is tempting to speculate that owing to the hyperosmotic
stress, the cell membrane is pushed against a compacted nucleoid, thereby forming
a barrier in the cell that hinders macromolecule diffusion and results in separated
pools of GFP (Fig. 6.9).

Figure 6.9: Cartoon to illustrate the effect of hyperosmotic stress on the proposed
compartmentalization of the cell. (a) Cell exposed to no or low (up to 0.6 Osm)
osmotic stress. (b) Cell exposed to moderate or severe osmotic stress (> 0.6 Osm).
Under these conditions, the cell membrane is proposed to contact the nucleoid, which
results in a diffusive barrier and discrete pools of GFP.

The maximum decrease of the protein mobility was reached after an increase of
the osmolality from 0.15 to 0.6 Osm (Fig. 6.6a). This observation is in accordance
with measurements of cytoplasmic water, which decreases linearly up to osmolalities
of 1 Osm [212]. At this point, the cytoplasmic water attained a constant value of
0.5 g H2O g−1 cytoplasmic macromolecules, corresponding to the amount of water
‘bound’ to macromolecules [212]. Thus, only a certain amount of water can be
abstracted from the cell (the ‘free, bulk-like’ water) and this leads to the lower
protein mobility. Further addition of salt leads to compartmentalization of GFP,
probably via the formation of diffusive barriers and / or formation of a biopolymer
meshwork [215, 247]. Upon long-term exposure to hyperosmotic stress, the proteins
may ultimately aggregate and cause loss of viability. On the assumption that E. coli
is rod-shaped, we were able to calculate from the confocal images the volume of each
of the cells (Fig. 6.4c). Upon an increase of the osmolality from 0.15 to 0.57 Osm,
the average cell volume decreased from 2.9± 1.3 fl to 1.8± 1.1 fl, in accordance with
[212]. The spread in the cell volumes is relatively large due to variations in cell sizes
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of the bacteria. The decrease in the cell volume was mainly due to changes of the
cell length; the cell diameter was 1.0± 0.3 µm and decreased to 0.9± 0.3 µm upon
an osmotic increase. Higher osmotic upshocks did not result in a significant further
decrease of the cell volume. When cells were shocked for 5 min with up to 2.42 Osm
and subsequently were diluted back to 0.15 Osm, the protein mobility was almost
completely restored and only ∼ 15% of the cells contained an immobile fraction.
Importantly, this number coincided with the viability of the cells, suggesting that
the cells, where the protein diffusion was not restored, were not viable. Osmotically
stressing the cells for longer times is likely to decrease the viability further.

Verkman et al. [249] studied the effects of osmotic shocks on the mobility of low
molecular weight fluorophores such as BCECF (2’,7’-bis-(2-carboxyethyl)-5-(and-
6)-carboxyf luorescein) in eukaryotic fibroblasts. A decrease of the cell volume of
3-fold led to a 6-fold decrease of the diffusion coefficient of BCECF. Since the sizes
of the probes (0.5 kDa for BCECF and 2×26 kDa for dimeric GFP) and the internal
(crowding) conditions [212, 213, 214] in the cells are very different, a comparison of
these data with our work may not be justified.

6.5.5 Variation in diffusion constants

The spread in the diffusion constants was relatively large (Fig. 6.6, Table 6.1), and
is somewhat larger than reported in the literature [218, 219, 220]. This might be
partly attributed to experimental errors and partly to true physiologically relevant
variations. Experiments with a viscous (∼ 90 mPa s, Fig. 6.5) homogeneous mixture
encapsulated into giant liposomes showed that pulsed-FRAP enables to obtain rea-
sonably accurate diffusion constants, with a standard deviation of ∼ 75%. Multiple
measurements on the same position in a bacterial cell confirm this error, which is
probably due to the contribution of out of focus light, the estimation of the cell cross
sectional area and distortions of the laser beam profile. The error of the method,
however, is much smaller than the variation in the data obtained from different bac-
terial cells. The larger variation in diffusion coefficients in the in vivo experiments
must thus be due to true biological variations and possibly the positioning of the
laser beam relative to the nucleoid (see below).

To further compare the accuracy of pulsed-FRAP with whole-cell FRAP [218,
219, 220], GFP diffusion measurements in cephalexin-treated cells were repeated
with pulsed-FRAP. A diffusion constant of 9.8± 3.6 µm2 s−1 was found. This error
is also somewhat larger than reported in the literature (D = 8.2 ± 1.3 µm2 s−1

[218], D = 9.0± 2.1 µm2 s−1 [219]) and this indicates that our method is somewhat
less precise than whole-cell FRAP. With pulsed-FRAP, only fluorescence from the

117



Discussion Protein mobility in E. coli

position of the focussed laser is taken into account (Fig. 6.1b), whereas whole-cell
FRAP uses information from the whole cell [218, 219, 220]. Thus, with pulsed-
FRAP, the diffusion of GFP is measured at a certain position of the cell and only
fluorophores at that position are observed. The cytoplasm is highly heterogeneous,
for instance due to the presence of the nucleoid, and the positioning of the laser
beam relative to nucleoid will be a cause of variation in the diffusion coefficients.
The nucleoid is likely to have different permeability and viscosity properties than
the rest of the cell [248]. It has been reported that the nucleoid affects the diffusion
of mRNA [237]. The packing of the nucleoid is also dependent on the stages of the
cell cycle and could thus affect the intracellular protein mobility [248]. We consider
it unlikely that the spread in diffusion constants in the unstressed cells is caused
by a population of immobile or aggregated GFP, because the initial fluorescence
was spatially uniform (Fig. 6.7b) and no GFP inclusion bodies were observed by
microscopy. Moreover, if GFP ended up in inclusion bodies, the protein would not
be fluorescent [250]. The advantage of pulsed-FRAP over whole-cell FRAP is that
discrete pools of fluorophores can be discriminated. In the future, we aim to use this
feature of pulsed-FRAP to further delineate the cytoplasmic heterogeneity.

6.5.6 Apparent viscosity of the cytoplasm

Assuming a Stokes radius of 3.5 nm for a monodisperse globular protein of 52 kDa
(for dimeric GFP, 2.8 nm for monomeric) [148], the apparent viscosity in the cell
can be calculated with the Einstein-Stokes relationship. However, the Einstein-
Stokes relationship assumes (i) a solution with a constant viscosity and (ii) constant
interactions between the moving particle and the solvent. In a cell, none of these
assumptions are valid, and the calculated viscosity can thus only be regarded as an
indication of the crowdedness inside the cell (Table 6.1). In the cytosol of eukaryotic
cells, assuming a diffusion constant of 27 µm2 s−1 for GFP [217], the apparent
viscosity is 3 mPa s, three times higher than that of water (0.9 mPa s). For E. coli
cells at 0.15 Osm, this value is 25 mPa s (D = 3.2 µm2 s−1). Upon an increase
of the osmolality to 0.57 Osm (D = 0.4 µm2 s−1), this value increases to 197 mPa
s, which is roughly 200 times that of water. Any diffusion-limited processes in the
cell, e.g. reactions requiring macromolecular association-dissociating steps, will be
slowed in such osmotically-stressed cells.

6.5.7 Concluding remarks

This study shows the impact of osmotic stress on the mobility of proteins in the
cytoplasm of E. coli. At a medium osmolality of 0.15 Osm, GFP diffused through
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the cytoplasm of E. coli cells with a diffusion coefficient of D ≈ 3.2 µm2 s−1. Shifting
the cells to a medium of 0.6 Osm resulted in a ∼ 10-fold decrease of the diffusion
coefficient. At higher osmolalities and in the absence of osmoprotectants, discrete
pools of GFP were observed and the diffusion between these pools was very low
(apparent D of < 0.001). By mapping the diffusion at the poles and at the nucleoid,
we may be able to elucidate the diffusional barriers and better understand the impact
of molecular crowding in the cell.

With pulsed-FRAP, the cell size and shape are taken into account and this en-
ables one to measure the diffusion of molecules in small bacterial cells and eukaryotic
organelles that cannot be assessed by means of standard microscopy methods. In
pulsed-FRAP, only a very small fraction of the fluorophore is photo-bleached, allow-
ing multiple measurements to be performed in the same cell. It also enables diffusion
measurements with relatively photo-unstable fluorophores. In the future, we aim to
apply pulsed-FRAP for measurements of diffusion of other biomacromolecules, dif-
fering in size and surface properties, and small fluorophores.
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Chapter 7

Nuclear transport factor

directs localization of protein

synthesis during mitosis

Geert van den Bogaart1, Anne C. Meinema1, Victor V. Krasnikov, Liesbeth M.
Veenhoff, and Bert Poolman2

7.1 Abstract

Export of mRNA from the transcription-site in the nucleus and mRNA targeting to
the translation-site in the cytoplasm are key regulatory mechanisms in protein syn-
thesis. In yeast, the mRNA binding proteins Nab2 and Nab4 accompany transcripts
to their translation site, where the karyopherin Kap104 mediates both their disso-
ciation from the mRNA and their transport back into the nucleus. We found that
Kap104 localized in the distal bud-tip and the bud-neck during cell division, resulting
in localized release of translation competent mRNA and an asymmetric distribution
of translation sites, increasing in a gradient towards the daughter cell. Temporally
and spatially coordinated localization of Kap104 represents a new mechanism for
asymmetric distribution of protein synthesis in dividing cells.

1Both authors contributed equally to this chapter.
2This chapter has been submitted for publication.
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7.2 Introduction

The transport of mRNA from its nuclear transcription site to the translation site
in the cytoplasm is a hallmark of eukaryotic cells. During its maturation, mRNA
is complexed with a changing repertoire of proteins, a fraction of which act co-
transcriptionally. These proteins are involved in modification of mRNA, including 5’-
end capping, splicing, 3’-end cleavage and poly(A) addition, and only fully processed
transcripts are exported from the nucleus [251]. In addition to mRNA processing, a
complex of proteins bound to a single mRNA, called messenger ribonucleoprotein
(mRNP), also regulates the export, targeting, stability and translatability of the
transcript [252, 253, 254, 255, 256]. Trafficking of mRNP to distinct cellular sites is
a common mechanism for ensuring protein synthesis at defined subcellular sites, and
it has been found to regulate cell polarity as well as asymmetry during development
and differentiation in animals, plants and fungi ([257], and references therein).

The transport of molecules between the cytoplasmic and nuclear compartments
occurs through nuclear pore complexes (NPCs) [24, 258] and involves the forma-
tion of a carrier:cargo complex, translocation through the NPC, release of the cargo
molecule at the trans side, and recycling of the carrier. Most nuclear transport in-
volves binding of a carrier of the β-karyopherin superfamily to a nuclear localization
signal (NLS) present on the cargo. In contrast, mRNA export employs a number of
proteins unrelated to karyopherins such as the Mex67:Mtr2 heterodimer [252, 253]
and nuclear poly-adenylated RNA-binding proteins 2 and 4 (Nab2, Nab4, Fig. 7.1).
Nab2 is a human heterogeneous nuclear RNP (hnRNP) related protein that binds
poly(A) RNA with high affinity, as evidenced by its dissociation constant of ∼ 30
nM [259, 260, 261, 262, 263]. Nab2 is essential for mRNA export of a subset of
transcripts, and its absence leads to poly(A) RNA accumulation in the nucleus
[263, 264, 265, 266]. Nab4 / Hrp1 is the yeast protein most similar in sequence to
mammalian hnRNP A1. In addition to being a factor for the export of mRNA,
Nab4 is a component of the cleavage factor I complex [267, 268]. Another abundant
mRNP-component is poly(U) binding protein (Pub1). In the cytoplasm, the bulk of
Nab2 directly interacts with Pub1 and this interaction modulates transcript stability
[269]. Prior to translation, Nab2 and Nab4 are released from the mRNA. The binding
of cytosolic karyopherin Kap104 (Kapβ2 / Trn in metazoans) to the NLSs of Nab2
(rgNLS) and Nab4 might mediate this release [259, 270, 271, 272]. Alternatively,
the release of Nab2 from the mRNA might be mediated solely by the ADP-bound
form of the DEAD-box RNA helicase Dbp5 [263]. After Nab2 and Nab4 release,
the Kap104-cargo complex is imported into the nucleus. Here, RanGTP and RNA
act cooperatively to dissociate both Nab2 and Nab4 from Kap104, likely resulting
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in only a small fraction of Nab2 unbound to mRNA or Kap104 [259].

This chapter describes a new mechanism for targeted protein synthesis in the
daughter cell during cell division in budding yeast. Central to this mechanism is
the cell-cycle dependent subcellular localization of Kap104 to the distal tip and the
bud-neck. We show that during mitosis, Kap104 localizes to the emerging daughter
cell, where it triggers protein translation by releasing mRNA associated proteins.

7.3 Methods

7.3.1 Plasmids and strains

Chromosomal GFP-tagged Nab2 (YGL122C), Nab4 (YOL123W), Pub1 (YNL016W),
Dbp5 (YOR046C) and Kap104 (YBR017C) strains were obtained from Invitrogen
(Carlsbad, CA) and are described in [273]. The Myo4 deletion mutant was obtained
from EUROSCARF (Germany) and is described in [274].

The construct coding for rgNLS-GFP was obtained by removing the PrA frag-
ment from pBT016-Nab2-NLS-GFP-PrA [275], using restriction enzymes HindIII
and XhoI and ligation of the vector after filling in the complementary overhangs with
the Klenow fragment of DNA polymerase I. The construct coding for rgNLS-mCh
was obtained by replacing the GFP coding sequence in pBT016-Nab2-NLS-GFP-
PrA by the mCherry coding sequence and subsequent removal of the PrA fragment.

Figure 7.1: Nab2-mediated export of mRNA. (1) In the nucleus (dashed circle), the
ribonucleoprotein Nab2 (N) binds to mRNA (∼) and this complex is exported to the
cytoplasm. (2) Here, Pub1 (�) interacts with Nab2 and this modulates the stability
of the transcript. (3) Prior to translation (ribosome, •), Dbp5 (�) and / or Kap104
(O) mediate the dissociation of Nab2 from the mRNA. (4) Nab2 is transported back
into the nucleus by Kap104.
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The coding sequence for mCherry was amplified by PCR (primers: 5’-ctgga tc-
cAT GGTGA GCAAG GGCGA GG and 5’-ctgag gaagc ttTTA CTTGT ACAGC
TCGTC CATGC C; uppercase: annealing sequence, lowercase: primer overhang)
from pcDNA3.1-mCherry (Invitrogen) and ligated into the BamHI and HindIII di-
gested vector. The PrA fragment was removed by a HindIII and NheI, digestion.
The rgNLS-TC-GFP reporter was constructed by ligation of hybridized oligonu-
cleotides, specifying the tetracysteine motif (TC, CCPGCC [276]), in the BamHI
site between the rgNLS and the GFP coding sequence of pBT016Nab2NLSGFP.
The hybridized oligonucleotides were 5’-GATCC ATGTT TTTGA ATTGT TGTCC
AGGTT GTTGT ATGGA ACCAA GATCT G and 5’-GATCC AGATC TTGGT
TCCAT ACAAC AACCT GGACA ACAAT TCAAA AACAT G.

The construct coding for xGFP was present on pUG34 [277]. The GFP-cNLS re-
porter, with a tandem version of the SV40 cNLS (PKKKRKV) located C-terminally
of the GFP, was constructed by replacing the Met25 promoter for a Gal1 promoter
and ligating a cNLS in the multiple cloning site. The Gal1 promoter was ampli-
fied from pYes3/CT (Invitrogen) by PCR and ligated into the XbaI and SacI sites
of pUG34 (5’-gcatc tagaG GTTTT TTCTC CTTGA CGTTA AAGTA TAGAG
G and 5’-gcaga gctcA CGGAT TAGAA GCCGC CGAGC). The cNLS was ligated
into the BamHI and EcoRI sites as hybridized oligonucleotides (5’-GATCC CCAAA
AAAGA AGAGA AAGGT AGATC CAAAA AAGAA GAGAA AGGTA GCTAG
CG and 5’-AATTC GCTAG CTACCT TTCTC TTCTT TTTTG GATCT ACCTT
TCTCT TCTTT TTTGG G). The TC-motif was inserted in the GFP-cNLS vector
by site directed mutagenesis (5’-ggatg ttgta tggaa ccaga cgtcT CTAGA ATGTC
TAAAG GTGAA GAATT ATTTA CTGG and 5’-tggac aacaa ttcat aaaca tGGTT
TTTTC TCCTT GACGT TAAAG TATAG AGG).

All experiments were performed in yeast strain BY4742 ([278] MATα his3∆1
leu2∆0 lys2∆0 ura3∆0, Invitrogen), grown in (low fluorescent) synthetic-dropout
medium complete (SDC) with or without histidine, uracil or leucine (pH 5.4; Sigma-
Aldrich, St Louis, MO), supplemented with 2% (w/v) glucose. Expression of the TC-
GFP-cNLS reporter was induced by growing overnight in synthetic dropout medium
without histidine, supplemented with 2% (w/v) raffinose and 0.1% (w/v) galactose
(no glucose).

7.3.2 Microscopy

Microscopy and selective-f luorescence recovery after photo-bleaching (FRAP) were
performed using a laser-scanning confocal microscope, as described elsewhere [21].
Exponentially growing cells were kept in the SDC growth medium at 30◦C and
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immobilized under the microscope using poly-L-lysine coated cover-slides. The dwell-
times of the laser-scanning confocal microscopy were between 0.1 and 0.3 ms and
the pixel-steps were between 30 and 100 nm.

For each of the images, a pixel analysis was used to determine the volumes and
fluorescence intensities of the various cellular compartments (nucleus and cytoplasm,
Fig. 7.2a – c). The volumes were determined from the confocal images (7.2a), using
3-dimensional morphometry, and by assuming that the shape of the cell, the vacuole
and the nucleus is spherical. Using this method, average volumes of 4.3 ± 2.0 fl and
44.3 ± 19.2 fl were obtained for the nucleus and the cytoplasm, respectively. These
volumes differed < 10% from those calculated using more sophisticated topologies
and multiple confocal slices [275, 279]. These intensities were converted into absolute
GFP / mCh concentrations, using the count rate per molecule as estimated from
f luorescence correlation spectroscopy (FCS) measurements on crude cell extracts
(Fig. 7.2d – e). For the conversion, the fluorescence quantum yield in the cell
extract was assumed to be similar to that in the cell. The focal volumes for the
green and red channels of our setup are ∼ 0.2 fl and ∼ 0.45 fl, respectively [13].

7.3.3 Fluorescence in situ hybridization

RNA was stained using f luorescence in situ hybridization (FISH) using a protocol
from http://www.singerlab.org/protocols, adapted from [280]. Briefly, expo-
nential growing cells were fixed with 20% (v/v) formaldehyde and 50% (v/v) acetic
acid for 20 min at room temperature. The cells were three times washed and re-
suspended in ice-cold buffer solution (1.2 M sorbitol, 0.1 M potassium phosphate
buffer, pH 7.5) supplemented with 20 mM vanadyl-ribonucleoside complex, 28 mM
β-mercaptoethanol and 0.06 mg ml−1 phenylmethylsulfonyl fluoride. For sphero-
blasting, 0.1 mg of dried oxalyticase was added and the cells were incubated for 8
min at 30◦C. The spheroblasts were resuspended in buffer solution, pipetted onto
poly-L-lysine coated cover-glasses and incubated 30 min at 4◦C. The buffer solution
was replaced with 70% ethanol and incubated over-night at –20◦C. For the hy-
bridization, the cells were incubated over-night in mounting buffer (300 mM NaCl,
50% formamide, 30 mM Na citrate, pH 7.0) supplemented with 2 mM vanadyl-
ribonucleoside complex, 0.02% BSA, 40 µg E. coli tRNA and 30 ng of the Cy5-
labeled oligonucleotide (λex = 649 nm, λem = 670 nm). Oligonucleotides for the
in situ hybridization were: 5’-Cy5-oligo d(T)21 (Gene Link, Hawthorne, NY) for
staining of polyadenylated mRNA and 5’-(Cy5) CTCCG GTGAA GGTGA AG-
GTG ATGCT ACTTA C (Sigma-Aldrich) for staining of mRNA coding for GFP.
The cells were washed twice with 20-fold diluted mounting buffer at 50◦C prior to
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Figure 7.2: Image analysis to determine the nuclear and cellular volumes and con-
centrations of GFP and mCh. (a) The inset shows a confocal image of a yeast cell
expressing a NLS fused to GFP (image) and a mask overlay (mask). This mask over-
lay was used for the fluorescence quantification and estimation of the cytoplasmic
and nuclear volumes. Scale bar, 5 µm. The main figure presents the distribution of
the fluorescence intensity in the background and vacuole (black), cytoplasm (gray)
and nucleus (white). The peak intensities were used for the determination of the
GFP concentrations, using the average count rate per molecule as determined with
FCS on crude cell extracts (panels d – e), which were 12 µM and 62 µM for the
cytoplasm and nucleus of this cell, respectively. The number of bins was kept at 75
for the various images, with the highest intensity IH in the last bin and a logarithmic
bin-width of log(IH)/75. (b – c) Distributions of the volumes of the nucleus (b) and
the cytoplasm (c) of 1,733 yeast cells and with bin-widths of 0.1 and 1 fl, respec-
tively. (d) FCS measurement (�) and fit (solid line) on a cell-free lysate from yeast
cells expressing GFP. The residuals from the fit are presented in the lower graph
and the fluorescence trace in the inset. The number of particles was 11.5 ± 1.8, the
diffusion constant was 82 ± 14 µm2 s−1 and the count-rate per molecule was 0.75
± 0.08 kHz molecule−1. (e) Same as panel d, but now for a cell-free lysate of mCh.
The number of particles was 5.7 ± 0.9, the diffusion constant was 79 ± 8 µm2 s−1

and the count-rate per molecule was 0.33 ± 0.04 kHz molecule−1.
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the microscopy.

7.3.4 ReAsH-staining of translation sites

The sites of translation were stained following a similar approach as described in [281]
and Fig. 7.3. Cells expressing rgNLS-TC-GFP, rgNLS-GFP or GFP-TC-cNLS in the
exponential phase of growth were harvested by centrifugation (5000 ×g for 2 min)
and concentrated 2 times in SDC supplemented with 100 µg ml−1 cycloheximide.
Following 30 min of incubation at 30◦C, 5 µM of the cell permeable 4,5-Bis(1,3,2-
dithiarsolan-2-yl)-resorufin (ReAsH; Invitrogen) was added and the cell-suspension
was incubated for 1 h at 30◦C in the dark [282, 283]. The cells were washed with
250 µM 2,3-dimercapto-1-propanol and concentrated 10 times in SDC supplemented
with 100 µg ml−1 cycloheximide for imaging.

Figure 7.3: Cartoon of the ReAsH staining of the translation sites, adapted from
[281]. The rgNLS-TC-GFP reporter protein was expressed with the tetracysteine
motif located N-terminal of the GFP. The TC motif can bind specifically to the
non-fluorescent, cell permeable [282], biarsenical labeling reagent ReAsH, thereby
forming a fluorescent complex. The completed rgNLS-TC-GFP protein is imported
into the nucleus. Because the TC domain is translated first, ReAsH can already bind
to the nascent chain while emerging from the ribosome (R). Inhibition of translation
elongation by cycloheximide results in increased ribosome packing of the mRNA and
bright red, punctate ReAsH staining of the sites of translation [281].

7.3.5 Selective-FRAP

Selective-FRAP, also called selective photo-bleaching (reviewed in [16]), was per-
formed to study nucleocytoplasmic transport. For selective-FRAP, a confocal image
of a yeast cell was recorded and the laser was focused in the nucleus for 5 to 10 s,
resulting in partial (∼ 40%) photo-bleaching of the GFP (fused to the rgNLS or full-
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length Nab2). Due to the compact, barrel-like structure of GFP, it is shielded from
the external environment and no damaging effects to the cell are caused by reactive
intermediates generated by photo-bleaching [284]. Because nucleocytoplasmic trans-
port still occurred during this photo-bleaching step, the signal from the cytoplasm
was also reduced approximately 20 – 30%. The NC-ratio, defined as the ratio of the
GFP concentrations in the nucleus and in the cytoplasm, was thus decreased by the
selective photo-bleaching and subsequently recovered to the steady-state NC-ratio
via a net nuclear import. The import of intact GFP was followed by recording a
time-series of images, using the same laser intensity as for photo-bleaching (< 10
µW at the back aperture of the objective). Additional photo-bleaching during the
imaging was less than 3% and was neglected. The evolution of the concentrations
of GFP in the cytoplasm and the nucleus was fitted using a model based on the
assumption that the diffusion of GFP in the cytoplasm and nucleus is much faster
than the import and efflux rates and therefore these rates depend linearly on the
cytoplasmic and nuclear concentrations of GFP. For the concentration change in the
nucleus:

dCN(t)
dt

=
ICC(t)− ECN(t)

A
, (7.1)

where CN(t) and CC(t) are the concentrations of the nucleus and cytoplasm, respec-
tively. I and E are the in- and efflux rates and A = VN, where VN is the volume of
the nucleus. For the concentration change in the cytoplasm, the solution is similar
but now A = −VC, where VC is the volume of the cytoplasm. The analytical solution
of Eqn. 7.1 for CN(t) is given by:

CN(t) = B
CN(0)VN + CC(0)VC

EVC + IVN
+ C

ECN(0) + ICC(0)
EVC + IVN

exp
[
−
(

E

VN
+

I

VC

)
t

]
,

(7.2)
where B = I, C = VC and CN(0) and CC(0) are the initial concentrations of GFP.
For CC(t), the solution is similar, but now B = E and C = −VN.

The rates from Eqn. 7.2 were converted to the turnover of the NPC by assuming
a constant density of 12 NPCs µm−2, as reported in [275]. However, since the NPC
density is known to fluctuate over the cell-cycle [279], this conversion introduces an
error which might partly be the cause for the large variation of the transport rates
among cells. Since the spread of the import and the efflux rates was very broad (0.1
to 10 molecules s−1 NPC−1 µM−1 substrate) and these rates were not parametrically
distributed, we report on the median rates (Table 7.1). We found no effect of the
photo-bleaching of GFP on the viability and growth of the cells.
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Table 7.1: rgNLS and Nab2 nucleocytoplasmic transport rates.

MW
a NCb SEc Id MADI

e Ef MADg
g nh

rgNLS-GFP 33.1 14.3 0.5 2.1 0.68 0.23 0.17 37
xGFP 29.0 1 0.0 1.5 0.5 1.4 0.5 9
Nab2-GFP 87.2 13.1 0.4 < 0.1 n.d.i < 0.01 n.d.i 10

a Molecular weight in kDa.
b Average NC-ratio of the cargo molecule for > 300 cells.
c Standard error of the NC-ratio.
d Import rates in molecules s−1 NPC−1 µM−1 cargo.
e The median absolute deviation (MAD) for the import rates.
f Export rates in molecules s−1 NPC−1 µM−1 cargo.
g The MAD for the export rates.
h Number of measurements.
i Not determined.

7.4 Results

7.4.1 Subcellular Kap104 localization

Because of its function as a nuclear transport factor, Kap104 was expected to be
uniformly distributed in the cytoplasm. We determined the subcellular localization
of a chromosomal, GFP-tagged version of Kap104 of Saccharomyces cerevisiae. Sur-
prisingly, Kap104 accumulated ∼ 10-fold compared to the cytoplasm at the distal
tip of the daughter cell during the early M-phase of the cell-cycle and ∼ 50-fold at
the bud-neck during the late M-phase, i.e. after nuclear division (Fig. 7.4). The
cytoplasmic concentration of Kap104 during the G1-phase (no bud present) was ∼
1 µM (Fig. 7.5a) as determined from the fluorescence intensity, which corresponds
to ∼ 25,000 molecules per cell and agrees with previous data [275]. During the
M-phase, the free cytoplasmic concentration of Kap104 dropped to ∼ 0.5 µM. A
FRAP study indicated that Kap104 was still mobile in the bud-neck with a half
time of recovery (t 1

2
) of 4 to 8 s (Fig. 7.5b). Introduction of a multi-copy plasmid

[275] encoding GFP bearing the NLS from Nab2 (rgNLS-GFP) gave rise to a pop-
ulation of cells containing a variable number of copies of the gene and resulted in
a wide range of expression levels of the reporter (Fig. 7.5c). We used this char-
acteristic to determine if Kap104-binding to the bud-neck / tip and Kap104-cargo
binding are competitive events. Indeed, in cells expressing rgNLS tagged mCherry
[47] (rgNLS-mCh) at cytoplasmic concentrations greater than 5 µM, Kap104-GFP
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was not detectable in the distal tip or bud-neck (Fig. 7.5d). Replacing the rgNLS
with the Kap60/95-targeted SV40 cNLS did not result in Kap104 displacement from
the bud-neck, indicating that the competition was specific for Kap104-cargo.

Figure 7.4: Kap104 localizes to the distal tip and to the bud-neck in the M-phase
of growing yeast. (a) Confocal images of yeast cells expressing chromosomal GFP-
tagged Kap104 (Kap104-GFP, white arrows) and the rgNLS-mCherry reporter ex-
pressed from a plasmid. (b) 4’,6-diamidino-2-phenylindole (DAPI)-stained yeast
cells expressing Kap104-GFP. (c) The Kap104-GFP distribution of the yeast cell
from the inset. The concentration of Kap104-GFP was estimated from the fluores-
cence intensity (Fig. 7.2). Scale bars, 5 µm.

7.4.2 Kap104-mediated nucleocytoplasmic transport

Next, we addressed the nucleocytoplasmic transport of the Kap104-targeted rgNLS-
mCh reporter throughout the cell cycle. We found that the localization of Kap104
to the distal tip and later to the bud-neck coincided with a decrease in Kap104-
mediated accumulation of nuclear rgNLS-mCh relative to cytoplasmic rgNLS-mCh,
the NC-ratio (Fig. 7.6). The total amount of reporter present in a cell remained
approximately the same during the cell-cycle. The NC-ratio of the rgNLS-reporter
results from active import and passive efflux through the NPC [275]. Efflux of this
small (33.1 kDa) reporter is substantial but several fold lower than active import.
The Kap104-mediated nucleocytoplasmic import rate has been reported to be lim-
ited by the karyopherin-cargo association and to depend linearly on the cytoplasmic
concentration of Kap104 [275]. Indeed, upon a typical 2-fold decrease in cytoplasmic
concentration of Kap104 in the M-phase (Fig. 7.5a), we observed a similar decrease
in the Kap104-mediated nucleocytoplasmic import (Fig. 7.5b). At high reporter
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Figure 7.5: Subcellular distribution of Kap104. (a) The cytoplasmic Kap104-GFP
concentration distribution of 124 cells with no apparent bud (G1-phase, �, solid
line) and 89 cells with a bud (S/M-phase, •, dotted line). The autofluorescence
distribution of 106 cells (strain BY4742) is also shown, which accounted for about
2 µM of the estimated Kap104-GFP concentration (N, dashed line). (b) FRAP
experiment where GFP localized in the bud-neck was photo-bleached (white arrow)
and the recovery of GFP was monitored by recording a time-series of images. The
time after photo-bleaching is presented in the figure. The experiment indicates that
Kap104 in the bud-neck diffuses with a t 1

2
of 4 – 8 s. (c) The nuclear concentration

as a function of the cytoplasmic concentration of the rgNLS-GFP reporter for 393
cells. The line is shown solely to indicate the trend. (d) Three cells with different
levels of expression of rgNLS-mCh during the mitosis. The approximate cytoplasmic
concentrations of rgNLS-mCh are 0.13 (left), 1.2 (middle) and 9.7 µM (right); the
experiment shows that rgNLS-mCh can displace Kap104-GFP from the bud-neck.
Scale bars, 5 µm.
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Figure 7.6: Cell division of yeast expressing Kap104-GFP and rgNLS-mCh. (a)
Time series of confocal images of yeast cells expressing chromosomal GFP-tagged
Kap104 (Kap104-GFP, white arrows) and the rgNLS-mCherry reporter expressed
from a plasmid. Scale bar, 5 µm. (b) The NC-ratio’s of the rgNLS-mCh reporter of
the budding cell from panel a. (c) The concentrations of the rgNLS-mCh reporter
in the cytoplasm (�, left axis) and the nucleus (•, right axis) for the budding cell
from panel a.
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concentrations we observed saturation of nucleocytoplasmic import, as is apparent
from a significant negative correlation of the NC-ratio with the expression level of
GFP (Fig. 7.5b). For rgNLS-GFP, the saturation started at a cytoplasmic concen-
tration of ∼ 10 µM, corresponding to a flux of about ∼ 20 molecules s−1 NPC−1 (see
below), which is far below the estimated maximum flux of about 1000 molecules s−1

NPC−1 [285]. It is possible that at these artificially high reporter concentrations,
Kap104 becomes limiting for nucleocytoplasmic import, given that the Kap104 con-
centration is low (∼ 1 µM, Fig. 7.5) and its affinity for the rgNLS is high (Kd = 17
nM [275]).

7.4.3 Subcellular localization of Kap104-cargo Nab2 and Nab4

In addition to the reporter that only contained the rgNLS of Nab2, we studied
the subcellular localization of the full-length Kap104-cargo Nab2. During M-phase,
concentrations of GFP-tagged Nab2 were at least 2-fold lower in the bud than in
the mother cell (Fig. 7.7a – b). It is possible that the real concentration difference
is higher. Quantification was difficult due to low expression levels, resulting in
fluorescence intensities that are close to autofluorescence. Similar observations were
made for chromosomal, GFP-tagged versions of the Kap104-cargo Nab4 and of the
cytoplasmic Nab2 interaction partner Pub1. The lower Nab2 levels in the bud are
not an artifact of the imaging method, because GFP without a NLS (xGFP) and
rgNLS-GFP were distributed approximately equally over mother and bud, and only
the full-length Nab2 protein showed an asymmetric distribution. Also, there was no
apparent correlation between the size of the bud and the ratio of the cytoplasmic
GFP-concentration in the bud relative to the mother cell (Fig. 7.7c), which would
have been the case if the result was an artifact resulting from the diffraction limited
axial resolution. For Nab2-GFP, a significant positive correlation was found between
the cytoplasmic concentration and the asymmetric distribution of Nab2-GFP (Fig.
7.7d). Thus, in cells with a higher cytoplasmic Nab2-GFP concentration, Nab2-GFP
distribution was more asymmetric.

7.4.4 Kinetics of Nab2 nucleocytoplasmic transport

To further elucidate the relationship between Kap104-mediated transport and the
asymmetric distribution of Nab2, we developed a FRAP assay to study nucleocyto-
plasmic transport. Selective-FRAP (reviewed in [16]) is based on the partial (∼ 50%)
photo-bleaching of fluorophores in a cellular compartment, and monitoring the subse-
quent import of non-bleached fluorophores. We modified the assay to quantitatively
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Figure 7.7: Nab2, Nab4 and Pub1 asymmetrically distribute over mother and bud
cell during the mitosis. (a) Confocal images and GFP distributions of yeast cells dur-
ing M-phase and expressing chromosomally GFP-tagged Nab2 (Nab2-GFP), Nab4
(Nab4-GFP) or Pub1 (Pub1-GFP) showing lower cytoplasmic concentrations in the
bud. Cells expressing plasmid-encoded GFP with (rgNLS-GFP) or without (xGFP)
fusion to the rgNLS showed a symmetric distribution over mother and bud. The
graphs show the GFP distributions as indicated by the gray bars in the confocal
images. Scale bars, 5 µm. (b) The average ratio of the concentrations in mother
and bud of chromosomal, GFP-tagged versions of Nab2, Nab4 and Pub1; plasmid
expressed GFP (xGFP) and the rgNLS fused to GFP (rgNLS-GFP) are shown as
controls. For each sample, more than 50 budding cells were analyzed; error bars
indicate the standard error of the mean. (c) The cytoplasmic GFP-concentration in
the bud relative to the mother (DM-ratio) plotted as a function of the size of the bud
relative to that of the mother of cells expressing Nab2-GFP (�, n = 101) and the
rgNLS-GFP reporter (•, n = 91). There was no significant correlation (Spearman’s
rank, P < 0.01) for both datasets, indicating that the asymmetrical distribution is
not an artifact arising from the diffraction limited axial resolution. (d) The DM-ratio
as a function of the cytoplasmic concentration of Nab2-GFP (�) and rgNLS-GFP (•)
in the mother cell. There was a significant negative correlation for Nab2-GFP and
the increase in Kap104-mediated nucleocytoplasmic import paralleled the decrease
in asymmetry of the Nab2 distribution. The rgNLS-GFP reporter concentrations
were similar in mother and bud and no correlation was found. The expression level
of rgNLS-GFP was much broader than that of Nab2-GFP, since the first is expressed
from a multi-copy plasmid, whereas the latter is chromosomally expressed.
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measure nucleocytoplasmic transport in yeast (Fig. 7.8). For Kap104-mediated im-
port of rgNLS-GFP, relaxation typically occurred within 40 s. An import rate of 2.1
s−1 NPC−1 µM−1 substrate was determined; the efflux rate was 0.23 s−1 NPC−1

µM−1 substrate (Fig. 7.8a – b, Table 7.1). In contrast, relaxation of Nab2-GFP to
the steady state NC-ratio did not occur within 10 min after photo-bleaching (Fig.
7.8c – d). Therefore, we were unable to quantify the rates of entry as well as exit
from the nucleus, but they must be more than an order of magnitude lower than
that of the rgNLS-GFP reporter.

Existing literature reports that Nab2 is directly passed on from the mRNA to
Kap104 in the cytoplasm, and vice versa in the nucleus [259, 270, 271, 272]. Tak-
ing into account the fast kinetics of the actual Kap104-mediated import cycle, e.g.
with rgNLS-GFP, this implies that (i) the vast majority of the Nab2-GFP signal
is reflecting Nab2 bound to mRNA and (ii) the relaxation kinetics of Nab2-GFP
are slow because mRNA export / Nab2 efflux and possibly Nab2 release from the
mRNA are slow. Because Nab2 dissociates from the mRNA prior to translation [270]
and because FISH experiments indicated that the mRNA was uniformly distributed
over the mother and daughter cell (Fig. 7.9, [286, 287]), we predicted that the asym-
metric distribution of Nab2-GFP could reflect an asymmetric distribution of mRNA
in the following way: Nab2-bound mRNA is enriched in the mother, whereas the
translation competent mRNA, which passed Nab2 onto Kap104, is enriched in the
bud. To test this hypothesis, we determined the translational activity in live cells.

7.4.5 Localized protein synthesis in the bud

An rgNLS-TC-GFP reporter protein was expressed with the tetracysteine motif
(TC) located N-terminally to the GFP [276]. The TC motif can bind specifically
to the non-fluorescent, cell permeable, biarsenical labeling reagent ReAsH, thereby
forming a fluorescent complex [282, 283]. Fully translated rgNLS-TC-GFP protein
is imported in the nucleus. Because the TC domain is translated first, ReAsH can
already bind to the nascent chain as it emerges from the ribosome. Furthermore,
inhibition of translation elongation by cycloheximide results in an increased ribosome
packing of the mRNA [281]. Indeed, cycloheximide-treatment resulted in specific,
bright red, punctate ReAsH staining primarily located in the bud (Fig. 7.10a). For
cycloheximide-treated cells, the ReAsH signal emerging from the translation sites
was more than 10-fold higher than the signal from the nucleus, where ReAsH was
bound to the mature reporter protein. Replacing the rgNLS with the Kap60/95-
targeted SV40 cNLS showed that the localization was independent of the NLS (Fig.
7.10b). Control experiments without cycloheximide treatment and with the rgNLS-
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Figure 7.8: Selective-FRAP to determine the nucleocytoplasmic transport rates. (a)
Selective-FRAP was used to determine the import and efflux rates of the rgNLS-
GFP reporter through the nuclear pore complex. First, a confocal image of a yeast
cell expressing rgNLS-GFP was recorded and the laser was focused for ∼ 5 – 10 s
on the nucleus. This resulted in the photo-bleaching of part of the GFP located in
the nucleus and the cytoplasm and a deviation from the steady-state NC-ratio. The
relaxation of the NC-ratio due to the net import of intact GFP and the net efflux of
photo-bleached GFP was followed by recording of a time series of images. The left
and right panels show the same images but the offsets are different to enhance the
contrast for the nucleus and the cytoplasm, respectively. (b) The nuclear (•) and
cytoplasmic (�) GFP concentrations from the cell depicted in panel a as a function
of time. The solid lines present a fit with Eqn. 7.2; the import rate was 2.9 molecules
s−1 NPC−1 µM−1 substrate and the efflux rate was 0.2 molecules s−1 NPC−1 µM−1

substrate. (c – d) Same as panels a and b, but now for chromosomally GFP-tagged-
Nab2 (Nab2-GFP). Relaxation did not occur within 10 min. (e – f) Same as panels a
and b, but now for GFP not fused to a NLS (xGFP). This 29 kDa molecule is small
enough to passively diffuse through the NPC [288] and is uniformly distributed over
the nucleus and the cytoplasm (NC-ratio of 1). As both import and efflux follow the
same diffusion mediated process we expect them to be the same, and, indeed, fitting
the concentrations with Eqn. 7.2 (solid lines), resulted in both an import and efflux
rate of 1.3 molecules s−1 NPC−1 µM−1 substrate. The median transport rates for
a large number of cells are presented in Table 7.1. Scale bars, 5 µm.

136



Geert van den Bogaart Discussion

GFP (without tetracysteine domain) were performed (Fig. 7.10c – d). Kap104
still localized to the distal-tip and bud-neck in cycloheximide-treated cells (Fig.
7.10e). Because the temperature sensitive Kap104 mutant [271] did not bud at the
non-permissive temperature, we were unable to verify whether asymmetry of the
translation sites occurs in the absence of functional Kap104.

Recently, it was shown that Dbp5 mediates the dissociation of Nab2 from mRNA
[263]. Interestingly, a substantial fraction of a GFP-tagged version of Dbp5 was
localized to the distal-tip (Fig. 7.10f), and was presumably associated with the
translation sites. Indeed, 40 – 60% of total Dbp5 becomes associated with mRNA-
polyribosome complexes [289]. The mechanism of localized translation is unrelated
to the She-pathway of mRNA-targeting [286, 287], as deletion of the gene for the
Myo4 myosin motor protein [287] does not result in an altered localization of the
translation sites (Fig. 7.10g).

7.5 Discussion

In summary, we have made the following observations: 1) Kap104 is localized in
the distal tip of the daughter cell during early M-phase and to the bud-neck during
late M-phase. 2) This apparent partitioning coincides with a decrease in Kap104-
mediated nucleocytoplasmic uptake and 3) with reduced levels of Nab2 and Nab4
in the bud. 4) Transport kinetics are consistent with the vast majority of Nab2
and Nab4 being associated with mRNPs. 5) During the M-phase, translation of the
transcripts coding for the rgNLS-TC-GFP and TC-GFP-cNLS reporter proteins,
and presumably other proteins, is most prominent in the bud. Based on these data,

Figure 7.9: Subcellular mRNA localization. (a) FISH in cells expressing Nab2-GFP
and treated with polyT-Cy5 indicated symmetric distribution in the mother and
the daughter cell of polyadenylated mRNA. (b) FISH in cells expressing the rgNLS-
GFP reporter and treated with a Cy5-labeled oligonucleotide (αGFP-Cy5) indicated
a symmetric distribution in the mother and the daughter cell of mRNA coding for
rgNLS-GFP. Scale bar, 5 µm.

137



Discussion Kap104 directs localization of protein synthesis

Figure 7.10: Increased translation in the daughter cell. (a) Cycloheximide-treated
cells expressing the rgNLS-GFP reporter with N-terminal tetracysteine (TC) domain
for labeling with ReAsH (rgNLS-TC-GFP). The ReAsH-stained translation sites
were primarily located in the daughter cells (white arrows). (b) Same as panel a,
but now with the SV40 NLS C-terminal to the GFP (TC-GFP-cNLS), instead of the
rgNLS. (c) Same as panel a, but now without cycloheximide-treatment. The bright
red punctate ReAsH-stained sites of translation were less apparent and the signals
for ReAsH and rgNLS-TC-GFP overlapped. (d) Same as panel a, but without the
TC-domain present (rgNLS-GFP). No ReAsH-staining of the nucleus or translation
sites was observed. (e) Kap104-GFP still localizes to the bud-neck in cycloheximide-
treated cells. (f) A substantial fraction of Dbp5-GFP localized to the distal-tip
during M-phase (white arrows), the rest to the nuclear envelope. (g) Same as panel
a, but now using the Myo4 deletion mutant. Scale bar, 5 µm.
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we propose a simple model in which Kap104 is involved in mRNA targeting to the
newly forming daughter cell. During the G1-phase (Fig. 7.11a), Kap104 is uniformly
distributed in the cell and the dissociation of Nab2 and Nab4 from mRNA takes
place throughout the cytoplasm. Furthermore, Kap104 facilitates the translocation
of Nab2 and Nab4 through the NPC. During the early M-phase (Fig. 7.11b), ∼
50% of Kap104 and ∼ 10 – 20% of Dbp5 becomes localized to the distal tip of the
daughter cell. Therefore, dissociation of Nab2 and Nab4 from mRNA will mainly
take place in the bud, and the fast re-import of the Nab-proteins into the nucleus
will result in a decrease of the cytoplasmic concentrations of Nab2 and Nab4 in the
daughter relative to the mother cell. The Kap104 and Dbp5 mediated unloading of
Nab2 and presumably the co-release of translational repressors at the distal tip thus
effectively target translation competent mRNA to the emerging daughter cell.

The position of Kap104 switches to the bud-neck during the late M-phase (Fig.
7.11c). We speculate that this could result in roughly half of the transcripts being
targeted to the daughter and half to the mother cell, despite the fact that during
the cytokinesis, the volume of the daughter cell is ∼ 50% (diameter ∼ 80%) that of
the mother. The distinct localization of Kap104 at the bud-neck might also relate to
its role in cell cycle progression and regulation of mitotic exit [290]. The mechanism
of subcellular Kap104-localization is still unclear, but many kinases involved in cell
cycle progression locate to the bud-neck. Especially interesting is the finding that
Hrr25, a kinase catalyzing a mitotic specific phosphorylation on nucleoporin Nup53,
shows a localization pattern identical to that of Kap104, first the distal tip and later
at the bud-neck [291].

Specific mRNA localization ([257], and references therein) is a crucial step in
the control of local protein synthesis and necessary for establishment of cell-polarity,
asymmetric development and differentiation in higher eukaryotes. Using budding
yeast as a model system, we report a novel mechanism by which cell-cycle dependent
localization of Kap104 effectively organizes the subcellular distribution and localiza-
tion of translation competent mRNA between the mother and emerging daughter
cell.
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Figure 7.11: Model of Kap104-mediated mRNA targeting. Nab2 (•) binds to mRNA
(∼) in the nucleus (dotted line) and this complex is translocated to the cytoplasm,
where Kap104 (�) and / or Dbp5 mediate the dissociation of Nab2 from the mRNA
allowing translation (ribosome associated with mRNA shown). The Kap104-Nab2
complex returns to the nucleus via Ran-driven nucleocytoplasmic transport. Dur-
ing the G1-phase (panel a), Kap104 is uniformly distributed over the cell, and the
dissociation of Nab2 from the transcripts occurs throughout the entire cytoplasm.
During the early M-phase (b), Kap104 (and Dbp5) locates to the distal tip, resulting
in localized Nab2 dissociation (and re-import into the nucleus) and localized mRNA
translation. In late M-phase (c), Kap104 localizes to the bud-neck. We hypothesize
that this localization tunes the distribution of mRNA and associated proteins over
the mother and daughter cell, allowing the daughter cell to mature to full size.
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Chapter 8

General summary,

conclusions and outlook

Geert van den Bogaart

8.1 Abstract

In the previous chapters, the development and applications are described of im-
portant fluorescence-based techniques to measure diffusion of biomolecules. New
insights were obtained on the diffusion of molecules inside cells and cell membranes,
and through protein pores. This section briefly summarizes the most important
findings with emphasis on the techniques used. In addition, a number of recent de-
velopments in fluorescence spectroscopy are discussed and their potential to study
diffusion in biological systems.

8.2 Dual-color fluorescence-burst analysis

Part I of this thesis presents dual-color f luorescence-burst analysis (DCBFA), a
new technique that can be used to determine the functional and structural proper-
ties of membrane pores. DCFBA enables to quantitatively determine the internal
concentration in liposomes of fluorescently-labeled size-marker molecules. DCFBA
allows to study leakage from liposomes and this makes it an excellent technique for
studying membrane pore-forming proteins. Chapter 2 presents the DCFBA method
with emphasize on the technical details.
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In chapter 3 [17], DCFBA was successfully used to determine the effective pore-
size of the mechanosensitive channel of large conductance MscL from Escherichia
coli. Compounds smaller than 6.5 kDa were able to pass through MscL, whereas
larger macromolecules were not. Using the single liposome resolution of DCFBA, we
were able to determine that the reconstitution efficiency of MscL was less than 10%.
Thus, about 90% of the channel must have been lost during the reconstitution and
/ or not functionally incorporated into the liposomes. In addition to reconstitution
efficiencies, the single liposome resolution of DCFBA can be used for many other
applications. One interesting idea is to apply DCFBA to characterize the expression
of fluorescent proteins, using whole bacterial cells, similar to the experiments with
Lactococcus lactis from chapter 4.

In chapter 4 [19], DCFBA was employed to study the pore-forming mechanism
of the antimicrobial peptide melittin from bee venom. It was found that the mecha-
nism of pore-formation by melittin depends on the lipid composition. An interesting
idea is to perform DCFBA experiments with fluorescently labeled antimicrobial pep-
tides, because then the fluorescence intensity will be proportional to the number of
antimicrobial peptides. This would provide information on the stoichiometry of the
pore and how many peptides are needed for pore-formation. Also, in principle, the
kinetics of the pore-formation can be followed by speeding up the data acquisition
by laser-scanning or sample stirring (chapter 2), and this can be used to determine
the life-time of the pores.

In conclusion, DCFBA enables to measure leakage of fluorophores from liposomes
and it can be used as an universal method to study translocation of fluorophore-
labeled (macro-) molecules through membrane pores, expressed in cells or reconsti-
tuted in liposomes. Measurements can be done with a small amount of material
(1 – 10 µg liposomes) and in a few seconds time span, provided the acquisition is
sped up using probe-scanning or sample stirring. Thus, DCFBA allows for medium-
throughput screening of lipid compositions and size-marker molecules. More impor-
tantly, information on the population level of liposomes is obtained and not just
the average extent of leakage. Furthermore, one can distinguish between membrane
fusion / aggregation, membrane lysis and pore formation in a single experiment.
Binding to membrane proteins can also be measured with DCFBA (explained in
chapter 2), and this can be applied to obtain information on the specificity, stoi-
chiometry and cooperativity of these binding reactions. These merits make DCFBA
an important technique to study membrane pores. It can be used not only to ob-
tain structural and functional information on integral membrane channels (chapter
3) and antimicrobial peptides (chapter 4), but also on other membrane active com-
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pounds, such as detergents, drugs (e.g. the anti-malarial drug chloroquine [292]), cell
permeating peptides (e.g. the Tat-peptide from the HIV-virus [293]), and membrane
disrupting peptides (e.g. amyloid-beta that causes Alzheimer’s disease [294]).

8.3 Fluorescence correlation spectroscopy

Part II of this thesis presents diffusion measurements using f luorescence correlation
spectroscopy (FCS) and f luorescence recovery after photo-bleaching (FRAP).

In chapter 5 [21], FCS was used to study the influence of sugar on the lateral
mobility of phospholipids. It was found that sucrose decreased the lateral mobility of
phospholipids more than other sugars did, including trehalose. Molecular dynamics
simulations showed that this was due to more hydrogen bonds between sucrose and
the lipid head-groups compared to trehalose. Thus, the precise molecular interac-
tions between the sugar and the lipids have a large influence on the mobility of the
lipids. This is of particular biological relevance, since living cells contain a dense and
complex mixture of molecules [215]. The many electrostatic and steric interactions
will have a major impact on the diffusion of both soluble and membrane associated
molecules. Indeed, typical diffusion constants of membrane proteins in physiological
membranes are at least 10-fold lower (∼ 0.3 µm2 s−1 in fibroblasts [295]) than in
synthetic membranes (∼ 3 µm2 s−1 [9]), which is due to membrane protein crowding
[295].

The slow diffusion of macromolecules in vivo can result in artifacts in the FCS
measurements, because of photo-bleaching by the focussed laser. In addition, the
presence of fluorescent aggregates, macroscopic motion (e.g. sample movement,
membrane undulations) and the nearby presence of macroscopic stuctures, such
as organelles, pose other difficulties to FCS. FCS measurements on the mobility
of membrane (associated) molecules is especially prone to artifacts, because of their
slow (10 – 100-fold lower) mobility compared to soluble proteins. Recently, a number
of new techniques have been developed to overcome these problems. For instance, by
scanning the focal volume through the sample, either parallel [35] or axial [296, 297]
to the membrane, one reduces the influence of photo-bleaching and increases the
statistical accuracy. Moreover, it makes measurements in undulating membranes
possible. Also, scanning can lead to higher accuracy of the FCS data, since the
scanning speed and frequency can be used for the calibration of the detection volume
[298].

Because of the high crowding and spatial heterogeneities inside the cell, the mo-
bility of macromolecules can vary in place and time. This results in a nonlinear
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relationship of the mean square displacement as a function of time, and this is called
anomalous diffusion [299]. The development of fluorescence microscopy techniques
to measure below the diffraction-limited resolution, using multiple photon excita-
tion or active depopulation from the excited state (stimulated emission depletion,
STED, reviewed in [300, 301]), might be useful to study anomalous diffusion. These
techniques have lateral resolutions as low as 25 nm [302], and might be combined
with FCS to test the extent of the anomalities at very short spatial distances that
cannot be studied with conventional confocal microscopy (∼ 200 nm lateral resolu-
tion). Importantly, the first commercial version of a STED microscope (from Leica,
Wetzlar, Germany) has recently hit the market.

8.4 Fluorescence recovery after photo-bleaching

The effect of high crowding of macromolecules on their mobility is presented in
chapter 6 [22], where a pulsed version of FRAP (pulsed-FRAP) is described to
determine the mobility of GFP in E. coli. In E. coli the crowding of macromolecules
is very high, and the concentration of proteins, DNA and RNA account for ∼ 25
to 30% of the cell volume [214]. The diffusion in bacteria cannot be accessed with
conventional FRAP (see section 1.4), because of their small size (∼ 2 µm for E.
coli), which is close to the diffraction limit of optical microscopy. Because the cell
size and geometry of the bacterial cells are taken into account, pulsed-FRAP allows
to measure diffusion in bacteria. In addition, since only a relatively small fraction
of the fluorophore is photo-bleached, pulsed-FRAP allows multiple measurements in
the same cell. It also enables diffusion measurements with relatively photo-unstable
fluorophores.

In chapter 6, we report that upon an osmotic upshock from 0.15 to 0.6 Osm,
the apparent intracellular diffusion of mobile GFP in E. coli cells decreases from
3.2 to 0.4 µm2 s−1. Exposing E. coli cells to higher osmolalities (> 0.6 Osm) led
to compartmentalization of the GFP into discrete pools, from where the GFP could
not escape. Pulsed-FRAP can be applied for measurements of diffusion of other
biomacromolecules, differing in size and surface properties, and small fluorophores, in
small bacterial cells or eukaryotic organelles. In addition, the fitting model (Eqn. 6.3
– 6.6) might be modified to allow for measurement of lateral mobilities of membrane
associated molecules. The main limitation of pulsed-FRAP is that only fluorescence
from the position of the focussed laser is taken into account. A major improvement
would be to employ a whole-cell approach and combine FRAP with confocal imaging
to use information on the fluorophore content and distribution from the whole cell,
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as was used in [218, 219, 220] and in chapter 7.

Selective-FRAP is a fluorescence-based technique that allows to measure fluo-
rophore mobility between compartments, e.g. organelles [16]. It is based on the
(partial) photo-bleaching of fluorophores in a compartment and subsequent record-
ing of a time-series of images to monitor the net influx of unbleached molecules. In
chapter 7, we describe a quantitative version of selective-FRAP to measure the mo-
bility of GFP-tagged reporter constructs between the nucleus and the cytoplasm in
life yeast cells. Using this method, a new mechanism was found to target protein syn-
thesis to the emerging daughter cell during cell division. Similar to pulsed-FRAP,
the fitting model for selective-FRAP (Eqn. 7.2) can in principle be modified for
studying the transport of membrane proteins between subcellular compartments.

A major problem of FRAP is that photo-bleaching takes place not only dur-
ing the photo-bleaching step, but also during the measurement of the recovery of
the fluorescence. Thus, in the selective-FRAP experiments of chapter 7, a (small)
fraction of GFP was photo-bleached during the confocal imaging of the recovery
time-series. An interesting idea is to use this photo-bleaching during confocal imag-
ing to measure diffusion in the following way: A confocal image is acquired pixel by
pixel, by translating the focal volume in the x and y-directions (perpendicular to
the optical axes), with dwell time td (Fig. 8.1a). Acquiring a confocal image takes
time (td times the number of pixels) and diffusion takes place during this imaging.
Because of diffusion, the photo-bleached fraction is larger at the end of the imag-
ing compared to the beginning of the imaging. Thus, the fluorescence intensity at
the end of the confocal image will be lower than that at the beginning, and this
asymmetry becomes larger if td is increased. Indeed, dividing two images of an E.
coli cell expressing GFP with two different acquisition times td resulted in (slight)
asymmetry (Fig. 8.1b – c). In principle, the diffusion coefficient of GFP inside the
bacteria can be calculated by comparing confocal images with different dwell-times
td, and using a similar computational approach for the data analysis as described in
chapter 6 [22]. Unfortunately, one would like to compare very slow imaging (td ≈ 1
– 10 ms) with very fast imaging (td ≈ 1 – 100 µs, as in [65]) and this is not feasible
with the current microscopy setup in the group. In general, it is often overlooked
that confocal images also contain temporal information [64, 65].

8.5 Concluding remarks

In the first part of this thesis, DCFBA was developed to study diffusion through
membrane pores. In the second part, FCS and FRAP-based techniques were used
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Figure 8.1: Confocal imaging to determine mobility of fluorophores in vivo. (a) A
confocal image is recorded pixel by pixel, by scanning the focal volume in lateral
directions x and y (white arrow, perpendicular to the optical axis) with dwell-time td.
Therefore, a confocal image not only contains spatial but also temporal information,
which can be used to calculate diffusion coefficients by combining it with FCS [64, 65]
of FRAP (panel b). (b) Proof of principle of confocal imaging combined with FRAP.
Two images of an E. coli cell were recorded with different dwell times td: 1 ms (fast)
and 2 ms (slow). Dividing the intensities of each pixel of the two images resulted
in asymmetric ratios, with a gradual decrease from the lower left to the upper right
corner ( slow

fast ). This asymmetry is due to diffusion of the GFP and in principle the
diffusion coefficient can be calculated from these ratios. Scale bar, 2 µm. (c) The
ratio of the intensities as indicated in panel b. The dotted line indicates the gradual
decrease of the ratio.
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to measure diffusion in cells and cell membranes. The work presented in this the-
sis illustrates that fluorescence spectroscopy is an extremely powerful and versatile
tool to probe molecular diffusion in biology, and various approaches can be used
to meet the experimental conditions, such as the concentration of fluorophores and
the spatial goniometry of the system. In the near future, the recent breaking of
the diffraction barrier and the possibilty to image at very high resolution (reviewed
in [300, 301]) might make it possible to determine mobilities at very small spa-
tial scales. In addition, an increasing number of fluorophores is becoming available
with characteristics that make them more suitable for diffusion measurements, i.e.,
fluorophores with an increased quantum yield, photo-stability, solubility and / or
membrane permeability (e.g. [303]). Important is the recent development of photo-
stable, monomeric fluorescent proteins with various spectral properties [304] and of
small fluorophores which can be used to selectively label short protein tags, such as
the tetracysteine tag [281, 282, 283] (used in chapter 7) and the SNAP tag [305].
Lastly, numerous improvements are being made in the electronics, for instance faster
computers and more sensitive detectors. Interesting is the ongoing miniaturization
of the electronics, that enabled to image fluorescence in the hippocampus of freely
moving mouse [306].

In conclusion, fluorescence spectroscopy is a rapidly developing field and becom-
ing increasingly important in biology. Indeed, the number of scientific papers with
‘fluorescence’ as a topic was steadily growing over the last 20 years (Fig. 8.2, �).
The scientific output for other fields of research was also growing during this time,
but this growth is clearly correlated to the stock indexes (Fig. 8.2, Dow Jones index,
solid line). For instance, the number of papers with as topic ‘electron microscopy’
(Fig. 8.2, �) or ‘crystal structure’ (Fig. 8.2, •) was clearly affected by the early
2000s bursting of the technology bubble (dot-com slowdown, see the decrease of the
Dow Jones index). This correlation between the number of papers and the stock
indexes is probably due to the level of research funding: an economic recession leads
to a decrease in research funding which affects the scientific output. Importantly,
the number of papers for ‘fluorescence’ was not affected by the dot-com slowdown,
and showed steady growth between 2000 and 2005. Thus, the field of fluorescence
was maintaining a steady growth even in times of economic slowdown, and this is
probably due to the ongoing technical breakthroughs and new discoveries in this
field. The fact that fluorescence research is relatively insensitive to the state of the
economy illustrates its increasing importance to science.
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Figure 8.2: Scientific output correlates with the state of the economy.
Left axis: the number of articles in the ISI web of Knowledge database
(http://apps.isiknowledge.com/) with ‘fluorescence’ (�), ‘electron microscopy’
(�) or ‘crystal structure’ (•) as a topic. Right axis: daily averages of the Dow Jones
industrial average index. ISI web of Knowledge contains a very broad collection of
scientific literature, including biological, chemical and physical papers.
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Hoofdstuk 9

Nederlandse samenvatting

voor niet-biologen

Geert van den Bogaart

9.1 Introductie

Dit hoofdstuk is voor iedereen van buiten mijn vakgebied die gëınteresseerd is in
mijn promotie-onderzoek, o.a. vrienden en familie. Na een spoedcursus moleculare
biologie, worden de technieken uiteengezet die gebruikt zijn in dit werk. Tot slot geef
ik een overzicht van de belangrijkste ontdekkingen beschreven in dit proefschrift.

9.2 Van organisme naar molecuul

Een levend wezen bestaat uit cellen, of het nu een bacterie, een kerstboom of een
olifant is. Bacteriën bestaan uit slechts één cel; mensen hebben wel honderdbiljoen
(100.000.000.000.000) cellen. Cellen zijn kleine blaasjes (0,001 – 0,1 mm), gevuld
met een hoge concentratie moleculen: o.a. eiwitten, DNA, vetten en suikers. Al
deze moleculen hebben functies: zo is het DNA het erfelijke materiaal en vormen
de vetten de rand van de cel (membranen). Eiwitten (enzymen) zorgen ervoor dat
allerlei processen plaats vinden: het verbranden / opslaan van energie, opbouwen
van nieuwe moleculen en het delen van cellen.

In figuur 9.1 staat als voorbeeld beschreven hoe cellen de neus opbouwen, en hoe
het DNA, de vetten en de eiwitten gerangschikt liggen in deze cellen. De moleculen
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zitten niet stil in de cel, maar bewegen in en tussen de cellen. Hoe dit gebeurt, staat
beschreven in de volgende paragraaf.

9.3 Diffusie

De juiste moleculen moeten elkaar ontmoeten: om vet te verbranden, moeten vet-
moleculen bewegen richting de vet-verwerkende eiwitten in de cellen. Beweging naar,
tussen en in cellen is dus noodzakelijk. Een van de belangrijkste vormen van beweg-
ing is diffusie. Diffusie is passieve, willekeurige beweging van moleculen en wordt
veroorzaakt door warmte (ontdekt door Albert Einstein).

Een voorbeeld van diffusie: als je een theezakje stil in een glas heet water hangt,
zie je een bruine wolk die langzaam groter wordt. Het duurt een paar minuten
voor de theemoleculen zich door het glas verspreid hebben: dit is diffusie. In dit
proefschrift is diffusie in cellen onderzocht door middel van fluorescentie.

9.4 Fluorescentie

Als je een bepaalde kleur licht schijnt op iets fluorescents, licht het op in een andere
kleur. Als je wilt weten of een bankbiljet echt is, kun je het beschijnen met ultraviolet
licht. Sommige vezels in het papier van het bankbiljet lichten dan blauw op: dit is
fluorescentie. Een ander voorbeeld van fluorescentie is de blacklight in de discotheek,
die de fosfaatgroepen doen oplichten in sportsokken / tandglazuur / BH-bandjes.

Fluorescentie is een ontzettend belangrijk hulpmiddel voor de biologie. Weten-
schappers zijn in staat selectief moleculen fluorescent te labelen. Bij een fluores-
centiemicroscoop worden de fluorescente eiwitten in de cellen opgelicht. Zo kan
gekeken worden waar deze moleculen in de cel zitten, hoeveel ervan zijn en hoe snel
zij bewegen (diffusie!). Figuur 9.2 toont een opname van een cel met een fluorescent
eiwit.

9.5 Confocale microscopie

Confocale microscopie is een vorm van fluorescentie microscopie met een veel hogere
resolutie dan een ‘gewone’ microscoop. Bij confocal microscopie worden de fluores-
cente moleculen belicht met een laser. Het licht, dat van de fluorescente moleculen
afkomt, wordt gestuurd naar een scherm met een heel klein gaatje (0,01 – 0,1 mm,
figuur 9.3a). Dit gaatje laat alleen het fluorescente licht door uit een heel klein ge-
biedje; de rest wordt geblokkeerd. Hierdoor meet je in een heel klein gebiedje, van
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Figuur 9.1: De opbouw van de neus. (a) Koningin Beatrix tijdens het voorlezen van
de troonrede. (b) Close-up van haar neus. (c) Uitsnede van de huid van haar neus en
enkele neusharen. (d) De huid bestaat uit dicht op elkaar gepakte huidcellen: kleine
blaasjes met een doorsnede van circa 0,01 mm. (e) Close-up van een cel. Iedere cel
heeft een celkern waarin het erfelijke materiaal (DNA) zit. De vetten vormen de
rand (membraan) van zowel de cel als de kern. (f) Het binnenste van de cel. In de
cel zit een hoge concentratie moleculen, o.a. eiwitten, DNA en vetten.
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ongeveer 0,0000000000000000002 kubieke meter. Dit is groter dan een eiwitmole-
cuul, maar kleiner dan een cel. Door diffusie, bewegen de fluorescente moleculen
door het meetgebied, het aantal dat je ziet verandert dus steeds (figuur 9.3b). De
diffusiesnelheid van de bewegende fluorescente moleculen kan hiermee berekend wor-
den.

9.6 Dit proefschrift

In dit proefschrift is de diffusiesnelheid van fluorescente moleculen gemeten met een
confocale microscoop.

In hoofdstuk 3 is gevonden dat bepaalde eiwitten 0,000003 mm grote tunnels
vormen in de vetrand van de cel. Kleine eiwitten kunnen door deze tunnels heen.
Dit heeft mogelijke toepassingen, zoals nieuwe toedieningsvormen van medicijnen.

In hoofdstuk 4 is het anti-bacteriële mechanisme van melittine opgehelderd.
Melittine is verreweg het meest voorkomende bestandsdeel van bijengif. Melittine is
een potentiele nieuwe antibiotica, omdat het bacteriecellen lek maakt en doodt.

In hoofdstuk 5 is ontdekt dat de diffusie van vetmoleculen in de vetrand sterk
afhangt van de aanwezigheid van suikermoleculen. De interactie tussen vetmoleculen
en suikermoleculen is belangrijk voor o.a. het invriezen en drogen van voedsel, zaden,
spermacellen, etc.

In hoofdstuk 6 is gemeten hoe snel diffusie is van eiwitten in bacteriecellen. Dit

Figuur 9.2: Een zenuwcel met fluorescente eiwitten. De sterke vertakkingen dienen
voor de interactie met andere (zenuw)cellen (figuur van Wadsworth Center of Health,
NY, http://www.wadsworth.org).

158



Geert van den Bogaart Dankwoord

helpt hun hoge groeisnelheid te verklaren: E. coli -een darmbacterie uit onze poep
waarvan je heel erg ziek kan worden- deelt iedere 20 minuten!

In hoofdstuk 7 is een nieuw mechanisme ontdekt voor gelokaliseerde productie
van eiwitten tijdens de celdeling. Dit helpt begrijpen hoe de ene cel een levercel
wordt en de volgende een neushaarcel. Ook schept het inzicht waarom sommige
cellen verkeerd delen en gevaarlijke kankercellen vormen.

9.7 Dankwoord

Ik bedank mijn vrouw, C.M. van den Bogaart, en mijn broer, J. van den Bogaart,
voor hun aanbevelingen en correcties.

Figuur 9.3: Confocale microscoop. (a) De laser wordt gestraald door de lens op het
object (bijv. een cel). Het licht, dat van de fluorescente moleculen afkomt, wordt
door een filter gescheiden van het laserlicht. Een tweede lens straalt dit licht door
een scherm met een klein gaatje. Het licht wordt opgevangen door een detector. De
detector is verbonden met een computer. (b) Door de laser en het scherm worden
alleen moleculen in het ei-vormige meetgebied waargenomen. De gemeten fluores-
centie verandert steeds door diffusie van moleculen door het meetgebied (gestippelde
pijlen).
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